


Direct Microbial Conversion of Biomass  
to Advanced Biofuels



        

This page intentionally left blank



Direct Microbial Conversion  
of Biomass to Advanced Biofuels

Edited by

Michael E. Himmel
Biosciences Center, National Renewable Energy Laboratory (NREL), Golden, CO, USA

AMSTERDAM • BOSTON • HEIDELBERG • LONDON • NEW YORK • OXFORD  
PARIS • SAN DIEGO • SAN FRANCISCO • SINGAPORE • SYDNEY • TOKYO



Elsevier
Radarweg 29, PO Box 211, 1000 AE Amsterdam, Netherlands
The Boulevard, Langford Lane, Kidlington, Oxford OX5 1GB, UK
225 Wyman Street, Waltham, MA 02451, USA

Copyright © 2015 Elsevier B.V. All rights reserved.

No part of this publication may be reproduced or transmitted in any form or by any means,
electronic or mechanical, including photocopying, recording, or any information storage and
retrieval system, without permission in writing from the publisher. Details on how to seek
permission, further information about the Publisher’s permissions policies and our arrangements
with organizations such as the Copyright Clearance Center and the Copyright Licensing Agency,
can be found at our website: www.elsevier.com/permissions.

This book and the individual contributions contained in it are protected under copyright by the
Publisher (other than as may be noted herein).

Notices
Knowledge and best practice in this field are constantly changing. As new research and experience broaden our 
understanding, changes in research methods, professional practices, or medical treatment may become necessary.

Practitioners and researchers must always rely on their own experience and knowledge in evaluating and using any 
information, methods, compounds, or experiments described herein. In using such information or methods they 
should be mindful of their own safety and the safety of others, including parties for whom they have a professional 
responsibility.

To the fullest extent of the law, neither the Publisher nor the authors, contributors, or editors, assume any liability 
for any injury and/or damage to persons or property as a matter of products liability, negligence or otherwise, or 
from any use or operation of any methods, products, instructions, or ideas contained in the material herein.

ISBN: 978-0-444-59592-8

British Library Cataloguing in Publication Data
A catalogue record for this book is available from the British Library

Library of Congress Cataloging-in-Publication Data
A catalog record for this book is available from the Library of Congress

For information on all Elsevier publications 
visit our website at http://store.elsevier.com/

http://www.elsevier.com/permissions
http://store.elsevier.com/


v

Contents

Contributors..................................................................................................... xiii
Foreword..........................................................................................................xvii

Part 1:	Direct Microbial Conversion of Biomass to Advanced Biofuels.............. 1

Chapter 1:	� Feedstock Engineering and Biomass Pretreatments: New Views  
for a Greener Biofuels Process...............................................................3

Feedstock Engineering Aiming to Provide More Pretreatable  
and Digestable Biomass................................................................................................ 3
In Planta Engineering for Reduced Recalcitrance Traits.............................................. 5
Mild and Green Pretreatments of Biomass for Lower Toxicity  
in Lignocellulosic Hydrolysates and Solid Residues.................................................... 7
A New Concept of Tailored Chemoprocessing for Individual Microorganisms........... 8
Building Unified Chemobiomass Databases and Libraries of Chemicals..................... 9
Conclusions................................................................................................................. 10
Acknowledgments....................................................................................................... 11
References................................................................................................................... 11

Chapter 2:	Hydrocarbon Biosynthesis in Microorganisms........................................13
Introduction................................................................................................................. 13
Microbiology and Hydrocarbon Products................................................................... 14
Enzymes and Mechanisms of Hydrocarbon Biosynthesis.......................................... 15

Ole-Catalyzed Synthesis of Long-Chain Olefins......................................................15
The Chemistry of the Ole Gene Products.................................................................18
OleA..........................................................................................................................19
OleD..........................................................................................................................24
OleC..........................................................................................................................25
OleB..........................................................................................................................25

Aldehyde Deformylating Oxygenase (Formerly Decarbonylase)............................... 26
Alpha Olefins via Cytochrome P450........................................................................... 27
Alpha Olefins via a Polyketide-Type Pathway............................................................ 28
Conclusions................................................................................................................. 28
References................................................................................................................... 29



vi  Contents

Chapter 3:	Perspectives on Process Analysis for Advanced Biofuel Production...........33
Introduction................................................................................................................. 33

Overview of Process Analysis...................................................................................34
Aerobic Bioprocess..................................................................................................... 39

Process Design Details..............................................................................................39
Aerobic Bioprocess Discussion................................................................................... 46
Anaerobic Bioprocess................................................................................................. 48

Process Design Details..............................................................................................48
Anaerobic Bioprocess Discussion.............................................................................50

Consolidated Bioprocessing........................................................................................ 52
Process Design Details..............................................................................................52
CBP Discussion........................................................................................................53

Data Gaps, Uncertainties, and Research Needs.......................................................... 55
Conclusion................................................................................................................... 56
Acknowledgment......................................................................................................... 57
References................................................................................................................... 57

Part 2:	Biomass Structure and Recalcitrance............................................... 61

Chapter 4:	� Tailoring Plant Cell Wall Composition and Architecture  
for Conversion to Liquid Hydrocarbon Biofuels......................................63

Biomass Feedstocks are Already an Abundant Resource............................................ 64
Chemical Structure and Physical Properties of Lignocellulosic Biomass.................. 64
Biochemical, Chemical and Pyrolytic Conversion Pathways Provide  
Alternative Routes to Fuels......................................................................................... 66
Tailoring Biomass for Downstream Conversion Processes......................................... 68
Adding Value to Plant Biomass Through Modification of Lignin.............................. 69
Redesigning Cellulose Microfibrils for Ease of Disassembly..................................... 72
Modification of Accessory Proteins for Altering Cellulose Microfibril Structure...... 73
Modifying Xylan Composition and Architecture in the Interstitial Space.................. 73
Modulating Gene Expression Networks to Alter Lignin and Carbohydrate  
Composition and Architecture..................................................................................... 75
Conclusions................................................................................................................. 76
References................................................................................................................... 76

Chapter 5:	Processive Cellulases..........................................................................83
Acknowledgments....................................................................................................... 88
References................................................................................................................... 88

Chapter 6:	� Bacterial AA10 Lytic Polysaccharide Monooxygenases Enhance  
the Hydrolytic Degradation of Recalcitrant Substrates...........................91

Substrate Recalcitrance and Cellulase Mixtures......................................................... 91
Lytic Polysaccharide Monooxygenases...................................................................... 97
Conclusion................................................................................................................. 106
Acknowledgments..................................................................................................... 107
References................................................................................................................. 107



Contents  vii

Chapter 7:	 New Insights into Microbial Strategies for Biomass Conversion.............111
Introduction............................................................................................................... 111
Distinct Enzyme Synergy Paradigms in Cellulolytic Microorganisms..................... 112

Free Enzyme Systems.............................................................................................112
Self-Assembling, Highly Aggregated Enzyme Systems.........................................116
Multifunctional Enzyme Systems...........................................................................117

New Cellulose Digestion Strategies Promoting Interspecies Synergism.................. 118
Cellulose Deconstruction by Cellulosomes: An Efficient and  
Complementary Deconstruction Mechanism..........................................................119
The Hyperthermophilic Cellulase from Caldicellulosiruptor bescii CelA  
Degrades Cellulose by Several Complementary Mechanisms................................120

Future Perspective..................................................................................................... 121
Acknowledgments..................................................................................................... 125
References................................................................................................................. 125

Chapter 8:	New Paradigms for Engineering Plant Cell Wall Degrading Enzymes.....129
Introduction............................................................................................................... 129
Engineering of Single Enzymes................................................................................ 131
Cellulosome Engineering.......................................................................................... 132

Mini-Cellulosomes..................................................................................................132
Designer Cellulosomes...........................................................................................134
Cellulosome-Inspired Complexes...........................................................................136

Multifunctional Enzyme Design............................................................................... 137
Cell Wall-Anchored Paradigms................................................................................. 139
Reflections and Perspectives..................................................................................... 141
Acknowledgments..................................................................................................... 144
References................................................................................................................. 144

Part 3:	Fuels from Fungi and Yeast.......................................................... 151

Chapter 9:	Expression of Fungal Hydrolases in Saccharomyces cerevisiae.............153
Introduction............................................................................................................... 153
Cellulose and Hemicellulose Structure and Hydrolysis............................................ 154
Expression of Fungal Cellulases in Saccharomyces cerevisiae................................ 157
Expression of Xylan Hydrolases in Saccharomyces cerevisiae................................ 163
Expression of Mannan Hydrolases in Saccharomyces cerevisiae............................. 167
Discussion................................................................................................................. 168
References................................................................................................................. 169

Chapter 10:	� Identification of Genetic Targets to Improve Lignocellulosic  
Hydrocarbon Production in Trichoderma reesei Using Public  
Genomic and Transcriptomic Datasets..............................................177

Background............................................................................................................... 177
Materials and Methods.............................................................................................. 179

Trichoderma reesei Protein Function Annotation and Pathway Reconstruction.......179
Trichoderma reesei Microarray and RNA Sequencing Dataset Collection  
and Transcriptomic Analyses..................................................................................179



viii  Contents

Results and Discussions............................................................................................ 181
Identify Target Genes for Metabolic Engineering by Genomic Metabolic  
Pathway Analysis....................................................................................................181
Identify Target Genes for Metabolic Engineering by Transcriptomic Analysis........184
Investigate Transcriptional Regulators....................................................................188
Identify Promoters with Different Strength for Metabolic Engineering.................189

Conclusions and Perspectives................................................................................... 191
Acknowledgment....................................................................................................... 192
References................................................................................................................. 192

Chapter 11:	 Production of Ethanol from Engineered Trichoderma reesei..............197
Introduction............................................................................................................... 197
Trichoderma reesei Produce Ethanol from Biomass Sugars..................................... 198
The pH during Fermentation Affects Ethanol Yield.................................................. 199
Sugar Used during Growth Phase Affects Xylose Fermentation.............................. 200
Direct Conversion of Cellulose to Ethanol................................................................ 201
Enhancing Ethanol Synthesis by Metabolic Engineering......................................... 203
Discussion................................................................................................................. 204
Acknowledgment....................................................................................................... 206
References................................................................................................................. 206

Chapter 12:	� Remaining Challenges in the Metabolic Engineering of Yeasts  
for Biofuels...................................................................................209

Introduction—Yeasts as the Catalyst for Biomass Consumption and Biofuel  
Production................................................................................................................. 209
Metabolic Engineering—An Overview..................................................................... 211
Enzyme and Pathway Engineering............................................................................ 212
Gene Expression Engineering................................................................................... 214
Engineering the Metabolic Network—Classical Strain Engineering  
and Systems Biology................................................................................................. 215
Computational Tools—Predictive Models for Metabolic Engineering..................... 216
Beyond Glucose........................................................................................................ 216
Beyond Bioethanol.................................................................................................... 221
Beyond Current Capability........................................................................................ 223
Beyond Saccharomyces cerevisiae............................................................................ 225
Beyond Current Yield, Titers, and Production Rates................................................. 227
Conclusion................................................................................................................. 229
References................................................................................................................. 230

Part 4:	Fuels from Bacteria..................................................................... 239

Chapter 13:	 New Tools for the Genetic Modification of Industrial Clostridia...........241
Introduction............................................................................................................... 241
Transfer of Exogenous Genetic Material.................................................................. 242

Electroporation........................................................................................................243
Conjugation.............................................................................................................243
Restriction-Modification Systems...........................................................................244



Contents  ix

Clostridial Vector Systems........................................................................................ 245
Forward Genetics by Random Mutagenesis.............................................................. 250

Random Mutagenesis by Chemical and Physical Mutagens..................................251
Random Mutagenesis by Biological Mutagens......................................................252

Reverse Genetics....................................................................................................... 256
Recombination-Independent Methods (Group II Introns)......................................256
Recombination-Based Methods (Allelic Exchange)...............................................260

Other Advanced Genetic Tools.................................................................................. 269
Counter (Negative) Selection Markers....................................................................269
Inducible Gene Expression.....................................................................................272

Conclusion................................................................................................................. 275
Acknowledgments..................................................................................................... 276
References................................................................................................................. 276

Chapter 14:	� Outlook for the Production of Butanol from Cellulolytic Strains  
of Clostridia.................................................................................291

Introduction............................................................................................................... 291
Cellulolytic Clostridia and the Cellulosome............................................................. 291

Clostridium thermocellum......................................................................................292
Clostridium cellulolyticum......................................................................................293
Other Cellulolytic Hosts.........................................................................................293

Microbial n-Butanol- and Isobutanol-Producing Pathways...................................... 294
Microbial n-Butanol Pathways...............................................................................294
Microbial Isobutanol Pathways...............................................................................298

Progress toward Butanol CBP in Cellulolytic Clostridia.......................................... 301
Isobutanol CBP in Clostridium cellulolyticum.......................................................301
Toward Isobutanol CBP in Clostridium thermocellum...........................................302
Clostridium acetobutylicum Cellulosome Development........................................302

Conclusions............................................................................................................... 302
Acknowledgment....................................................................................................... 303
References................................................................................................................. 303

Chapter 15:	� Influence of Particle Size on Direct Microbial Conversion of  
Hot Water-Pretreated Poplar by Clostridium thermocellum.............307

Introduction............................................................................................................... 307
Materials and Methods.............................................................................................. 308

Microorganism and Fermentations.........................................................................308
Substrate..................................................................................................................308
Compositional Analysis..........................................................................................309
Digestion Assay and Analysis.................................................................................309
X-Ray Diffraction Measurements...........................................................................310
Growth Studies........................................................................................................310
Nitrogen Analysis for Carbon:Nitrogen Ratio........................................................311

Results....................................................................................................................... 311
Optimizing Growth Media for C. thermocellum Growth on Cellobiose,  
Avicel, and Poplar...................................................................................................311
Particle Size Comparison (Poplar vs Avicel)..........................................................313



x  Contents

Conclusion................................................................................................................. 317
Acknowledgments..................................................................................................... 318
References................................................................................................................. 318

Chapter 16:	� Clostridium thermocellum: Engineered for the Production  
of Bioethanol.................................................................................321

Biotechnological Interest in Clostridium thermocellum........................................... 321
C. thermocellum Characteristics............................................................................... 321
Ecology and Isolates.................................................................................................. 322
Physiology, Metabolism, and Ethanol Tolerance...................................................... 323
Genome Sequences................................................................................................... 325
Transcriptomics and Proteomics............................................................................... 327
C. thermocellum Genetic Tools and Metabolic Engineering..................................... 328
Outlook...................................................................................................................... 330
Acknowledgment....................................................................................................... 330
References................................................................................................................. 330

Chapter 17:	� Omics Approaches for Designing Biofuel Producing Cocultures  
for Enhanced Microbial Conversion of Lignocellulosic Substrates.........335

Introduction............................................................................................................... 335
Synergistic Cocultures for Fermentation of Lignocellulosic Substrates................... 336
Predicting Synergistic Cocultures............................................................................. 337

Taking Advantage of “Omics” to Understand Microbial Complementarity...........337
Complementarity in Glycoside Hydrolases and Hydrolysis of Complex  
Substrates................................................................................................................338
Carbohydrate Utilization in Firmicutes..................................................................344
Nutrient Complementation in Cellulolytic Cocultures...........................................347
Regulation of Microbial Interactions: Quorum Sensing.........................................355

Conclusions............................................................................................................... 358
References................................................................................................................. 359

Chapter 18:	� Engineering Synthetic Microbial Consortia for Consolidated  
Bioprocessing of Lignocellulosic Biomass into Valuable Fuels  
and Chemicals...............................................................................365

Introduction............................................................................................................... 365
Engineering Single Microorganisms to Enable CBP................................................ 367
Engineered Synthetic Microbial Consortia for CBP................................................. 369

Synthetic Consortia of Saccharification and Fermentation Specialists...................369
Other Synthetic Microbial Consortia for CBP........................................................372

Emerging Methods for Designing and Regulating Synthetic Microbial  
Consortia................................................................................................................... 373

Synthetic Cell–Cell Signaling.................................................................................374
Synthetic Ecologies.................................................................................................375
Elucidation for Engineering....................................................................................378

Concluding Remarks................................................................................................. 379
References................................................................................................................. 379



Contents  xi

Chapter 19:	� A Route from Biomass to Hydrocarbons via Depolymerization  
and Decarboxylation of Microbially Produced Polyhydroxybutyrate......383

Introduction............................................................................................................... 383
Experimental Section................................................................................................ 386

Chemicals and Catalysts.........................................................................................386
Stainless Steel Tube Reactor...................................................................................386
Gas Analysis............................................................................................................387
PHB Analysis..........................................................................................................387
Microbial Production of PHB.................................................................................388

Results and Discussion.............................................................................................. 388
Thermal Decarboxylation of Crotonic Acid...........................................................388
Thermal Depolymerization and Decarboxylation of Commercial PHB.................389
Microbial Production of PHB.................................................................................389
Thermal Depolymerization and Decarboxylation of PHB Containing  
Bacterial Cells.........................................................................................................392

Conclusions............................................................................................................... 392
Acknowledgment....................................................................................................... 393
References................................................................................................................. 393

Index...............................................................................................................395



        

This page intentionally left blank



xiii

Contributors

Hal S. Alper  Department of Chemical Engineering, The University of Texas at Austin, Austin,  
Texas, USA; Institute for Cellular and Molecular Biology, The University of Texas at Austin,  
Austin, Texas, USA

Edward A. Bayer  Department of Biological Chemistry, The Weizmann Institute of Science,  
Rehovot, Israel

Mary J. Biddy  National Bioenergy Center, National Renewable Energy Laboratory (NREL), Golden, 
CO, USA

Yannick J. Bomble  Biosciences Center, National Renewable Energy Laboratory (NREL),  
Golden, CO, USA

Steven D. Brown  Biosciences Division, Oak Ridge National Laboratory, Oak Ridge, TN, USA;  
BioEnergy Science Center, Oak Ridge National Laboratory, Oak Ridge, TN, USA; Bredesen  
Center for Interdisciplinary Research and Graduate Education, University of Tennessee, Knoxville, 
TN, USA

Roman Brunecky  Biosciences Center, National Renewable Energy Laboratory (NREL),  
Golden, CO, USA

Nicholas C. Carpita  Purdue University, Botany and Plant Pathology, West Lafayette, IN, USA

Ryan E. Davis  National Bioenergy Center, National Renewable Energy Laboratory (NREL), Golden,  
CO, USA

R. den Haan  Department of Biotechnology, University of the Western Cape, Bellville, South Africa

Bryon S. Donohoe  Biosciences Center, National Renewable Energy Laboratory (NREL),  
Golden, CO, USA

Christopher K. Dugard  Purdue University, Botany and Plant Pathology, West Lafayette, IN, USA

Muhammad Ehsaan  Clostridia Research Group, Centre for Biomolecular Sciences, BBSRC  
Sustainable Bioenergy Centre, Nottingham Digestive Diseases Centre NIHR Biomedical Research 
Unit, School of Life Sciences, University of Nottingham, University Park, Nottingham, UK

Adam M. Guss  Biosciences Division, Oak Ridge National Laboratory, Oak Ridge, TN, USA;  
BioEnergy Science Center, Oak Ridge National Laboratory, Oak Ridge, TN, USA; Bredesen Center  
for Interdisciplinary Research and Graduate Education, University of Tennessee, Knoxville, TN, USA

Michael E. Himmel  Biosciences Center, National Renewable Energy Laboratory (NREL),  
Golden, CO, USA

Sarah E. Hobdey  Biosciences Center, National Renewable Energy Laboratory (NREL),  
Golden, CO, USA

Rumana Islam  Department of Biosystems Engineering, University of Manitoba, Winnipeg MB, 
Canada



xiv  Contributors

David K. Johnson  Biosciences Center, National Renewable Energy Laboratory (NREL), Golden, 
CO, USA

Katalin Kovács  Clostridia Research Group, Centre for Biomolecular Sciences, BBSRC Sustainable 
Bioenergy Centre, Nottingham Digestive Diseases Centre NIHR Biomedical Research Unit, School of 
Life Sciences, University of Nottingham, University Park, Nottingham, UK

Nathan Kruer-Zerhusen  Department of Molecular Biology and Genetics, Cornell University, 
Ithaca, NY, USA

Wouter Kuit  Clostridia Research Group, Centre for Biomolecular Sciences, BBSRC Sustainable 
Bioenergy Centre, Nottingham Digestive Diseases Centre NIHR Biomedical Research Unit, School of 
Life Sciences, University of Nottingham, University Park, Nottingham, UK

D.C. la Grange  Department of Biochemistry, Microbiology and Biotechnology, University of  
Limpopo, Sovenga, South Africa

Sadhana Lal  Department of Biosystems Engineering, University of Manitoba, Winnipeg MB, 
Canada

Sun-Mi Lee  Department of Chemical Engineering, The University of Texas at Austin, Austin, Texas, 
USA; Clean Energy Research Center, Korea Institute of Science and Technology, Seongbuk-gu, Korea

David B. Levin  Department of Biosystems Engineering, University of Manitoba, Winnipeg MB, Canada

James C. Liao  Department of Chemical and Biomolecular Engineering, University of California, 
Los Angeles, California, USA

Xiaoxia N. Lin  Department of Chemical Engineering, University of Michigan, Ann Arbor, MI, USA

Maureen C. McCann  Purdue University, Biological Sciences, West Lafayette, IN, USA

Nigel P. Minton  Clostridia Research Group, Centre for Biomolecular Sciences, BBSRC Sustainable 
Bioenergy Centre, Nottingham Digestive Diseases Centre NIHR Biomedical Research Unit, School of 
Life Sciences, University of Nottingham, University Park, Nottingham, UK

Jeremy J. Minty  Department of Chemical Engineering, University of Michigan, Ann Arbor,  
MI, USA

Ashutosh Mittal  Biosciences Center, National Renewable Energy Laboratory (NREL),  
Golden, CO, USA

Luc Moens  National Bioenergy Center, National Renewable Energy Laboratory (NREL), Golden, 
CO, USA

Sarah Moraïs  Department of Biological Chemistry, The Weizmann Institute of Science,  
Rehovot, Israel

Riffat Munir  Department of Biosystems Engineering, University of Manitoba, Winnipeg MB, Canada

Jessica Olstad  National Bioenergy Center, National Renewable Energy Laboratory (NREL), Golden,  
CO, USA

Bryan W. Penning  Purdue University, Biological Sciences, West Lafayette, IN, USA

Heidi Pilath  National Bioenergy Center, National Renewable Energy Laboratory (NREL), Golden, 
CO, USA

Umesh Ramachandran  Department of Biosystems Engineering, University of Manitoba, Winnipeg 
MB, Canada

S.H. Rose  Department of Microbiology, University of Stellenbosch, Stellenbosch, South Africa



Contributors  xv

Kyle B. Sander  Biosciences Division, Oak Ridge National Laboratory, Oak Ridge, TN, USA;  
BioEnergy Science Center, Oak Ridge National Laboratory, Oak Ridge, TN, USA; Bredesen  
Center for Interdisciplinary Research and Graduate Education, University of Tennessee, Knoxville, 
TN, USA

Christopher J. Scarlata  National Bioenergy Center, National Renewable Energy Laboratory 
(NREL), Golden, CO, USA

John Schellenberg  Department of Microbiology, University of Manitoba, Winnipeg MB, Canada

Katrin Schwarz  Clostridia Research Group, Centre for Biomolecular Sciences, BBSRC Sustainable 
Bioenergy Centre, Nottingham Digestive Diseases Centre NIHR Biomedical Research Unit, School of 
Life Sciences, University of Nottingham, University Park, Nottingham, UK

Arjun Singh  National Bioenergy Center, National Renewable Energy Laboratory (NREL),  
Golden, CO, USA

Richard Sparling  Department of Microbiology, University of Manitoba, Winnipeg MB, Canada

Jennifer L. Takasumi  Department of Chemical and Biomolecular Engineering, University of  
California, Los Angeles, California, USA

Eric C.D. Tan  National Bioenergy Center, National Renewable Energy Laboratory (NREL), Golden,  
CO, USA

Ling Tao  National Bioenergy Center, National Renewable Energy Laboratory (NREL), Golden, CO, 
USA

Melvin P. Tucker  National Bioenergy Center, National Renewable Energy Laboratory (NREL), 
Golden,  CO, USA

W.H. van Zyl  Department of Microbiology, University of Stellenbosch, Stellenbosch, South Africa

Tobin J. Verbeke  Department of Microbiology, University of Manitoba, Winnipeg MB, Canada

Todd B. Vinzant  Biosciences Center, National Renewable Energy Laboratory (NREL),  
Golden, CO, USA

Lawrence P. Wackett  Department of Biochemistry, Molecular Biology and Biophysics, University 
of Minnesota, Minneapolis, MN, USA

Wei Wang  Biosciences Center, National Renewable Energy Laboratory (NREL), Golden, CO, USA

Hui Wei  Biosciences Center, National Renewable Energy Laboratory (NREL), Golden, CO, USA

Carrie M. Wilmot  Department of Biochemistry, Molecular Biology and Biophysics, University of 
Minnesota, Minneapolis, MN, USA

David B. Wilson  Department of Molecular Biology and Genetics, Cornell University, Ithaca,  
NY, USA

Klaus Winzer  Clostridia Research Group, Centre for Biomolecular Sciences, BBSRC Sustainable 
Bioenergy Centre, Nottingham Digestive Diseases Centre NIHR Biomedical Research Unit, School of 
Life Sciences, University of Nottingham, University Park, Nottingham, UK

Edward J. Wolfrum  National Bioenergy Center, National Renewable Energy Laboratory (NREL), 
Golden, CO, USA

Chia-Wei Wu  Biosciences Division, Oak Ridge National Laboratory, Oak Ridge, TN, USA

Qi Xu  Biosciences Center, National Renewable Energy Laboratory (NREL), Golden,  
CO, USA



xvi  Contributors

Shihui Yang  National Bioenergy Center, National Renewable Energy Laboratory (NREL), 
Golden, CO, USA

John M. Yarbrough  Biosciences Center, National Renewable Energy Laboratory (NREL),  
Golden, CO, USA

Eric M. Young  Department of Chemical Engineering, The University of Texas at Austin, Austin, 
Texas, USA

Min Zhang  National Bioenergy Center, National Renewable Energy Laboratory (NREL), 
Golden, CO, USA

Ying Zhang  Clostridia Research Group, Centre for Biomolecular Sciences, BBSRC Sustainable 
Bioenergy Centre, Nottingham Digestive Diseases Centre NIHR Biomedical Research Unit,  
School of Life Sciences, University of Nottingham, University Park, Nottingham, UK



xvii

Foreword

The outlook for affordable next-generation or advanced fuels from biomass is as complex 
and multidimensional as are the possible routes for its attainment. Advanced biofuel is 
defined as follows by the Cornell University Law School’s Legal Information Institute: “The 
term ‘advanced biofuel’ means fuel derived from renewable biomass other than corn kernel 
starch.” Direct microbial conversion (DMC), also referred to as consolidated bioprocessing, 
is a promising biomass processing strategy originally introduced by Professor L. Lynd 
(Dartmouth College) because it reduces process complexity and energy input requirements 
compared with classical simultaneous saccharification and fermentation. Although a powerful 
strategy, DMC is currently limited by three key process engineering and scientific considerations: 
(1) the titers of biomass-degrading enzymes produced by aerobic, non-naturally cellulolytic 
DMC microorganisms have not yet reached that of dedicated enzyme production hosts; (2) 
aerobic DMC production pathways, required primarily for high-yield biosynthesis of  
hydrocarbons and lipids, may be difficult to economically scale up to large volumes  
(e.g., >1 ML aerobic bioreactors) because of challenging gas–liquid mass transfer requirements 
at such scales; and (3) metabolic pathways in anaerobic, naturally cellulolytic DMC 
microbes are not optimized for fuel production. For example, it is not known if for DMC 
processes cellulase titers must rival the ultra-high levels obtainable by dedicated enzyme 
production strains. One envisioned process scheme for a DMC-capable fungus or yeast 
would be a high volumetric inoculation into an aerobic culture containing biomass slurry to 
produce sufficient hydrolytic enzymes, followed by forced anaerobiosis for fermentation of 
the biomass sugars to ethanol or related products. Another DMC process scheme envisions 
large-scale anaerobic cultures of primarily cellulolytic thermophiles engineered to produce 
ethanol or butanol at economically relevant titers. Moreover, to date, highly reduced,  
deoxygenated products requiring cellular respiration (Krebs cycle) for their production have 
been produced only in modest titers and scales; challenges also remain in economically 
recovering such products.

To outline the current state of the art, this book is composed of three sections. First, over-
views of the benefits from consolidated fermentations are discussed in the context of green 
processes (Wei et al., Chapter 1), followed by a detailed review of microbial hydrocarbon 
production (Wackett et al., Chapter 2) and then by a technoeconomic analysis of advanced 
biofuels production (Scarlata et al., Chapter 3). In the second section, Biomass Structure 
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and Recalcitrance, the outlook for engineering biomass for advanced fuels production is 
presented (McCann et al., Chapter 4), which sets the stage for four reviews highlighting 
recent advances in understanding and engineering improved cellulase enzymes (Wilson, 
Kruer-Zerhusen, and Wilson; Hobdey et al., and Morais et al., Chapters 5–8, respectively).  
In the third section, Fuels from Fungi and Yeast, van Zyl et al. review advances in engineering  
cellulase production in yeast (Chapter 9), followed by Chapters by Yang et al. and Xu et al., 
Chapters 10 and 11, respectively, discussing the suitability of the cellulolytic fungus, Tricho-
derma reesei, as a DMC host. In Chapter 12 by Lee et al., metabolic engineering challenges 
for yeasts are presented. In the final section, Fuels from Bacteria, Schwarz et al. (Chapter 13) 
discuss in considerable detail the recent development and outlook for new tools for  
genetic manipulation of Clostridia. On a related topic, Takasumi and Liao present the outlook 
specifically for butanol production from cellulolytic Clostridia in Chapter 14. Yarbrough et al. 
(Chapter 15) next report the effects of particle size on DMC of poplar wood by Clostridium 
thermocellum, followed by a review from Brown et al. regarding the metabolic pathway 
engineering required for DMC to ethanol by C. thermocellum (Chapter 16). The next two 
chapters describe the challenges and potential solutions for advanced fuels production using 
co-cultures, first from an “omics” perspective (Levin et al., Chapter 17) and then from a 
pathway engineering and fermentation model point of view (Minty et al., Chapter 18).  
A novel route to hydrocarbons via chemical synthesis from microbially produced  
polyhydroxybutyrate closes the book (Chapter 19).

The editor thanks the authors for their contributions, as well as the Department of Energy 
(DOE) Bioenergy Technologies Office and the DOE Office of Biological and Environmental 
Research through the BioEnergy Science Center for research support. I also acknowledge 
Peter Ciesielski (National Renewable Energy Laboratory) for the original art used for the 
cover of this book.

Michael E. Himmel
Biosciences Center, National Renewable Energy  

Laboratory (NREL), Golden, CO, USA
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CHAPTER 1

Feedstock Engineering and Biomass 
Pretreatments: New Views for a Greener 
Biofuels Process
Hui Wei1, Wei Wang1, Melvin P. Tucker2, Michael E. Himmel1, Roman Brunecky1

1Biosciences Center, National Renewable Energy Laboratory (NREL), Golden, CO, USA;  
2National Bioenergy Center, National Renewable Energy Laboratory (NREL), Golden, CO, USA

Feedstock Engineering Aiming to Provide More Pretreatable 
and Digestable Biomass

Throughout this book, authors discuss microbial processing technologies for biomass conversion 
to fuels and chemicals as well as challenges and opportunities for biomass production. Concepts 
regarding green technologies have not been emphasized. In general, a green process is defined 
as a production process with the lowest consumption of resources while also avoiding or 
minimizing the use and generation of chemicals hazardous to the environment.1,2

Note that the use of colors to describe this terminology is not restricted to the case of biomass 
conversion. In fact, because of today’s communication needs with the media, government, and 
the public, color-coding has been used to distinguish different topics in biotechnology. 
Whereas green biotechnology refers to technologies applied to Agri-food processes, other 
colors are used to describe the application to marine and aquatic processes (blue 
biotechnology), medical processes (red biotechnology), and general industrial processes 
(white biotechnology), respectively.3–5 Of note, the principles of the above-mentioned green 
process and green chemistry are important for effective, “sound-bite” style communication to 
the public and the government necessary for raising their awareness and rallying their support.

The aforementioned definition of green processes prompts us to propose that the green 
biofuels process should include at least the following components:
 
	1.	� “Green production” of feedstocks, with low consumption of water, fertilizer, and energy 

and yet generating biomass with maximal pretreatability and digestibility.
	2.	� “Green pretreatment” of biomass, with low energy consumption, little or no use of 

hazardous chemicals, and no generation of hazardous waste.
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Feedstock engineering is an integral part of the green biofuels process. The goal of feedstock 
engineering is to generate novel bioenergy crops to produce biomass with traits designed for easier 
downstream processing of biomass during pretreatment and/or digestion steps in a bioconversion 
process (Figure 1). Traditional methods for introducing exogenous enzymes to biomass particles, 
as used today in simultaneous saccharification and fermentation (SSF) processes are limited by 
multilength scale diffusion barriers, from the level of the biomass chip to the cellular structure of 
the plant cell wall. There are multiple macroscale and microscale factors believed to contribute to 
the recalcitrance of lignocellulosic feedstocks to thermochemical pretreatment and subsequent 
enzymatic saccharification. On the gross anatomical level, macroscale factors include plant 
structural effects, such as the epidermal tissue protecting the plant stem, the arrangement and 
density of the vascular bundles in cell walls, and the relative amount of sclerenchymatous (thick 
wall) plant tissues. On a microscale, important factors include the degree of lignification as well as 
the structural heterogeneity and complexity of cell-wall constituents, such as cellulose microfibrils 
and matrixing polymers, including the hemicelluloses and pectins. In the context of the 
biorefinery, these chemical and structural features of biomass affect liquid penetration and/or 
enzyme accessibility and activity and ultimately, conversion costs.6

The current state of the art for the biofuels industry relies on multiple processing steps to 
achieve the conversion of lignocellulosic biomass to a liquid fuel, such as but not limited to 

Figure 1
Scheme of project flow for integrating feedstock engineering and chemical/microbial processes that 

enable more efficient biomass conversion to biofuels.
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ethanol. Each processing step also has a cost-per-gallon fuel cost associated with it. The two 
primary processing steps under consideration today—thermochemical pretreatment and the 
enzymatic conversion—are significant contributors to the overall minimum selling price of 
biofuels and can be affected by reduced recalcitrance plant technology.7–9

These two bottlenecks for cost-effective conversion are detailed in a 2009 report that states, 
“In order to further reduce costs, process improvements must be made in several areas, 
including pretreatment, enzymatic hydrolysis, and fermentation.”7 Furthermore, in their very 
recent article, Klein-Marcuschamer et al. stated, “Analysis shows that, in general, the vast 
majority of the literature to date has significantly underestimated the contribution of enzyme 
costs to biofuel production.”9 This highlights the sensitivity of the current industry to enzyme 
and pretreatment costs, and although there have been significant advances in enzyme 
technology over the years, the cost of enzymes remains a key issue and the cost of 
pretreatment remains high.

In Planta Engineering for Reduced Recalcitrance Traits

To date, no recombinant plant technology with reduced recalcitrance traits is utilized by 
the biofuels industry on a commercial scale. However, there have been early attempts to 
reduce the enzyme costs associated with a biorefinery. The primary idea has been to 
express large amounts of glycoside hydrolase (GH) enzymes in planta, thus shifting the 
cost of enzyme production from expensive fungal sources, which is the current method of 
production, to a cheaper, plant biofactory model in which the enzymes necessary for 
enzymatic deconstruction are expressed within the plants themselves.10–12 Although an 
interesting approach thus far, it has not met with commercial success and remains 
problematic in several senses. For example, the large amounts of enzymes required place 
metabolic burdens on the plant and require additional inputs of nitrogenous fertilizers. 
Furthermore, it is logical that expression of large amounts of highly active plant 
deconstructing enzymes is deleterious to plant health and is a critical consideration when 
expressing active GHs in planta. In addition, from a process prospective, this approach 
incurs additional capital and operating costs by adding the very expensive extra processing 
steps of having to first extract the GH enzymes from the “plant factories” intact and active 
and then add them back in at a later step.

A recent workaround to the problems of expressing large amounts of GH enzymes is to use 
GH enzymes that are expressed in planta in an inactive form using intein self-excising 
elements in an attempt to avoid negative effects from the heterologous GH enzymes. In this 
case, enzymes are not extracted from the plant tissue, as in the previous approach. Rather, 
after the plant is fully grown and senesced, a low-temperature and low-pressure pretreatment 
from which the enzymes can survive is used. Pretreatment then “activates” the enzymes 
utilizing various “intein-trigger” mechanisms, which then deconstruct the plant.13
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Another promising example of reduced recalcitrance technology is to utilize plants that express 
low levels of GH enzymes that are expressed and targeted to cell walls during plant growth and 
development. Brunecky et al. demonstrated a 15% reduction in the recalcitrance of corn stover 
and tobacco plants by expressing the thermostable endoglucanse E1 in planta at very low 
enzyme titers (ng cellulase/mg tissue) in the wall.14 This approach provided significant 
improvements in the digestibility of the engineered plants, and by utilizing very low levels of 
expressed cellulase, no negative phenotypes were observed in the growing plants.

Another recent direction in feedstock research is the demonstration that modifying or reducing 
the level of lignin in the plant also reduces pretreatment requirements. By altering the lignin 
content and composition by independently targeting multiple steps of the lignin pathway, it was 
shown that lignin content in alfalfa is inversely related to recalcitrance.15 By targeting caffeic acid 
O-methyltransferase (COMT), it was possible to improve cell-wall enzymatic saccharification 
efficiency without a reduction in postharvest biomass yield in switchgrass,16 and this technology 
has been extended to target transcriptional regulators of the lignin pathway (PvMYB4, Panicum 
virgatum MYB4) with even greater reductions in recalcitrance.17 The COMT lines are already in 
commercial field trials, and both the COMT and MYB4 lines have been shown to possess 
reduced recalcitrance and support enhanced ethanol yields at reduced enzyme loadings. Note that 
in general, ‘classical’ MYB (myeloblastosis) transcription factors are involved in the control of 
the cell cycle in higher eukaryotes, whereas plant MYB transcription factors can be involved in 
many aspects of plant secondary metabolism, as well as cell morphogenesis or cell fate.

Chen et al. have reported that various modifications to the lignin biosynthesis pathway in the 
model crop alfalfa yielded on the order of 20–40% improvements in enzymatic hydrolysis 
efficiency after a mild acid pretreatment, and perhaps a 5% improvement in sugar release 
improvement using only a mild acid pretreatment.15 Some of these lignin modifications have 
also been reported in bioenergy crops; in their recent paper, Fu et al. showed that compared 
with control plants, transgenic switchgrass with COMT downregulation showed significant 
increases in saccharification efficiency with or without mild acid pretreatment.16 They showed 
that the transgenic plants had a 16.5–21.5% increase in saccharification efficiency with mild 
pretreatment and a 29.2–38.3% increase without any pretreatment.

Furthermore, in a traditional SSF fermentation scheme, these plants yielded 30–38% more 
ethanol by SSF compared with control plants. Overexpression of the MYB4 lignin repressor in 
switchgrass gives even greater reductions in recalcitrance.17 Given that the approaches utilize 
unique and distinct mechanisms of action, we believe that in the future expressing GHs in a 
COMT-switchgrass-deficient plant should result in a significant improvement in saccharification 
efficiency, even when assuming that these effects are nonsynergistic. However, it is well known 
that delignification of biomass is highly synergistic with our proposed combination of GH 
expression and lignin modification; thus, the actual improvement may be higher.18

Therefore, we support the notion that the introduction of reduced recalcitrance feedstocks 
would have a transformational, not incremental, effect on reducing the overall costs of the 
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bioconversion of lignocellulosic feedstocks. A key advantage of this solution is that it is a 
downstream drop-in fit for current and proposed future bio-based fuel production processes, 
requiring only minimal changes to plant design and operating procedures.

Mild and Green Pretreatments of Biomass for Lower Toxicity 
in Lignocellulosic Hydrolysates and Solid Residues

Current pretreatment technologies are designed to achieve the highest yield of fermentable 
substrates (including simple sugars) from biomass. To achieve this goal, the so-called 
pretreatment severity factor, based on treatment pH, temperature, and reaction time, is tailored 
to the process objectives.19,20 For example, most pretreatment schemes strive to improve 
substrate “accessibility,” now known to be a key factor affecting substrate–enzyme 
interactions.21–26 Going forward, another goal of pretreatment technology will be to improve 
substrate fractionation, depending upon the needs of new process designs. In addition to 
producing fermentable substrates, most pretreatment processes today also generate 
compounds inhibitory or toxic to fermentative organisms. These compounds are generally the 
products of sugar and lignin degradation that include furfural, hydroxymethyl furfural, soluble 
phenolics, and a host of sugar-lignin condensation products that are not fully characterized.27

Another dilemma is that the higher severity of pretreatments will also result in a higher extent 
of degradation of sugars that inhibit the downstream enzymatic hydrolysis and fermentation 
steps. Therefore, there is a delicate balance in controlling the pretreatment conditions between 
maximizing the sugar yield and minimizing the sugar degradation and inhibitory compound 
formation. Therefore, from the standpoint of toxicity mitigation and cost, a mild and 
environmentally benign pretreatment process would be a promising future improvement.

One approach to developing a mild, yet effective pretreatment technology is by designing the 
optimized pretreatment reactor vessels for this goal. From recent work, it is clear that more 
insights into the effects of reactor design related to biomass digestibility are needed.28 For 
example, we reported that corn stover, acid-pretreated under the same severity but in three 
different types of reactors (i.e., ZipperClave, Steam gun, and Horizontal reactor), exhibited 
different enzymatic digestibility. The corn stover pretreated in the Horizontal reactor and Steam 
gun achieved much higher enzymatic digestions, 95% and 88% cellulose converted to glucose, 
respectively, after 96 h, compared with 69% for the ZipperClave pretreated sample. Among the 
chemical and physical characteristics examined, particle size varied the most among the three 
treated samples. The Horizontal reactor treated sample produced the smallest particle size 
distribution, which is directly related to cellulose conversion. Microscopic analysis showed a 
more delaminated and defibrillated structure for pretreated samples from the Horizontal 
reactor, which was likely due to the shearing effect of the reactor’s internal screws. This study 
indicates that reactor designs that augment the thermal and chemical energy applied to the 
pretreatment of biomass with mechanical energy can substantially aid in overcoming the 
recalcitrance of biomass through the breakdown of the physical structure of the plant cell wall. 
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These results also support results from previous research showing that increasing substrate 
accessibility is critical to increasing the efficiency of enzymatic hydrolysis.

Given the aforementioned results, we conclude that it is possible to produce a highly 
digestible substrate at moderate chemical pretreatment severities by utilizing appropriate 
reactor design. For example, recalcitrance can be reduced by integrating an accessory 
mechanical stage into the reactor, which will increase cell wall delamination and 
defibrillation. An example of this approach is the integrated mild alkali pretreatment and 
mechanical refining process proposed recently by National Renewable Energy Laboratory 
researchers.29 The digestibility of the feedstock generated using this process was comparable 
to that generated by a dilute-acid pretreatment process at higher severity.

In addition to the favorable digestibility of the feedstock, a great advantage of a green 
pretreatment process is that it is environmentally friendly and microorganism-benign. The use 
of high concentrations of chemicals in pretreatment processes leads to the corrosion of the 
reactors, lines, and/or pumps and the additional economic burdens of chemical recycling or 
disposal. Usage of high concentrations of acids and bases also leads to high process water 
salinity, increasing the overall plant water requirement. Milder pretreatments may also 
somewhat mitigate the generation of toxic compounds from biomass.

A New Concept of Tailored Chemoprocessing for Individual 
Microorganisms

It is known that different pretreatment processes generate various toxic compounds and that 
biofuel-producing microorganisms have various levels of tolerance to these inhibitory compounds. 
Matching the reaction design with the appropriate conversion microorganism is an obvious 
opportunity that is made more attractive by modern microbial genetic engineering. Here, we 
propose the concept of tailored chemoprocessing (TCP) using platform industrial microorganisms.

There are two layers of compatibility between pretreatments and individual microorganisms:
 
	1.	� The first layer is the carbohydrate compatibility between the array of simple sugars that 

pretreatments generate and the set of sugars that microorganisms can utilize. This should 
be a straightforward analysis to perform using modern computational methods.

	2.	� The second layer of compatibility between pretreatments and individual microorganisms 
is the toxicity aspect. A simplified example is that if a strain is not sensitive to phenolic 
compounds, then an alkaline pretreatment process could be a good viable match. 
However, to better match toxicity parameters between pretreatments and microorganisms, 
a more rational strategy is required.

One particular approach we emphasize is to replace the existing chemical(s) used in 
pretreatment with chemicals that have similar effectiveness during pretreatment but display 
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lower inhibition in downstream enzymatic hydrolysis or lower toxicity to microbial growth. 
The assumption is that different chemicals within the same category may have similar 
function in targeting plant cell-wall components and cleaving certain chemical linkage bonds, 
but they vary in the level of toxicity to downstream microbial fermentation. For example, a 
recent review compiles a list of halotolerant cellulases produced by Bacillus sp. and 
Martelella mediter-ranea that are enhanced by some metal ions, such as Fe2+ and Cu2+, but 
inhibited by other metal ions, such as Cd2+ and Co2+.30 These results suggest that compared 
with Cd2+ and Co2+, Fe2+ and Cu2+ are more suitable for use in dilute-acid/metal co-catalyzed 
biomass pretreatments,31,32 which will better match the downstream conversion of biomass to 
fuels using microorganisms that produce enzymes with similar metal ion sensitivity profiles.

Building Unified Chemobiomass Databases and Libraries of Chemicals

There are currently multiple public databases available related to plant cell wall-related genes 
and proteins; biomass chemical compositions; and the chemical reactions, interactions, and 
processes of general chemicals (Table 1). Among them, the databases available for plant cell 
wall proteins and biomass-degrading enzymes—mainly Carbohydrate-Active enZymes 
(CAZy)—are useful sources for identifying candidate genes and proteins for the 
aforementioned feedstock engineering research aimed at providing more pretreatable and 
digestible biomass feeding into greener conversion processes.

Other than the two “generic” databases listed in Table 1 as well as the Chemical Thesaurus reaction 
chemistry database and the Ionic Liquids database (ILThermo), to the best of our knowledge, there 
are no chemical databases today designed specifically to provide information about chemical 
catalysts acting on biomass. To facilitate the development of the aforementioned TCP, here we 
propose building a unified Chemobiomass Database that focuses on an efficient collection and 
management of information related to the action of chemicals on biomass. To construct this 
database, one needs to systematically explore candidate chemical compounds and to identify all 
possible chemicals that can efficiently depolymerize cellulose, hemicellulose, and lignin. 
Especially important to target are the covalent linkages between cell wall polymers, such as the 
polysaccharide–polysaccharide glycosidic bonds (branching) and lignin-carbohydrate ester bonds.

In addition to the proposed construction of a Chemobiomass Database, this approach would 
require a library of chemicals and a library of biomass model substrates and/or derivatives. 
Together, they will provide a comprehensive chemical and molecular informatics framework 
for optimizing the chemicals used in pretreatments, which will lead to the generation of lower 
toxicity hydrolysates and residues for the downstream fermentation of individual biofuel-
producing microorganisms.

Overall, the conversion of biomass to biofuels is an integrated, systematic process that starts 
with the feedstock engineering and optimal pretreatment technologies, which then lay the 
foundation for development of novel microbial technologies for conversion of sugars to fuels 
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production, as illustrated in the following chapters in this book. It is noteworthy that this 
biomass conversion process, at a high level, is a fully integrated, circular system in which the 
progress in microbial technology development will affect the direction taken by feedstock 
engineering, followed again by new rounds of microbial technology development until 
process economic targets are met.

Conclusions

The chemical and structural complexity of plant biomass contributes to the high cost of 
lignocellulosic biofuels produced by biochemical processes. Feedstock engineering to 
generate biomass with reduced recalcitrance can provide a raw materials foundation for better 

Table 1: List of databases for plant cell wall-related genes and proteins, biomass-degrading enzymes, 
biomass chemical characterization, and the chemicals with potentials for biomass pretreatments.

Database Note Website

Plant Cell Wall-Related Genes and Proteins

Cell wall genomics A resource for genetic analyses of cell 
wall-related genes in Arabidopsis and 

maize

http://cellwall.genomics.purdue.
edu/

Cell wall navigator Protein families involved in plant cell 
wall metabolism

http://cellwall.ucr.edu/Cellwall/

WallProtDB A collection of cell wall proteomic 
experimental data

http://www.polebio.scsv.ups-
tlse.fr/WallProtDB/

Biomass-Degrading Enzymes

Carbohydrate-active enzymes 
(CAZy)

Classification and associated informa-
tion for the enzymes that assemble, 
modify, and break down oligo- and 

poly-saccharides

http://www.cazy.org

Cazymes analysis toolkit 
(CAT)

Tools for analyzing and annotating 
CAZYmes

http://mothra.ornl.gov/cgi-
bin/cat/cat.cgi

Biomass Chemical Characterization

Biomass feedstock composi-
tion and property database

Chemical, thermal, and mechanical 
properties of various biomass feedstock 

materials

http://www.afdc.energy.gov/bio 
mass/progs/search1.cgi

Plant ionomics database Mineral nutrient and trace element 
composition for Arabidopsis, maize, rice, 

and soybean, etc.

http://www.ionomicshub.org/ho
me/PiiMS

General Chemical Databases with Potentials for Biomass Pretreatments

Chemical thesaurus reaction 
chemistry database

Information about chemical entities, 
chemical reactions, interactions, and 

processes

http://www.chemthes.com

Ionic Liquids database 
(ILThermo)

Chemical and physical properties of 
ionic liquids related to various indus-

trial applications

http://ilthermo.boulder.nist.gov/

http://cellwall.genomics.purdue.edu/
http://cellwall.genomics.purdue.edu/
http://cellwall.ucr.edu/Cellwall/
http://www.polebio.scsv.ups-tlse.fr/WallProtDB/
http://www.polebio.scsv.ups-tlse.fr/WallProtDB/
http://www.cazy.org/
http://mothra.ornl.gov/cgi-bin/cat/cat.cgi
http://mothra.ornl.gov/cgi-bin/cat/cat.cgi
http://www.afdc.energy.gov/biomass/progs/search1.cgi
http://www.afdc.energy.gov/biomass/progs/search1.cgi
http://www.ionomicshub.org/home/PiiMS
http://www.ionomicshub.org/home/PiiMS
http://www.chemthes.com/
http://ilthermo.boulder.nist.gov/
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pretreatment and microbial conversion technologies. In addition, new green pretreatment 
technologies and the TCP concept, enabled by the proposed construction of new 
Chemobiomass Databases and physical libraries of biomass model substrates and derivatives, 
will enable detailed profile matching of individual biofuel-producing microorganisms and 
pretreatments for cost-effective advanced biofuels.
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CHAPTER 2

Hydrocarbon Biosynthesis in 
Microorganisms
Lawrence P. Wackett, Carrie M. Wilmot
Department of Biochemistry, Molecular Biology and Biophysics, University of Minnesota,  
Minneapolis, MN, USA

Introduction

Fossil fuels are society’s major energy source, accounting for more than 80% of energy 
needs.1 In the transportation sector, liquid petroleum-based fuels account for 95% of the 
market. Even with the advent of hydraulic fracturing, which has ushered in a boom of new 
exploration, US petroleum production is not yet close to meeting demand. While wind or 
solar energy can potentially be used for meeting electrical needs, there is still a pressing need 
for energy-dense, liquid fuels in the transportation and manufacturing sectors. Electric cars 
may benefit from improvements in energy storage density for batteries, but jets have an 
absolute requirement for liquid fuel to achieve the needed power and engine reliability. 
Likewise, ship transport will likely remain dependent on liquid hydrocarbon fuels for the 
foreseeable future.

There has been a dichotomy within the liquid fuel industries in recent years: biofuels consist-
ing largely of ethanol plus some fatty acid esters, and petroleum-based fuels that are princi-
pally hydrocarbons. In 1925, Henry Ford called ethanol “the fuel of the future.”2 Since that 
time, ethanol has persisted as an alternative energy source, but it has never become the 
dominant fuel that Ford envisioned. Although ethanol from biomass is renewable and petro-
leum is not, the latter has significant advantages. Petroleum hydrocarbons pack more energy 
per unit mass, are not hygroscopic like ethanol, and provide a much higher energy return on 
energy invested for recovery and transport. Thus, renewable hydrocarbons represent a way to 
harness the best traits of both fuel classes.

Humans around the world have produced ethanol biologically for thousands of years, but 
there has been limited exploration, production, and repurposing of microbial hydrocarbons as 
renewable fuel sources. There have been numerous reports of microbial hydrocarbon produc-
tion in soil and water environments over the past 70 years, and this has laid the groundwork 
for more recent gene discovery and metabolic engineering. The early studies largely consisted 
of identifying structures of hydrocarbons that partitioned with neutral lipids in solvent 
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extractions.3 The demonstration of different structural types presaged the existence of 
disparate biochemical mechanisms for the biosynthesis of hydrocarbons.

Small and large companies have recognized the potential for novel processes and intellectual 
property derived from a new class of biofuels that more closely resemble today’s prevalent 
petroleum-based gasoline and diesel fuels. Different companies have developed distinct 
platforms seeking to produce hydrocarbons alternatively from sugars, cellulosic biomass, or 
from photosynthesis using carbon dioxide. The underlying microbiology and enzymology of 
microbial hydrocarbon biosynthesis is discussed in more detail below.

Finally, it should be noted that biogas (methane from methanogenic bacteria) has been used 
for decades. In addition, there are historic reports that in some parts of China, people used 
bamboo pipes to transport natural gas to use for cooking, although that gas was likely of 
thermogenic origin.4

Microbiology and Hydrocarbon Products

Microorganisms biosynthesize different types of hydrocarbons: alkanes, alkenes, arenes, and 
isoprenoid compounds. These compounds are found within phylogenetically diverse 
microbes, suggesting that the mechanisms are ancient and widespread. In many cases, 
however, it is not known why specific microbes biosynthesize hydrocarbons. In plants and 
animals, the biological function of biogenic hydrocarbons is more apparent.5 For example, 
plants make waxy hydrocarbons to coat leaf surfaces and protect against desiccation. Some 
insects protect their eggs with a coating of solid hydrocarbon to prevent both desiccation and 
predation. Many isoprenoid hydrocarbons offer protection against ultraviolet radiation, and 
their biosynthetic pathways have been relatively well studied. However, the function and 
biosynthetic mechanisms for non-isoprenoid, non-gaseous hydrocarbons are largely unknown. 
Further work is needed for both fundamental understanding and commercial applications.

The biosynthesis of gaseous methane by methanogenic bacteria has been relatively well 
studied.6 Methanogens use carbon dioxide and hydrogen or acetate to generate methane in 
overall energy yielding metabolism. These bacteria often live in close association with other 
bacteria that degrade more complex organic matter in anaerobic ecosystems. By contrast, 
much less is known about the microbial production of higher molecular weight gaseous 
alkanes. Ethane and propane have been detected in copious amounts within deeply buried 
ocean sediments, and several years ago a biological origin was proposed, although no 
biochemical mechanisms are available.7 More recently, other groups have demonstrated 
enzymatic formation of ethane, propane, and other hydrocarbons. Surprisingly, the enzyme 
nitrogenase, which functions biologically to reduce dinitrogen gas to ammonia, can react with 
carbon monoxide to produce gaseous alkanes. Specifically, the vanadium-containing 
nitrogenase variant has been shown to catalyze ligation and reduction of carbon monoxide 
into hydrocarbon chains.8,9 Although a molybdenum-containing nitrogenase does not do this 
naturally, laboratory-constructed variants of the enzyme will produce alkanes.10 These 
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reactions are now being examined in more detail as examples of a biological Fischer–Tropsch 
reaction. A branched alkene, isobutene, is biosynthesized by the yeast Rhodotorula minuta 
and is a gas at room temperature. The carbon atoms are derived from branched chain amino 
acids via the intermediate isovalerate that undergoes decarboxylation to yield isobutene.11

Isoprene is gaseous at 37 °C, a temperature commonly used to grow Escherichia coli and 
other bacteria, making it an interesting target for engineered microbial synthesis. Natural 
isoprene biosynthesis is widespread. Terrestrial plants, marine plankton, and bacteria produce 
these compounds in enormous quantities, about 500 million tons annually.12 Many bacteria 
produce isoprene, but of strains analyzed in the laboratory, Bacillus strains have been 
observed to produce the highest levels. The methylerythritol phosphate pathway is implicated 
in mediating isoprene production in Bacillus subtilis.13 Overall, the isoprenoid class of 
compounds is enormous and range in size from C10 to C110.14 More than 50,000 isoprenoid 
compounds are known, with many being produced by microorganisms.

Longer-chain alkanes are produced in low amounts by eukaryotic and prokaryotic microbes, many of 
which are found in marine environments.15 It is reported that brown algae produce n-pentadecane 
and red algae produce n-heptadecane. Another alga, Dunaliella salina, produces 6-methyl 
hexadecane and 4-methyl octadecane. A more recent report indicated Vibrio furnissii M1 produced 
copious quantities of C16-C28 alkanes,16 but those findings turned out to not be reproducible.17

Long-chain alkenes have been identified in high G + C gram positive bacteria Micrococcus 
species,15 Stenotrophomonas maltophilia,15 and Arthrobacter species.18 The alkene chains are 
in the range of C23-C31, and the structures are inconsistent with derivation from an isoprenoid 
biosynthetic pathway. The biological function of these long-chain alkenes is currently 
unknown. However, Micrococcus and related bacteria are common human skin inhabitants, 
and it is interesting to speculate that the alkenes might enhance their survival on exposed skin.

Cyclic hydrocarbons such as alkylbenzenes have been identified in Archae from the genera 
Thermoplasma and Sulfolobus. Members of the genus Alicyclobacillus produce novel 
cycloheptane ring structures, presumably to increase the stability of their membranes.19 
Another distinct class of hydrocarbons is the hopanoids that consist of multiple, nonaromatic 
rings.20 These compounds structurally resemble cholesterol and may serve a similar function 
of modulating cytoplasmic membrane fluidity. Hopanoids are found in cyanobacteria, 
Streptomyces sp., and Zymomonas mobilis. Sterane, consisting of four fused alicyclic rings, 
was once thought to be a biomarker for eukaryotes, but it is now known to be biosynthesized 
by some methanotrophic proteobacteria.

Enzymes and Mechanisms of Hydrocarbon Biosynthesis
Ole-Catalyzed Synthesis of Long-Chain Olefins

Microbial long-chain olefin biosynthesis was studied by Albro and Dittmer in 1969, but 
without molecular genetic techniques, their studies were limited to crude cell extract 
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experiments.21–24 However, those early studies were able to establish that fatty acyl groups 
were undergoing condensation at the carboxyl ends of the chains. Thus, the biosynthesis was 
denoted as a “head-to-head” condensation reaction with the loss of one carbon atom as carbon 
dioxide.

Research at LS9, Inc. elucidated the genes involved, which were subsequently confirmed by a 
group working at the Joint Bioenergy Institute.25 These were denoted as ole, or olefin 
synthesizing genes. The genes encode four proteins in most microorganisms, although in several 
the oleBC genes are fused. The four proteins belong to different protein superfamilies (Table 1).26 
OleA is homologous to members of the thiolase superfamily, also known as the condensing 
enzyme superfamily.27,28 OleB is a member of the α/β hydrolase superfamily. OleC is a member 
of the AMP-dependent ligase/synthase superfamily, also known as the acetyl-CoA synthetase-
like superfamily. OleD is a member of the short chain dehydrogenase/reductase superfamily. 
Sequence identities of the Ole proteins to the closest corresponding superfamily proteins with 
different physiological functions are generally low, on the order of 20–30%.27,28

A survey of 3558 bacterial genomes demonstrated clear evidence of the ole genes in 1.9% of 
the genomes.26 The functionality of these operons was experimentally tested using a selection 
of 14 microorganisms from across multiple phyla, and all were demonstrated to produce 
long-chain olefins (Table 2). The majority, such as Shewanella oneidensis MR-1, produced a 
single C31 polyolefinic hydrocarbon, 3,6,9,12,15,19,22,25,28-hentriacontanonaene (Figure 1). 
In S. oneidensis MR-1, this polyolefin was found to localize to the membrane29 and was 
produced at higher levels in cells grown at a lower temperature.30 This led to the proposal that 
the polyolefin content maintains constant membrane fluidity at different temperatures. In 
further work, the C29 olefins from four Arthrobacter strains, along with the previously studied 
Stenotrophomonas maltophilia and Micrococcus luteus, were rigorously identified through 
comparison to synthesized standards and observed to correspond to the branched fatty acids 
found in those organisms (Table 2, Figure 2).18 Xanthomonas campestris is interesting in that 
it produces a diverse range of long-chain olefins: at least 15 in vivo with chain lengths 
varying from C28 to C31, although the predominant product is a C29 olefin.26 The ole gene 
products from this organism appear to have a promiscuity and plasticity in substrate 
utilization that makes them attractive targets for bioengineering for the production of desir-
able commodity products. In vitro, it has been demonstrated that the first enzyme in the 
pathway, X. campestris OleA, can handle considerably shorter substrates than its in vivo 
profile, to give hydrocarbon products down to C15 in length.31

In S. oneidensis MR-1, the polyolefin product of the Ole proteins localizes to the membrane.29 
The ole operon sequences give no indication that any of the proteins are targeted or anchored 
to the membrane, which suggests that the enzymes exist in the cytosol, although it is possible 
that they associate with an anchored or integral membrane protein. The substrates are hydro-
phobic long-chain hydrocarbons that have limited solubility in aqueous solution, thus making 



Table 1: Homology of the four Ole proteins to known protein superfamilies

Ole
protein

Superfamily name
(alternative name(s)) Known biological functions within the superfamily

OleA Thiolase
(Condensing enzymes)

Acyl-ACP synthase, thiolase (degradative and biosynthetic), 
3-hydroxyl-3-methylglutaryl-CoA synthase, fatty acid elongase, stage 
V sporulation protein, 6-methylsalicylate synthase, Rhizobium nodula-
tion protein NodE, chalcone synthase, stilbene synthase, naringenin 

synthase, β-ketosynthase domains of polyketide synthase
OleB α/β-Hydrolase Esterase, haloalkane dehalogenase, protease, lipase, haloperoxidase, 

lyase. Epoxide hydrolase, enoyl-CoA hydratase/isomerase, MhpC C–C 
hydrolase (carbon–carbon bond cleavage)

OleC AMP-dependent ligase/
synthetase

(LuxE; acyl-adenylate/
thioester

Forming, acetyl-CoA 
synthetase-like)

Firefly luciferase, nonribosomal peptide synthase, acyl-CoA synthase 
(AMP forming), 4-chlorobenzoate:CoA ligase, acetyl-CoA synthetase, 
O-succinylbenzoic acid-CoA ligase, fatty acyl ligase, 2-acyl-glycerophospho-

ethanolamine acyl transferase, enterobactin synthase, amino acid 
adenylation domain, dicarboxylate-CoA ligase, crotonbetaine/

carnitine-CoA ligase
OleD Short-chain dehydroge-

nase/reductase
Nucleoside-diphosphate sugar epimerase/dehydratase/reductase, 
aromatic diol dehydrogenase, steroid dehydrogenase/isomerase, 
sugar dehydrogenase, acetoacetyl-CoA reductase, 3-oxoacyl-ACP 

reductase, alcohol dehydrogenase, carbonyl reductase, 
4-α-carboxysterol-C3-dehydrogenase/C4-decarboylase, flaonol 

reductase, cinnamoyl CoA reductase, NAD(P)-dependent cholesterol 
dehydrogenase

Adapted from Sukovich et al. (2010) Ref. 26.

Table 2: Head-to-head olefins produced by different bacteria

Microorganism Carbon chain length Predominant hydrocarbon

Chloroflexus aurantiacus J-10-fla C31 C31H58

Kocuria rhizophilia DC2201a C24-C29 C27H54

Brachybacterium faecium ATCC 15993a C27-C29 C29H58

Xanthomonas campestris pv. campestrisa C28-C31 C31H46

Shewanella oneidensis MR-1a C31 C29H54

Shewanella putrefaciens CN-32a C31 C31H46

Shewanella baltica PS185a C31 C31H46

Shewanella frigidimarina NCIMB 400a C31 C31H46

Shewanella amazonensis SB2Ba C31 C31H46

Shewanella denitrificans OS217a C31 C31H46

Colwellia psychreryhtraea 34Ha C31 C31H46

Geobacter bemidjiensis Bema C31 C31H46

Opitutaceae TAV2a C31 C31H46

Planctomyces maris DSM8797a C31 C31H46

Stenotrophomonas maltophilia ATCC 17674b C27-C31 C30H60

Micrococcus luteus ISUb,c C23-C29 C29H58

Arthrobacter aurescens TC1b C29-C31 C29H58

Arthrobacter chlorophenolicus A6b C27-C31 C29H58

Arthrobacter crystallopoietes ATCC 15481b C27-C19 C29H58

Arthrobacter oxydans ATCC 14358b C29 C29H58

aData from Sukovich et al., 201026.
bData from Frias et al., 200918.
cData from Albro & Dittmer, 196924.
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it unlikely they would be released into the cytosol between Ole enzymes. Therefore, it is 
likely that the Ole proteins form a catalytic complex that traffics the product of one enzyme 
into the active site of the next.

The Chemistry of the Ole Gene Products

To date, there have been several published studies on purified Ole proteins that have begun to 
establish structure/function paradigms for this class of proteins. The OleA protein catalyzes a 
non-decarboxylative Claisen condensation to produce a β-keto acid intermediate.31 The OleD 

Figure 1
The polyolefin produced by Shewanella oneidensis MR-1, 

3,6,9,12,15,19,22,25,28-hentriacontanonaene.

Figure 2
The C29 olefins produced by Arthrobacter strains form branched chain fatty acids.
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protein has been shown to catalyze an NADPH-dependent reduction of the β-keto acid 
produced by OleA32. OleC is obligately required to produce the final olefin, but OleB is not.31 
In vitro incubations with OleA, OleC, and OleD produce an olefinic hydrocarbon, but product 
levels do not increase when OleB is added to incubation mixtures. The current overall reac-
tion scheme is shown in Figure 3.

OleA

OleA catalyzes the initial reaction on the pathway to hydrocarbons: a condensation reaction that 
has been demonstrated using acyl-CoA substrates in vitro.25,31 Fatty acids are typically catabolized 
while tethered to CoA, but fatty acid elongations and polyketide biosynthesis occur via iterative 
reactions while attached to acyl carrier protein (ACP). The final step in fatty acid biosynthesis is 
the release of ACP, and so both acyl-CoA and acyl-ACP are potential substrates of OleA. In fact, a 
patent application described the OleA from S. maltophilia as condensing acyl groups attached to 
either CoA or ACP carriers.27 However, all the current OleA mechanistic work has exclusively 
used acyl-CoA substrates. Figure 4 shows the OleA reaction mechanism, during which both CoA 
moieties are displaced. The second CoA moiety is displaced during the central condensation step, 
leading to a β-keto acid product that is no longer tethered to a carrier, and becomes the substrate of 
OleD. Thus, it is clear that the overall OleABCD reaction pathway to hydrocarbon proceeds with 
untethered intermediates in contrast to polyketide biosynthetic pathways.33 In the Ole biosynthetic 
pathway, it is thought that the β-keto acid remains sequestered in the Ole complex, and diffuses to 
the next enzyme in the pathway, OleD, for subsequent reduction to the corresponding β-hydroxy 
acid.32 It is important to note that the β-keto acid produced by OleA is inherently unstable, even at 
neutral pH and ambient temperature. Thus, some decarboxylated products, ketones, are observed 
in all in vitro studies conducted to date with reconstituted enzyme systems (Figure 3). However, 
the ketones are rarely observed in vivo with native bacteria containing ole genes, suggestive of 

Figure 3
Proposed scheme of microbial olefin biosynthesis by the Ole proteins.
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better coupling in natural systems. The decarboxylation reaction to yield the ketone has been 
demonstrated in enzyme reaction mixtures, and with synthetic β-keto acid subjected to the same 
conditions. The β-keto acid is sufficiently unstable such that ketone decarboxylation products are 
observed within minutes at 25 °C and at neutral pH (Figure 3).

Interestingly, olefin can be generated using OleBCD proteins from one species coupled to 
OleA from a different species, suggesting that interaction between OleA and OleD is not very 
specific. This has been demonstrated for S. maltophilia OleA with S. oneidensis MR-1 
OleBCD26,30 (sequence identity between species’ OleA is 35% and OleD 49%) and Kineococcus 
radiotolerans OleA with S. maltophilia OleBCD (sequence identity between species’ OleA is 
49% and OleD 40%).32 The OleA is the primary determinant of the product formed, with 
OleBCD from other microorganisms being able to handle β-keto acid OleA products that they 
do not encounter in vivo.

Figure 4
Catalytic steps in Xanthomonas campestris OleA-catalyzed condensation of CoA-charged substrates. 
B represents the proposed catalytic base, E117β. R1 and R2 are C8 to C16 CoA-charged fatty acids.
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The only Ole protein structure available at this time is the crystal structure of OleA from X. campestris, 
which has been solved to 1.85 Å and shows the typical thiolase homodimer (Figure 5(a)).34,35 The 
active site contains the strictly conserved Cys143 that forms a covalent acyl intermediate with the 
first acyl-CoA substrate via a thioester bond (Figure 5(b)). The active site base required to activate 
the covalent intermediate for condensation with the second acyl-CoA substrate is likely a gluta-
mate (Glu117β) from the other monomer of the dimer: the first observation within the thiolase 
superfamily of both monomers contributing active site residues. Oxyanion holes that lower the 
activation energy of transient tetrahedral species are also conserved in the active site.

OleA is unusual in that it requires three long, independent substrate channels.35 All thiolase 
substrates are CoA or ACP charged, and so all possess a pantetheinate channel to accommodate 
the CoA or ACP tether, and OleA is no exception. Unlike 3-hydroxy-3-methylglutaryl-CoA 
(HMG-CoA) synthase the substrates of which do not have long acyl chains, OleA must bind the 
Cys143 covalently tethered alkyl chain from the first substrate and the second acyl-CoA sub-
strate simultaneously for Claisen condensation to occur (Figure 6). In the fatty acid biosynthesis 
(Fab) enzymes only one of the substrates has a long acyl chain, as these enzymes elongate 
long-chain hydrocarbons by only two carbons at a time, and so require only two channels: a 
pantetheinate and an alkyl channel. An alkyl chain channel (designated B), lying orthogonal to 
the pantetheinate channel, has been well described in crystal structures of fatty acid biosynthesis 
(Fab) enzymes; the complex of C112A FabH with lauroyl-CoA36 (equivalent to C143A OleA), 
FabH bound to decane-1-thiol,37 and FabB bound to the C11 irreversible covalent inhibitor 

Figure 5
OleA dimer and active site. (a) The physiological dimer of OleA. The two monomers are drawn in 

gray and tan (dark gray in print versions) cartoon. Each monomer contains one active site. The gray 
cartoon active site residues are drawn in stick. Note that E117β derives from the neighboring 

monomer. (b) The OleA active site. Ordered solvent molecules are represented by red (dark gray in 
print versions) spheres. This figure was produced using PyMOL (http://www.pymol.org/). 

Reproduced from Goblirsch et al. (2012) Ref. 35.

http://www.pymol.org/
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Figure 6
Substrate binding channels in HMG-CoA synthase, FabH, and OleA. Each enzyme follows a 

ping-pong reaction to complete turnover. All three enzymes require a pantetheinate channel for 
binding CoA or ACP thioester charged substrates. The CoA or ACP moiety is represented as a yellow 
or blue sphere, respectively. In addition, FabH requires an alkyl channel (alkyl channel B) in substrate 

binding while OleA requires two alkyl channels (alkyl channels A and B). The solid black lines 
perpendicular to the propagating alkyl chain illustrate how FabH and OleA can use fatty-acyl-CoA 
substrates of different alkyl chain lengths (n = number of carbon atoms). For OleA, the substrates 

are colored as in Figure 4. This figure was produced using PyMOL (http://www.pymol.org/).

http://www.pymol.org/
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cerulenin (Figure 6).38 Cerulenin is a natural product that inhibits fatty acid biosynthesis by 
forming a covalent adduct with the active site Cys.39,40 Crystal structures of X. campestris OleA 
in complex with cerulenin, whose alkyl chain length matches that of a bona fide substrate, or 
xenon, a hydrophobic gas used to delineate accessible hydrophobic spaces within proteins, 
identifies a second channel (designated A) (Figure 7). This channel is orthogonal to the pante-
theinate channel and diametrically opposed to channel B. The characteristics of channel B in the 
Fab enzymes are mirrored in OleA. One side of channel B is formed by a mobile loop that in 
different FabH crystal structures is either ordered or disordered and has been proposed to act as 
a gate that enables easy access to the channel, and a more energy efficient exit for product then 
through the pantetheinate channel (Figure 8).37 Similarly in OleA, the crystallographically 
independent loop structures show varying degrees of order.35 Channel A is composed of two 
well-ordered pieces of secondary structure. Thus, it seems likely that the OleA product will exit 

Figure 7
OleA bound with cerulenin overlaid with FabH (bound with decane-1-thiol and coenzyme A, PDB 
ID 2QX1) and HMG-CoA synthase (bound with coenzyme A, PDB ID 1TXT). OleA is drawn in gray 
(lighter gray in print versions) cartoon and cerulenin as a green (gray in print versions) space-filling 
model. For clarity, the monomers of FabH and HMG-CoA synthase are omitted and their bound 

ligands are drawn in space-filling model (pink (dark gray in print versions) and yellow (light gray in 
print versions), respectively). Decane-1-thiol occupies the alkyl channel B in FabH. Coenzyme A 

occupies the pentetheinate channel in both FabH and HMG-CoA synthase. This figure was produced 
using PyMOL (http://www.pymol.org/).

http://www.pymol.org/
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from channel B, pulling the product out of channel A and through the active site. This also 
suggests that interaction with the next enzyme in olefin biosynthesis, OleD, likely occurs at the 
OleA face containing the channel B loop. The channel B loops from each monomer lie close to 
each other in a saddle on the dimer surface, and therefore the β-keto acid products from each 
OleA active site would exit next to each other on the OleA surface. Interestingly, cerulenin 
binds in channel A in OleA, but channel B in FabB.38 This suggests that channel A may house 
the acyl chain of the first substrate, with the second binding in channel B. This likely explains 
the observed propensity for the OleA covalent acyl intermediate to undergo futile hydrolysis 
in vitro that releases free acid, as when channel B is empty the loop will be mobile exposing the 
active site to solvent. Ordering of the channel B loop on binding of the second acyl-CoA 
substrate would protect the active site chemistry and promote Claisen condensation.

OleD

The substrate of OleD is the product of OleA, and it is an obligate enzyme for olefin 
biosynthesis. It converts the β-keto acid product of OleA to the β-hydroxy acid. Only the OleD 

Figure 8
Putative assignment of OleA binding channels. Active site residues are drawn in stick (carbon green (gray 
in print versions)) and bound cerulenin drawn in green (gray in print versions) space-filling. Labeled 

arrows indicate the position of the alkyl and pantetheinate channels in the OleA monomer (gray 
cartoon (lighter gray in print versions)). An 11 residue (239–249) β-hairpin that could only be modeled 
in one monomer of the P212121 crystal form is drawn as red (light gray in print versions) cartoon. This 
figure was produced using PyMOL (http://www.pymol.org/). Reproduced from Goblirsch et al. (2012) Ref. 35.

http://www.pymol.org/
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from Stenotrophomonas maltophilia has been characterized biochemically.32 The S. maltophilia 
OleA has been shown to selectively use mono- and di-unsaturated and saturated acyl thioesters 
as substrates (it is unknown if acyl-CoA or acyl-ACP is the physiological substrate). In vivo 
the olefin product profile is complex, containing chain lengths between C27 and C32, with C29 
and C30 being the most prevalent, and branching at or near the termini (e.g., Figure 2).18,26,41,42 
As such, S. maltophilia OleD has a potentially broad range of branched substrates.

In the in vitro study of S. maltophilia OleD, Bonnett et al. synthesized a range of substrates 
of differing chain lengths and stereochemistry.32 The enzyme was demonstrated to revers-
ibly catalyze the stereospecific reduction of 2-alkyl-3-ketoalkanoic acids in an NADPH-
dependent reaction. The α-carbon of the OleA β-keto acid product is chiral, and the S. 
maltophilia OleD was enantioselective for the (2R, 3S) isomer, strongly suggesting that this 
is the chirality of the products of S. maltophilia OleA. Of the substrates that have been 
tested, syn-2-decyl-3-hydroxytetradecanoic acid was the most catalytically efficient, with a 
five- to eight-fold higher kcat/Km than the shorter chain substrates. As might be expected this 
manifested itself primarily in Km, and matches the longer chain substrates that dominate 
in vivo.

Like X. campestris OleA, S. maltophilia OleD is a homodimer.32,35 This suggests that the 
proposed OleABCD complex may contain two copies of each polypeptide. The 
overexpression and purification of the X. campestris OleD has also been reported and shown 
to have catalytic activity, but no detailed biochemical studies have been undertaken.31

OleC

OleC is a member of the LuxE AMP-dependent acyl-protein synthetase superfamily.26 It is the 
third obligate Ole protein required for olefin biosynthesis, and is presumed to convert the 
β-hydroxy acid product of OleD to olefin. Although no extensive biochemical studies have 
been conducted on OleC, the enzyme from S. maltophilia has been overexpressed and 
purified.43 It was demonstrated to be catalytically active, as expected requiring ATP and MgCl2 
for activity.31 Interestingly, the production of olefin was demonstrated using purified X. campestris 
OleA and OleD with myristoyl-CoA substrate. Preliminary X-ray diffraction data from crystals 
of S. maltophilia OleC have been reported, but no structure is currently available.43

OleB

OleB is not required for olefin biosynthesis, nor does its presence affect the levels of olefin 
product, so its role remains enigmatic.31 However, it is always present in the ole operon, and 
so presumably plays an important role. In some organisms, the oleB and oleC genes are fused, 
suggesting a linkage to the activity of OleC.25,26 OleB belongs to the α/β hydrolase 
superfamily, suggesting an enzymatic activity, but it is also possible that it plays a scaffolding 
or regulatory role within the proposed Ole complex.
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Aldehyde Deformylating Oxygenase (Formerly Decarbonylase)

There have been many reports of microbial biosynthesis of diesel-length alkanes3,44; however, 
some observations have proven irreproducible.17 Investigations into the mechanism of this 
biosynthesis have taken on a new imperative with the push for renewable hydrocarbons. 
These hydrocarbons are considered to be “drop-in” fuels that require no modification, 
because straight-chain alkanes in the range of C13-C17 are a perfect diesel fuel.

A key insight into the mechanism of cyanobacterial alkane biosynthesis was made by a group 
of scientists at LS9, Inc. who used comparative genomics with the genomes of cyanobacteria 
that naturally produce or do not produce the alkanes.45 This analysis identified two genes that 
were subsequently shown to lead to hydrocarbon production when heterologously expressed in 
E. coli. The two genes encoded a fatty acyl-CoA reductase and an enzyme denoted at the time 
as fatty aldehyde deformylase. The enzymes encoded by those genes catalyze the reduction of 
fatty acyl-CoA or –ACP to an aldehyde and transform the aldehyde to an alkane and a C1 
product, respectively. The C1 product was initially presumed to be carbon monoxide,45 but a 
later study showed it to be formic acid.46 That study demonstrated that formate was produced 
in a 1:1 stoichiometry with alkane, and furthermore, the aldehyde hydrogen atom was retained 
in the formate. Although initial experiments suggested an anaerobic reaction that was formally 
hydrolytic,47,48 it is now widely accepted that molecular oxygen is a substrate.49–52 Studies 
using 18O2 demonstrated that one of the oxygen atoms in the formate product contained 18O, 
and thus the deformylating enzyme is an oxygenase.51,52 It is an atypical oxygenase reaction, 
because the reaction of an aldehyde yielding an alkane and a carboxylic acid is overall redox 
neutral. In total, these studies have used orthologues from Prochlorococcus marinus, Nostoc 
punctiformes, Synechococcus sp. RS9917, and Synechocystis sp. PCC6803, which were 
overexpressed in E. coli and shown to have catalytic activity. The name aldehyde 
deformylating oxygenase (ADO) has been proposed for the enzyme.

The X-ray crystal structure of the Prochlorococcus marinus ADO had been determined in a 
structural genomics study (Protein Data Bank ID: 2OC5). The structure reveals interesting 
similarities to soluble methane monooxygenase (sMMO). The protein has a dinuclear metal 
cluster bridged by a glutamic acid carboxylate and an oxygen ligand of unknown derivation 
(Figure 9). A fatty acid, presumably derived from the E. coli overexpression vehicle and 
modeled as C18, is tightly bound in the active site, presumably mimicking binding of the 
normal aldehyde substrate. The overall ligand type and spatial arrangement is very similar to 
that of the di-iron cluster of sMMO, and that is consistent with the current model of the 
reaction as an oxygenative cleavage of the aldehyde C–C bond. As in sMMO, the metal 
cluster is most likely di-iron.

A significant impediment to studies on ADO is the low turnover observed by all of the groups 
that have published on the system. It is possible that the isolated enzyme is largely inactivated 
or that the bound fatty acid acts as an inhibitor. Alternatively, it might be an extremely low 
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turnover enzyme as the level of alkanes in native cyanobacteria is low. This is a key issue for 
both mechanistic studies and efforts to overproduce alkanes in engineered cells for 
biotechnological purposes.

Alpha Olefins via Cytochrome P450

In a reaction somewhat analogous to ADO, some bacteria have been reported to oxidatively 
decarboxylate fatty acids to the corresponding one carbon shorter alkane.53 There had been 
reports that some bacteria produce intermediate chain length alkenes, and the demonstration that 
they were terminal, or alpha, olefins suggested a unique mechanism. An enzyme activity from a 
Jeotgalicoccus species was purified and determined to be a cytochrome P450 monooxygenase 
based on sequence. The gene was identified by genome sequencing of the organism. The gene 
was cloned and expressed in E. coli and the recombinant strain produced α-olefins.

A mechanism was proposed in which the β-carbon is oxidized, with subsequent elimination 
of carbon dioxide producing the α-olefin. There is precedent in the literature for similar 
reactions catalyzed by cytochrome P450 monooxygenases. In 1996, Davis et al. demonstrated 
the conversion of aldehydes to the corresponding carboxylic acids and α-olefins by the 
cytochrome P-450BM-3 (CYP102A1).54 They proposed a different mechanism with initial 
attack at the oxygenated carbon. In a more analogous reaction, the carboxylic acid drug 
diclofenac was observed to catalyze an oxidative decarboxylation at a position β to an 
aromatic ring carbon. The authors proposed initial oxidation at the carboxylic acid carbon 
prior to decarboxylation. In another precedent, a cytochrome P450 from a Rhodotorula yeast 

Figure 9
Structure of Prochlorococcus marinus MIT9313 aldehyde deformylating oxygenase (ADO) with bound 
fatty acid. ADO is drawn in cartoon, with active site residues drawn in stick (carbons green (light 
gray in print versions)). Irons are represented by gold (black in print versions) spheres, and waters 

by red (dark gray in print versions) spheres. The fatty acid is drawn in stick (carbons dark grey 
(darker gray in print versions)). 2Fo-Fc electron density (blue (lighter gray in print versions) mesh) is 

contoured at 1.0 σ. This figure was produced using PyMOL (http://www.pymol.org/).

http://www.pymol.org/
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catalyzed a decarboxylation reaction to produce an olefinic hydrocarbon, isobutene. The 
decarboxylation reaction is catalyzed by a specific cytochrome P450 monooxygenase that has 
been purified to homogeneity and the gene sequence has been determined.55 Further studies 
on the Jeotgalicoccus enzyme with isotopic labeled substrates should help resolve the 
differences in the proposed decarboxylation mechanisms.

Alpha Olefins via a Polyketide-Type Pathway

Cyanobacteria were described that produce C19 α-olefins.56 These α-olefins are longer than 
the C16 and C18 fatty acids observed in the cells, which suggested they did not arise from a 
direct decarboxylation of cellular fatty acids. A plausible mechanism would be a two-carbon 
elongation of a C18 fatty acid followed by a decarboxylation. It was recognized that a 
polyketide pathway produces a natural product, curacin A, with a terminal carbon–carbon 
double bond and that a similar mechanism could be operative in cyanobacteria.57 The genome 
sequence of Synechococcus sp PCC 7002 was scanned for a polyketide-like gene. 
Specifically, a curM gene homolog was found. CurM is involved in the biosynthesis of 
curacin A. The role of the polyketide gene was first indicated by genetic knockout 
experiments that led to the elimination of α-olefin biosynthesis. A second biological approach 
was to replace the natural promoter region with a stronger promoter. That led to an increase in 
α-olefin biosynthesis, further corroborating the involvement of the polyketide gene, which 
was subsequently denoted as the ols gene.

Based on homology arguments and feeding experiments, a mechanism for α-olefin biosynthesis 
was proposed that was clearly distinct from previously-known pathways involving a cyto-
chrome P450 monooxygenase reaction.57 The ols gene product acts on C18 fatty acids, catalyz-
ing a two-carbon elongation reaction via a standard decarboxylative Claisen condensation 
reaction with malonyl-CoA. There is a ketoreductase domain in Ols, suggesting reduction of 
the β-keto acid to a β-hydroxy acid. Additionally, there is a sulfotransferase domain. This is 
reminiscent of curacin A biosynthesis in which sulfation of the alcohol intermediate helps 
activate the β-carbon for an elimination reaction. This would be required for an eliminative 
decarboxylation reaction proposed to be catalyzed by the C-terminal thioesterase domain.

Conclusions

The presence of hydrocarbons in microorganisms has been known for decades. However, the 
biochemical basis of hydrocarbon biosynthesis has, in most instances, been revealed only 
within the last several years. The driving force for many of those biochemical investigations 
has been the need for developing renewable alternatives to hydrocarbon fuels and feedstocks.

In nature, hydrocarbon biosynthesis is likely an ancient function. One suggestion of this is the 
observation that the ole gene cluster is found throughout the prokaryotic tree of life, in deep 
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branching lineages. The large diversity of mechanisms also suggests a widespread and 
lengthy occurrence of various hydrocarbon biosynthetic genes.

Clearly, studies on these systems will continue and new mechanisms will likely be discovered. 
Microbial hydrocarbon biosynthesis will remain a rich area of study for many years.
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CHAPTER 3

Perspectives on Process Analysis for 
Advanced Biofuel Production
Christopher J. Scarlata, Ryan E. Davis, Ling Tao, Eric C.D. Tan, Mary J. Biddy
National Bioenergy Center, National Renewable Energy Laboratory (NREL), Golden, CO, USA

Introduction

The purpose of process analysis is to provide information to make judgments about the 
challenges and relative merits of a conversion process. Process analysis draws information 
from one or more of three complementary parts, the process model, the economic model, 
and the life-cycle model (Figure 1). In brief, the process model describes the plant size, 
unit operations, process conditions, product yields, flow rates, and associated energy and 
material balance information for a given modeled technology. The economic model 
translates the results of the process model into financial results, such as the minimum 
fuel selling price (MFSP). Similarly, the life-cycle model uses the results of the process 
model to generate sustainability metrics such as carbon efficiency and greenhouse gas 
profiles.

The three models are often generated and refined in an iterative manner. The level of rigor in 
analysis depends on the stage of development and the analysis objectives. Data from research 
and development (R&D) is used to develop and refine the process model. The output from the 
process model informs the generation of the economic and life-cycle models that may lead to 
the subsequent revision of the process model, and so on. Results from concurrent economic 
and life-cycle analyses can highlight areas of the process model that need further develop-
ment and identify gaps in science and engineering knowledge that illustrate opportunities for 
additional research.

The discussion below is intended to present a high-level, qualitative overview of process 
analysis for three biological approaches for producing hydrocarbons from biomass; aerobic 
respiration, anaerobic fermentation, and consolidated bioprocessing (CBP), by describing 
conceptual process designs and their implications on integrated commercial models. The 
aerobic respiration process is presented in detail as a base-case, and the other processes are 
contrasted to it.
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Overview of Process Analysis

Table 1 lists examples of the diverse assumptions, inputs, and outputs required for a typical 
biorefinery process analysis using a biochemical/biological-based technology pathway as a 
guide. Information for the process, economic, and life-cycle models have been included to 
illustrate the connections between those areas. There are assumptions, such as governing 
theoretical yields that are provided by literature values and R&D operations. Other process 
assumptions, such as annual operating factor (i.e., hours of operation per year), may be 
generated from comparisons with other industry values or from subject matter experts. 
Financial assumptions may come from public policy (e.g., tax and depreciation rates) or, 
again, from comparisons with other industry values and subject matter experts.

Inputs to the process model may be provided by experimental data such as enzyme loading, 
chemical demands, or reactor operating conditions. Some inputs, such as labor costs, may be 
tailored to specific markets depending on the targeted plant location. Similarly, model outputs 
can be process-focused, financial-focused, or sustainability-focused. Calculated plant size and 
flow rates are used to generate capital costs and help determine the variable operating costs for 
raw materials and energy. Some fixed operating costs can be based on simplifying assumptions 
(e.g., using a multiplier of the installed capital cost12). Summary values from a process model 
include the bottom line MFSP that is often used as a basis for comparing competing process 
configurations or to quantify the cost implications associated with measured R&D progress.

Process model

Process analysis begins with the creation of a process model. The model incorporates infor-
mation from R&D, engineering studies, and published literature. That information is used to 
generate process flow diagrams, reactor and unit operation simulations, and rigorous material 
and energy balances typically using chemical process modeling software like Aspen Plus or 

Process Analysis

Process
Model

Economic
Model

Life-Cycle
Model

Research &
Development

Figure 1
Process analysis is the evaluation of the implications from the results of process, economic, and 

life-cycle models. There is an iterative give and take of information in process analysis. The results of 
the process model inform the economic and life-cycle models and vice-versa. Data from research and 
development informs the process model, and implications from process analysis can be used to show 

where the R&D opportunities lie to improve process performance, economics, and sustainability.
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other modeling packages. The resulting outputs from process modeling can be used to 
estimate unit-level mass and energy flow rates and biorefinery plant size.

A rigorous biorefinery model in Aspen Plus could have: more than 100 unit operations; more 
than 500 streams for material, heat, and work; scores of control blocks; and dozens of compo-
nents. Component properties may come from physical property databases or from experimen-
tal data generated by R&D functions and play a key role in thermodynamic property 
interactions. This level of rigor enables the development of robust models that account for 
critical process elements such as vapor–liquid equilibrium calculations, heat balances around 
reactors or distillation columns, product stream characteristics, and other factors that weigh 

Table 1: Examples of the diverse assumptions, inputs, and outputs that are required to complete 
a biochemical conversion process analysis

Assumptions Inputs Outputs
P

ro
ce

ss

Governing theoretical yields
Operating factor/on-stream time
Equipment overdesign
Feedstock rate
Feedstock composition

Enzyme loading
Metabolic yield
Microbial productivity
Operating conditions
Chemical requirements
Unit operation performance
Reaction conversions
Product losses

Plant size
Product yield
Water consumption
Facility heat and power 
usage
Flow rates for all streams
Co-product yields
Input/output inventories

Ec
on

om
ic

Tax rate
Discount rate
Internal rate of return
Depreciation method
Construction financing
Working capital
Indirect capital factors
Plant life
Loan terms
Debt-to-equity ratio
Construction schedule
Startup time

Process outputs (sets capital and 
operating costs)
Feedstock price
Labor and overhead costs
Periodic replacement of consumables
Equipment design and cost
Chemical/material prices
Maintenance, tax, and insurance 
costs

Product selling price or 
MFSP
Annual cash flows
Net present value
Payback period
Cost by production area
Co-product revenue
Capital vs operating cost 
allocations

Li
fe

-C
yc

le

Global-warming potential time 
horizon
System boundary
Environmental burden allocation
LCA types (attributional/
consequential)

Life-cycle inventories (process 
outputs)
Natural resource consumption
Nonrenewable energy  
consumption
Water consumption
Waste water production
GHG emissions
Criteria air pollutants
Solid waste
Product and byproduct generation

Global-warming potential
Consumptive water use
Energy return on 
investment
Net energy value
Carbon efficiency

LCA = life cycle analysis, GHG = greenhouse gas.
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on overall model integration and resulting techno-economic analysis (TEA) and subsequent 
life-cycle analysis (LCA) outputs. Figure 2 is a more detailed view of NREL’s approach to 
biorefinery process modeling. The software, in this case Aspen Plus, is at the center of the 
methodology, and the inputs and assumptions described above form the basis of the models. 
The figure also illustrates the connection to the economic and life-cycle models.

The process models described in the following sections have unit operations that are common 
among biochemical conversion technologies. This includes pretreatment reactors, on-site 
enzyme production, enzymatic hydrolysis and biological conversion reactors, product recov-
ery and finishing operations, wastewater treatment systems, and systems for heat and power 
integration. The specific size and configuration of these unit operations can be quite different 
among aerobic, anaerobic, and CBP technologies. Some of these systems may be combined 
or significantly modified between these technologies, with important economic and sustain-
ability implications.

Figure 2
A flow chart of NREL’s approach to process design, economics, and life cycle analysis.13,14
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Techno-economic analysis

TEA has been an indispensable tool over the last several decades to determine biofuel produc-
tion costs for economic feasibility assessments.14–25 Many of the approaches to converting 
biomass into advanced fuels are in ongoing development, and require guidance from process 
analyses to help prioritize research directions. TEA provides information needed to make 
informed judgments about the viability of a given conversion process; it is particularly useful 
to identify technical barriers and measure progress toward overcoming those barriers.26

In TEA, plant size and flow rates from the process model are translated into financial metrics such 
as capital and operating costs. Vendor quotations or other cost-estimating tools are used to gener-
ate equipment costs for a given process configuration. Operating costs from the consumption of 
raw materials, heat and power, and labor can be estimated from the process model. These values 
can be incorporated into a discounted cash flow model for financial analysis and summarized as 
the minimum fuel selling price or MFSP. The MFSP is the fuel price in which the net present 
value, the time-adjusted value of incoming and outgoing cash flows, of a project is zero. Today, 
there is a lack of statistical data on discount rates used by industry, but Short et al. have suggested 
that a 10% rate has been appropriate for the evaluation of renewable energy technology.27

To avoid artificial penalties on biorefinery economics attributed to “pioneer-plant” or first-of-
a-kind facilities with early entry into the market, TEA typically uses design, cost, and 
performance assumptions intended to be reasonable for an “nth” plant facility—a facility 
constructed after a sufficient number of earlier facilities using similar technology have been 
built and operated such that the technology has progressed beyond a learning curve intrinsic 
to any new commercial-scale process. This allows for TEA to focus on the technology itself 
and not on economic and process scale-up uncertainty, such as higher-risk financing, delayed 
start-ups, equipment overdesign, reduced on-stream factors, and other risk premiums associ-
ated with pioneer plants that may increase modeled production costs.

Life-cycle analysis

The success of the biofuels industry depends not only on economic viability but also on 
environmental sustainability. A biorefinery process that is economically viable (e.g., has been 
optimized for cost) but suffers from a key sustainability drawback is not likely to be a long-
term solution to replace fossil-derived fuels. Therefore, an important aspect of evaluating 
biomass-derived fuel processes is the assessment of resource consumption and environmental 
emissions, broadly termed life-cycle analysis. LCA provides a framework from which the 
environmental sustainability of a given process may be measured. Life-cycle inventory (LCI) 
data are generated from process model input and output flows, associated both with the 
biorefinery process itself for biofuel production (“direct emissions”) and with material inputs 
and outputs to and from the biorefinery (“indirect emissions”). LCI data are used to quantify 
the consumption of natural resources, including water, energy, and raw materials, as well as 
emissions to air, land, and water associated with the production of biofuels. LCI data are then 
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used to evaluate sustainability metrics like consumptive water use, carbon efficiency, or 
greenhouse gas and fossil energy profiles.

To quantify sustainability impacts, material and energy balances from process modeling are used 
to develop life-cycle metrics for a modeled biorefinery.28–30 Software packages such as SimaPro 
are used to quantify life-cycle impacts, making use of databases such as Ecoinvent and the US 
Life Cycle Inventory (US LCI). The Ecoinvent parameters may be modified to reflect US or other 
country-specific conditions (e.g., replacing the default European electricity mix with the US 
electricity mix), and the US LCI processes are adapted to account for embodied greenhouse gas 
(GHG) emissions and fossil energy usage associated with the production process for a particular 
material. The LCI of the bioconversion step captures the impact of input raw materials and 
outputs, such as emissions and waste, and may be provided by Aspen Plus process modeling 
outputs. In addition to SimaPro, other common LCA software tools include GREET (US Depart-
ment of Energy), TRACI (US Environmental Protection Agency), EIO-LCA (Carnegie-Mellon 
University), Gabi4 (University of Stuttgart), and Spine (Chalmers University).

Implications for the biorefinery business model

Process models are based on four broad considerations; conversion technology, type of feedstock, 
plant size, and range of products.13 There are many choices for process technology and feedstock 
type.1–11 The size of the plant is often a tradeoff between feedstock availability, economies of 
scale, and capital costs. However, the choice of products may be an open question. Biorefineries 
will need to balance the production of commodity fuels, higher value co-products, and heat and 
power with implications therein on TEA, LCA, and co-product market volume considerations. 
This is particularly challenging in the context of the revenue model for petroleum refiners.

Petroleum refinery margins are small compared to the margins for the cost of crude oil. 
Historical data from the Energy Information Agency suggests that refiners earned an average 
13% margin on gasoline and 15% on diesel, as a fraction of the retail price at the pump, over 
the last 10 years.31 Refining margins have had a high degree of risk as well. Gasoline margins 
have fluctuated ±50%, and diesel margins have only been slightly more stable at ±35% 
(Figure 3). In contrast, an average 61% and 57% of the respective cost at the pump is from the 
margin on crude oil. Most petroleum refiners also have a stake in crude oil production, which 
is a significant benefit to their bottom line. Biorefineries must develop and maintain business 
models that enable them to operate profitability. This could take the form of lowering the cost 
of production, producing higher value co-products, and converting all fractions of the biomass 
feedstock into useful products. Process analysis can be used to quantify and illuminate the 
most viable routes to a profitable, sustainable biorefinery business model.

With this overview in mind on the purpose and rationale for process analysis, the following 
discussion provides a number of examples into the thought process and methodologies behind 
process analysis for biochemical conversion pathways. The focus is primarily on process 
modeling with brief discussion on economic implications. LCA is an important part of a 
well-rounded process analysis; however, it is beyond the scope of this discussion.
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The discussion begins with a description of the aerobic production of hydrocarbons (e.g., 
renewable diesel blendstock or RDB). Hydrocarbon biofuels are advantageous because they 
would be compatible (i.e., fungible) with existing infrastructure and may be used as a replace-
ment for fossil-derived fuels or as supplemental blendstocks (as in the case of RDB here). 
This aerobic process is presented in detail, as previously described in Ref. 32 and serves as 
the basis of comparison for two other processes, anaerobic fermentation and consolidated 
bioprocessing of biomass to RDB. The discussion focuses on qualitative aspects of process 
analysis with a particular focus on the contrasts between conceptual process models for each 
of the technologies. Readers who are interested in detailed techno-economic analysis are 
encouraged to view the publically available design reports cited in the references and available 
online (see: http://www.nrel.gov/publications/).

Aerobic Bioprocess
Process Design Details

Initial designs for the biological production of RDB from biomass have been based on 
microbes that require oxygen to function.14 Therefore, aeration plays an essential role in 
biological sugars-to-hydrocarbon production, yet it is costly to implement. Oxygen has a low 
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solubility in aqueous solutions and must be supplied continuously to a submerged, aerobic 
microbial culture.33 The need to aerate to achieve high-productivity hydrocarbon production 
from biomass-derived sugars is one of today’s key technical challenges, limiting the ability to 
scale-up low-cost biological routes to biofuels.

Numerous reviews of oxygen transfer for aerating submerged cultures are available, and most 
are for stirred tank or airlift/bubble column bioreactor systems.33–37 Recent literature on 
oxygen transfer has focused primarily on understanding scale-up of mammalian and plant cell 
cultures in which bioreactor sizes of 20,000 L are considered “large scale.” The scarcity of 
new information on aeration systems for extremely large-volume applications like commodity 
biofuels is attributed to two factors. First, aeration of submerged microbiological cultures has 
been a focus within the fermentation industry ever since the first processes for aerobic 
production of penicillin were developed in the mid-1900s; however, little information has 
become available on approaches for achieving high rates of oxygen transfer for commodity 
scale operations. As a consequence, the general correlations for oxygen transfer in a hypo-
thetical RBD process remain similar to those developed many decades ago.38 Second, while 
much of the pioneering work on aerobic submerged production of penicillin was carried out 
in the public domain at US national laboratories (e.g., US Department of Agriculture’s 
laboratories in Peoria, IL.), more recent developments on scaling up aerobic submerged 
cultivation processes have been carried out in the private sector, where information is often 
closely held. The physical engineering challenges of achieving effective gas–liquid mass 
transfer and the basic approaches for maximizing oxygen transfer at scale remain unresolved 
in the public domain for low-cost commodity biofuel applications.

The aerobic biofuel production pathway described below follows similar steps as from 
NREL’s 2011 ethanol design report that describes cellulosic sugar conversion.16 Downstream 
operations are modified, primarily around sugar conversion and product recovery, which carry 
important implications for process analysis. A high-level overview of the process is shown as 
a block diagram in Figure 4.

The conceptual process begins with feed handling (not shown). Feedstock handling operations 
may consist of loading/unloading equipment, storage, conveyors, preprocessing such as 
grinding or other operations to achieve particle-size targets, drying, and other steps required to 
store, prepare, and deliver the feedstock to the throat of the pretreatment reactor. Costs 
associated with these operations may be considered inside or outside the scope of a process 
and economic analysis; in NREL’s analyses, typically all costs associated with feed-handling 
operations are included in a given delivered feedstock price, tied to other analyses on feed-
stock logistics operations. From there, the biomass is conveyed to the pretreatment reactor.10,39

Pretreatment and conditioning: In this section, the biomass is treated with dilute sulfuric acid 
at a moderately high temperature for a short time to liberate hemicellulose sugars and make 
the biomass susceptible to enzymatic hydrolysis. The pretreated slurry is adjusted to a pH 
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near five for subsequent enzymatic hydrolysis. Pretreatment is operated at 30 wt% total 
solids, consistent with NREL’s previously published design cases.14,16 Note that other pre-
treatment technologies could be used in place of dilute sulfuric acid.

During the 2012 state of technology pilot-scale demonstration efforts at National Renewable 
Energy Laboratory (NREL), strategies focused on improving process integration were 
important to reducing conversion costs. One modification to the 2011 NREL biochemical 
ethanol design case16 explored the addition of a deacetylation preprocessing step, by means of 
which feedstock is first soaked in dilute sodium hydroxide and then drained to remove a 
significant portion of acetate prior to dilute-acid pretreatment. Acetate is a known inhibitor for 
both enzymatic hydrolysis and ethanol fermentation. Adding this upfront preprocessing step 
not only improved sugar yields from enzymatic hydrolysis and ethanol yields from fermenta-
tion during pilot-scale operational trials, it also reduced modeled processing costs by remov-
ing a portion of the unfermentable fraction of the biomass, thus reducing overall volumetric 
throughputs through all downstream operations (resulting in lower capital costs) and lowering 
the pretreatment severity requirements (also resulting in lower operating costs).40 This is a 
prime example of the benefit of integrated process analysis alongside experimental research, 
in that beyond the observed benefit of reduced acetate inhibition and increased yields, a 
secondary but equally important benefit of reduced costs could be realized and quantified.

The benefit of a deacetylation preprocessing step in RDB production pathway is less clear, 
because hydrocarbon-producing organisms may tolerate acetate.41 Process and cost analysis 
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may be leveraged to serve as an effective mechanism for cost–benefit evaluation between 
acetate use (yield improvement) and lower biomass throughput (cost improvement) in terms 
of overall modeled product-selling prices. A continued research emphasis on understanding 
the process integration of a conceptual biorefinery will be critical to improving the overall 
economics and maximizing carbon yields.

Optimizing upstream processes, including preprocessing and pretreatment, will be important 
to produce a hydrolysate stream with the qualities and composition best suited for hydrocar-
bon production. Further expanding opportunities for producing value-added co-products from 
currently underused fractions of the biomass, including the lignin and acetate fractions, will 
also be a key driver toward improving the economic viability of this conversion pathway.

Enzymatic hydrolysis: Enzymatic hydrolysis is carried out in a high-solids continuous reactor 
(24-h residence time) using a cellulase enzyme that may be prepared on-site. The partially 
hydrolyzed slurry is transferred to one of several parallel reactors. Hydrolysis is completed in 
the batch reactors, which are modeled in NREL’s processes as one million gallon tanks 
operating at a 60-h batch time.14,16 While these hydrolysis conditions may remain constant in 
transitioning toward hydrocarbon production, enzyme loading is a well-documented primary 
cost driver in the biochemical process design and remains an important means toward achiev-
ing further cost reductions.

In the 2012 state of technology pilot-scale demonstration runs at NREL, overall glucan-to-
glucose conversions of 75–90% were observed using an enzyme loading of 20–30 mg 
enzyme protein/g cellulose.40,42,43 These results suggest that favorable glucose yield and 
low enzyme loading are achievable. Further room for improvement exists to maintain high 
glucose yields while continuing to reduce enzyme dosage as improved enzymes are 
developed.

Hydrolysate clarification: After enzymatic hydrolysis is completed, the slurry may be clari-
fied using a filter press to remove insoluble solids, primarily lignin-rich residues. This is a 
shift from anaerobic ethanol processing in which lignin-rich solids are not removed until after 
fermentation is complete.

In an aerobic bioprocess, the presence of solids is anticipated to interfere with gas–liquid 
oxygen mass transfer and limits oxygen uptake rates.44,45 Current literature studies for 
microbial production of hydrocarbon biofuels tend to focus on using clean, insoluble-solids-
free sources of commodity sugars (e.g., glucose, sugarcane juice, corn syrup). It remains 
unclear to what extent the removal of residual insoluble solids is necessary for aerobic 
hydrocarbon production pathways, a point which requires experimental validation to resolve. 
A filter press could be used to clarify the hydrolysate liquor but may result in sugar loss, 
because some of the soluble sugars will remain in the solids stream. Performing the solids 
removal process downstream of sugar conversion would be preferable to maximize yield, 
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although it could present new challenges for product purification. The lignin-rich residues 
removed from the process could be a potential source of fuels and co-products through 
development of new conversion methods.

The clarified sugar stream may then be sent directly to the biological conversion step or may 
be further processed to concentrate the sugars by methods such as evaporation, reverse 
osmosis, or nanofiltration. While using dilute (100–150 g/L) sugars is the approach taken in 
biochemical cellulosic ethanol production,16 concentrated commodity sugars (≥500 g/L) have 
been used in literature reports on hydrocarbon biofuels production.46 Different processing 
schemes for the biological conversion step also require different optimum sugar concentra-
tions, with higher sugar concentrations being more conducive to fed-batch operation. 
Although overall bioreactor volumes can be similar in either case if volumetric productivities 
(i.e., g/L/h) are similar, there are additional impacts to downstream unit operations within the 
context of an integrated process model if concentrated sugars are used.

To reach product cost targets, it will be important to understand and quantify the tradeoffs 
between biological conversion of dilute sugars versus the conversion of more concentrated 
sugars that require additional costs for sugar concentration but potentially result in higher 
product titers and/or more efficient water management and bioreactor use, again an example 
of tradeoffs that may be quantified through process analysis.

Biological conversion: It is convenient to contrast the aerobic bioconversion of sugars to RDB 
to the well-established cellulosic ethanol processes. Biological RDB conversion processes are 
modified considerably from the cellulosic ethanol design cases previously published.16,47 
These modifications include the addition of air compressors, use of smaller bioreactor vessels, 
and powerful agitation systems to achieve targeted levels of oxygen gas–liquid mass transfer. 
One of the largest bioreactors yet reported publicly for biological upgrading of sugars to 
hydrocarbons is 130,000 gallons,48 contrasted with NREL’s 2011 ethanol design case using 
one million gallon anaerobic vessels. It is expected that with further optimization it will be 
possible to increase maximum aerobic vessel size beyond this initial value.

Smaller bioreactor volumes translate to economy of scale penalties for aerobic processes 
relative to the one million gallon fermentors modeled for lignocellulosic ethanol production. 
Additionally, aeration is costly to implement. Air compressors and powerful motors are 
needed to supply the large quantities of air and vigorous levels of agitation necessary to 
maintain adequate oxygen transfer rates. A preliminary assessment of an industrial process 
for producing ethanol, yeast, and lignin products found the cost of aeration for yeast cultiva-
tion to be roughly equivalent to the cost of enzymes for cellulose hydrolysis.49

Although batch sugar fermentation is stipulated in the NREL biochemical ethanol design 
model,16 running the process in fed-batch mode could potentially reduce processing and 
economic challenges to achieving increased hydrocarbon yields and titers.14 A fed-batch 
mode is more conducive to operations for aerobic systems because it allows for controlling 
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the feed rate of substrates and overall reaction conditions to maximize carbon efficiency to 
fuel product and minimize parasitic energy losses. In light of these considerations, to achieve 
economic viability it will be important to evaluate the engineering design of microbial fuel 
production in detail to establish a realistic design at which aerobic conversion may proceed at 
an acceptably large scale and cost. Further development of microbial catalysts will also be 
vital to the development of economically viable biomass to RDB processes.

The best cases for minimizing downstream processing requirements are for the RDB product 
to be secreted from the cell and to separate into a product-rich liquid phase. Some microorganisms 
(such as heterotrophic algae) may accumulate fuel precursor molecules intracellularly and 
will require dedicated extraction steps to recover the fuel product. Preliminary scenario 
modeling indicates that this may incur substantial cost and energy penalties, a point consistent 
with other analyses that suggested a threefold higher energy efficiency ratio demonstrated 
today for hydrocarbon product secretion pathways relative to intracellular storage and extraction.50 
Product secretion will therefore remain a preferred route toward achieving economic targets, 
which, combined with the need to obtain high product titers, also dictates the need for the 
microorganism to be resistant to toxicity effects of the secreted products.

Product recovery/processing: For pathways in which the product is secreted from the cell, the 
bioreactor broth primarily contains the RDB product and water. Because most of the insoluble 
solids are removed prior to this step, only a small amount of insoluble solids such as micro-
bial cell mass are present in the broth. A distinct advantage of diesel-range hydrocarbon 
products over short-chain alcohols is their low solubility in water, which may be exploited to 
allow for product separation and recovery via simple phase-separation methods rather than 
more costly and energy-intensive distillation.

The lighter phase containing the long-chain hydrocarbon product may first be concentrated in 
a standard decanter vessel. The resulting hydrocarbon-rich phase may then be centrifuged to 
recover the desired product at high purity. Because the aqueous phase exiting product separa-
tion contains high levels of inorganic salts such as ammonium sulfate, excess nutrients, and 
soluble inorganic compounds, the aqueous stream is directed to wastewater treatment for 
cleanup and chemical and energy recovery. The current product recovery scheme, which 
resembles those reported in the literature,2 may result in considerable savings in energy and 
capital costs as compared with energy-driven separation processes (e.g., azeotropic distilla-
tion) or mass separation (e.g., solvent extraction or absorbent-based) schemes. As noted 
above, some microbial hydrocarbon production and recovery pathways may require addi-
tional extraction or cleanup steps to be incorporated, incurring additional costs. The exact 
recovery yields and product losses in these designs needs further quantification and poten-
tially further optimization. For example, product recovery yields may be reduced in a secreted 
product scenario due to emulsification with extracellular material or adsorption to cells or 
other surfaces.
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Some biological products may already be a “final product” blendstock (e.g., paraffins 
such as pentadecane); most classes of molecules, including fatty acids, fatty alcohols, or 
isoprenoids, will require an upgrading step such as hydrotreating to saturate the 
molecule(s) and remove oxygen to produce the final fuel or blendstock product.2 Even so, 
hydrotreating operations for such products are likely to be milder and less costly than 
severe hydroprocessing operations such as that required for pyrolysis oil upgrading.51 
Reaction pathways for oxygen removal may proceed by rejection of CO2 (decarboxyl-
ation) or H2O (hydrodeoxygenation), most likely with both pathways participating with a 
favorable preference for one dictated by catalyst and reaction conditions. Each pathway 
for oxygen rejection incurs tradeoffs, with decarboxylation resulting in lower carbon 
efficiency (net fuel yields) due to CO2 formation, but hydrodeoxygenation requiring more 
hydrogen to reject oxygen as H2O.

Process analysis allows for an informed cost–benefit evaluation to be conducted optimizing 
reaction pathways and operating conditions, based on the specific biological intermediate 
product being considered. Further tradeoffs also exist between intermediate molecules such as 
fatty acids and isoprenoids, in which the latter is already devoid of oxygen, but instead 
requires hydrogen for saturation. The resulting products from hydrotreating are largely 
straight and/or branched saturated paraffins, high in cetane value for use as diesel blendstock 
materials.

Cellulase enzyme production: An on-site enzyme production section is included in this 
example with conceptual design and cost assumptions documented in NREL’s biochemical 
design reports.14,16 Corn syrup is the primary carbon source for enzyme production. Media 
preparation involves a step in which a portion of the glucose is converted to sophorose to 
induce cellulase production. The enzyme-producing fungus, modeled after Trichoderma 
reesei, is grown aerobically in fed-batch bioreactors. The entire enzyme production broth, 
containing the secreted enzyme, is fed to the enzymatic hydrolysis reactor. Other opportunities 
to further reduce enzyme production cost include optimizing the production process to use 
lower-cost biomass-derived sugars rather than corn syrup as the primary carbon source. 
Alternative models for enzyme sourcing exist and may be more realistic in the near-term, 
namely purchasing commercial enzyme cocktails from third-party vendors.

Wastewater treatment: Wastewater streams are treated by anaerobic and aerobic digestion. 
The methane-rich biogas from anaerobic digestion is sent to the combustor, where sludge 
from the digesters is also burned. The treated water is suitable for recycling and is returned to 
the process. Outside battery limit (OSBL) processes such as wastewater treatment, solids 
combustion/steam generation, utilities, etc. can add up to contribute substantial costs to 
overall integrated process economics and should not be neglected as “minor” secondary 
operations.
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Heat and Power Integration: The insoluble lignin-rich residues from the solids separation 
step, the solids from wastewater treatment, and the biogas from anaerobic digestion are 
combusted to produce high-pressure steam for electricity production and process heat in 
one possible design configuration. Any excess steam may be converted to electricity for use 
in the plant and sold to the grid as a co-product. Opportunities exist to improve process 
economics by developing higher-value uses for one or more of these residual solids 
streams.

Aerobic Bioprocess Discussion

Among options discussed here for biochemical hydrocarbon production including aerobic 
and anaerobic conversion of sugars or more direct consolidated bioprocessing, aerobic 
conversion is the most complex in terms of number of steps and system design requirements, 
which carry cost implications. Such issues include the likely need for solids removal 
prior to conversion (requiring higher cost separation equipment and incurring sugar 
losses), sugar concentration, fed-batch operation for bioconversion using smaller, more 
costly bioreactors, and increased power demands for agitation and aeration balanced by 
achievable oxygen transfer rates. Such considerations call for detailed process analysis 
informed by experimental data at scale to understand and optimize an appropriate system 
design.

Aside from engineering and design challenges, from a process standpoint the primary cost 
drivers for aerobic bioconversion are product yield (g product/g sugar substrate) and volumet-
ric productivity (g/L/h of product being produced), both of which require manipulation of the 
microorganism and optimization of the production process as key research and development 
strategies to ultimately achieve viability. Recent literature suggests that the current state of 
technology for microbial conversion to hydrocarbon biofuels includes product titers ranging 
from 0.1 to 24 g/L of long-chain hydrocarbons,2,46,52–54 with times for batch or fed-batch 
production ranging from 2 to 7 days.55

There remains considerable room for improvement in the efficiency of sugar conversion to 
fuel, particularly for utilization of pentose sugars, across a variety of hydrocarbon-producing 
microorganisms.41,56,57 Further improving specific productivity rates (g product/g cell/h) by 
targeting a lower diversion of sugar to microbial cell growth and/or engineering ways to 
recover and reuse microbial cells (e.g., cell retention or cell recycle bioreactor configurations) 
as well as mitigating potential hydrocarbon product toxicity effects will increase overall 
process yields and improve economic viability.50

Another issue frequently overlooked in process and economic analysis is contamination with 
implications on yield or operational downtime penalties. Contamination poses an important 
concern for anaerobic fermentation pathways such as ethanol production. It poses an even 



Perspectives in Advanced Biofuel Production Process  47

greater challenge for aerobic bioprocesses and can quickly spoil yields in aerobic systems by 
diverting carbon away from the desired fuel product if sterility is not maintained. This calls 
for the need to develop robust organisms and strict system control and longer vessel turn-
around time between batches for cleaning and sterilization.

As an example for illustrative purposes of microorganism development needs for hydro-
carbon pathways relative to ethanol benchmarks, Figure 5 shows a subset of published 
performance metrics for concentration, yield, and volumetric productivity for E. coli The 
figure was excerpted from the 2013 NREL biochemical hydrocarbon design report14 and 
based on literature values presented.58 While it is not intended to be exhaustive, this 
figure shows that aerobic hydrocarbon pathways require considerable improvements to 
reach performance on-par with ethanol in terms of yield (directly impacts economics), 
volumetric productivity (impacts bioconversion capital costs by way of more bioreactor 
vessels at lower achievable productivities), and product concentration (impacts costs for 
product purification/separation). Furthermore, important differences exist between 
specific product classes within the aerobic bioconversion pathway, with respect to ulti-
mate carbon and energy yield potential that a given organism/product combination may 
realistically be able to achieve. These differences are dictated by theoretical metabolic 
yields, with a selection of such yield limits for a variety of product classes shown in 
Table 2, as presented in literature; the resulting process and economic implications of 
these governing yield limits is included further in Figure 7.
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Comparison of titer, sugar utilization, and volumetric productivity for ethanol versus selected 

hydrocarbon products produced by Escherichia coli, excerpted from Ref. 14 and as originally reported 
in Ref. 58.
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Anaerobic Bioprocess
Process Design Details

Anaerobic conversion of sugars to hydrocarbons uses a similar process as that discussed 
above for aerobic conversion, with a number of notable exceptions that carry important 
implications for process and economic analysis. Anaerobic pathways may allow for a hydro-
lysis and conversion step similar to that used for ethanol production, namely conducting 
enzymatic hydrolysis and bioconversion in the same physical vessel without the need for 
intermediate hydrolysate conditioning (primarily solids removal), or equipment required for 
high aeration and agitation capabilities. In effect, such a process would be identical to 
NREL’s 2011 biochemical ethanol design report16 from a unit operation sequencing stand-
point except for the product purification and upgrading requirements. A high-level overview 
of the process is shown in Figure 6. Key process design differences for an anaerobic biocon-
version process to hydrocarbons relative to the aerobic process are listed below. All other 
steps would be largely consistent with the above discussion and are not repeated here.

Hydrolysate clarification: While the aerobic pathway is envisioned to require dedicated 
hydrolysate clarification steps between enzymatic hydrolysis and bioconversion, namely 
solids separation and sugar concentration, such steps are primarily attributed to integration 
needs for submerged aerobic cultivation. Thus, similar to integrated process modeling for 
anaerobic ethanol production, these steps may not be necessary for anaerobic RDB produc-
tion pathways.

In this conceptual process, these steps may be removed such that hydrolysis and bioconver-
sion sequentially proceed in the same physical vessel, each at a volume of one million 
gallons. In this case, lignin and other insoluble solids would be removed and sent to the boiler 
using a lower-cost lignin press downstream of bioconversion during the product recovery 
step. This mitigates issues with soluble sugar losses into the solids phase as in the aerobic 
pathway. However, a tradeoff may be incurred in that the presence of high amounts of insolu-
ble solids (in addition to enzymes and cell biomass) may complicate the subsequent product 

Table 2: Theoretical metabolic yields for various product pathway classes via aerobic 
bioconversion2,50,59–61

Mass Yield Carbon Yield
Energy Yield (HHV 

Basis)

Pentadecane 29% 62% 88%
Farnesene (DXP pathway) 29% 64% 85%
Farnesene (MVA pathway) 25% 56% 74%
Fatty acid (palmitic acid) 36% 67% 89%

Fatty ester (ethyl palmitate) 35% 67% 90%
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purification operations based on phase separation principles. This could be particularly true in 
more complex liquid phase behavior such as the formation of emulsions, potentially requiring 
more costly purification steps than decantation and centrifugation.

Biological conversion: From a system design standpoint, the bioconversion step would be 
similar to that described,16 namely a single vessel by which process conditions are tailored to 
first allow for hydrolysis to occur at an optimum temperature of 48 °C and then anaerobic 
fermentation to proceed at lower temperatures of 32–38 °C (separate hydrolysis and fermen-
tation or SHF). Because oxygen mass transfer and associated stringent system design and 
control is not relevant in this case, a number of preferential design implications would be 
realized, including large one million gallon vessels (maximizing economy of scale benefits), 
substantially lower agitation demands merely required for maintaining adequate mixing of the 
reactor broth, and elimination of aeration compressors and associated power demands.

Microbial pathways to hydrocarbons could be produced through anaerobic fermentation. As 
proof of concept, NREL researchers have demonstrated using anaerobic fermentation in the 
laboratory to produce small quantities of hydrocarbon fuel using engineered Zymomonas 
mobilis.62 Additionally, many anaerobic conversion pathways to produce intracellular and 
extracellular RDB products and intermediates exist in various bacteria and yeast microorgan-
isms.63 Thus, while the ability to produce hydrocarbons anaerobically at high yields remains 
to be demonstrated, potential pathways are available to produce hydrocarbon biofuels by 
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microbial conversion without the need to incorporate more complex and costly aeration 
capabilities into bioreactor systems. However, it is likely that the development and readiness 
of such pathways for near-term deployment will lag that of already developed and partially 
demonstrated aerobic biological pathways to hydrocarbon-like products such as fatty acids, 
triglycerides, isoprenoids, and paraffins.2,50,59,60 Compared to the inherent process design 
challenges for aerobic pathways, which carry considerable expense, anaerobic options hold 
important potential as a means to achieve lower-cost targets.

Anaerobic Bioprocess Discussion

Anaerobic fermentation generates less metabolic energy (i.e., ATP) than aerobic respiration. 
This can have profound implications for product yields from a biofuel process. Microbial cell 
growth is proportional to ATP production and this suggests that more carbon will be diverted 
to cell growth during aerobic production of biofuels, decreasing product yields when com-
pared to an anaerobic process that produces less ATP.

Consider the oxidation of glucose during aerobic respiration;

	 Respiration: C6H12O6 + 6O2 → 6CO2 + 6H2O Δ G = − 2870 kJ/mol	

The reaction generates 2870 kJ of energy per mole of glucose converted and produces 
30–32 mol of ATP/mol.64 Previous research has estimated that 10.5 g of cell mass are pro-
duced per mol of ATP when microorganisms are grown on glucose, after adjusting for energy 
consumed by cell maintenance.65,66

In contrast, the energy generated by the anaerobic fermentation of glucose to ethanol is much 
lower and it produces less ATP per mole of substrate;

	 Fermentation: C6H12O6 → 2C5H5OH + 6CO2 Δ G = − 218 kJ/mol	

This reaction generates about 8% of the energy of the aerobic process and only produces 
1–2 mol ATP/mol glucose. The impact of decreased ATP production and its effect on 
increasing product yields has been described in the classic studies on the metabolism of 
Z. mobilis versus Saccharomyces cerevisiae. Ethanol fermentation in Z. mobilis generates 
one ATP per glucose via the Entner-Doudoroff pathway. Saccharomyces cerevisiae 
generates two ATP per glucose via Embden–Meyerhof–Parnas pathway. In batch fermentations, 
Z. mobilis was reported to produce a higher yield of ethanol and lower cell mass 
production than S. cerevisiae.67–70 A more recent paper suggested that the impact could 
be substantial for the aerobic production of a palmitate ethyl ester, an RDB precursor, 
where a third or more of the carbohydrate supplied to a biocatalyst may be used for cell 
growth.50 Further work is needed to fully understand the impact of bioenergetics and 
yield for RDB production as there is no commercially applicable strain with a well 
described pathway and ATP balance in the public literature.
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As general proof of concept of the potential cost advantage of anaerobic RDB production, 
Figure 7 provides a high-level comparison of process economic potential for a number of 
possible metabolic pathways to RDB products. This includes fatty acids, fatty alcohols, 
fatty acid methyl/ethyl esters, paraffins, and isoprenoids, with several potential anaerobic 
pathways, based on applying a consistent set of assumptions regarding sugar utilization 
efficiencies as a percent of each pathway’s theoretical metabolic limit.14 Presented in terms 
of fractional cost differences, this demonstrates that the two theoretical anaerobic pathways 
(to fatty alcohols and to farnesene) have the greatest economic potential to reduce produc-
tion costs, primarily by way of lower capital and operating costs enabled by a simpler 
engineering design alluded to above. Additionally, the figure shows important cost differ-
ences within the aerobic subset of pathways, driven by differences in theoretical metabolic 
yield to each product normalized by energy content. This demonstrates the fundamental 
role that process analysis plays in identifying economic tradeoffs between costs and yields, 
which only become apparent on establishing process models and conducting a holistic 
evaluation of integrated conceptual processes.
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Conceptual comparison of relative economic potential versus fuel yield for various aerobic and 

anaerobic metabolic pathways to hydrocarbons (MFSP = minimum fuel selling price, adjusted by 
energy content to $/GGE; fuel yield adjusted by energy content to GGE/ton biomass feedstock; 

all values are shown as fractional results normalized to the MVA farnesene bioconversion 
pathway).14
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Consolidated Bioprocessing
Process Design Details

CBP is an approach to biomass conversion with the potential to combine and simplify 
multiple processing steps, cellulase production, enzymatic hydrolysis, and bioconversion, 
in one operation.71 Many process designs involve four biologically mediated transformations 
to break down lignocellulose: the production of saccharolytic enzymes; the hydrolysis of 
polysaccharides in pretreated biomass to monomeric sugars; the fermentation of hexose 
sugars; and the fermentation of pentose sugars. These four transformations have been 
designed to occur in a single step in CBP.71 The ideal CBP system produces saccharolytic 
enzymes that hydrolyze structural carbohydrates (cellulose and hemicellulose) to oligomers.72 
Then these oligomers are further hydrolyzed to monomers and dimers. Finally these 
five- and six-carbon sugars are fermented to RDB or other products.71 By taking place 
in a single unit operation and avoiding costs for external carbon sourcing for 
enzymes (depicted in Figure 8), CBP may reduce overall process complexity and, 
ideally, cost.

Combined CBP Operation: In Figure 8 (a simplified CBP block diagram), seed propaga-
tion would not only be used for preparation of an inoculum, but also could be responsible 
for a significant fraction of overall microbial cell production.73 It is envisioned that CBP 
could even be implemented without a separate seed train. Enzyme production and seed 
propagations could be combined into one area (i.e., on-site enzyme and seed propagation 
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in Figure 8). Solid and liquid phases from the chemical pretreatment step may be sepa-
rated with 10–30% of the pretreated liquor sent to the enzyme production and seed 
propagation step to serve as the carbon source. Xylose in the hydrolysate liquor may be 
used to produce enzyme and cell biomass, instead of requiring an external supply of 
purchased glucose (e.g., from corn syrup). The remaining hydrolysate liquor and solid 
streams are sent to the CBP reactors. The enzyme loading could be potentially reduced to 
as low as 10 mg protein/g cellulose by combining seed propagation and enzyme produc-
tion. There is no solid–liquid separation step between enzymatic hydrolysis and biologi-
cal conversion as in the aerobic case (Figure 4), which provides savings for capital 
expenses and potentially limits yield losses. Sugar from enzymatic hydrolysis is used 
directly with no concentration step needed. The total bioconversion time can be five days 
or less, while dedicated enzymatic hydrolysis time is “zero” (i.e., continuous during 
CBP). Lignin separated by a pressure filter after the biological conversion operation is 
sent to the combustor, similar to the aerobic and anaerobic conversion cases.

CBP Discussion

CBP offers several opportunities for cost reduction versus other technologies. Relative to 
aerobic or anaerobic bioconversion processes, capital costs may potentially be reduced by 
combining enzyme production and seed propagation steps, overall volumetric tank size 
reduction for enzymatic hydrolysis and fermentation occurring in a single vessel, and elimi-
nating the use of sugar conditioning or concentration operations prior to microbial conver-
sion. Figure 9 presents a simplified tornado chart from NREL’s 2013 biological hydrocarbon 
design case (i.e., the aerobic bioconversion case qualitatively discussed above), formatted to 
reduce the number of variables down to those which may benefit from CBP concepts.14 The 
plot demonstrates cost sensitivities around a single baseline value—in this case, a minimum 
fuel selling price of $5.10/gallon gasoline equivalent (GGE). Cost sensitivities were estab-
lished based on individual changes to base-case process or cost input parameters from the 
design case to quantify their relative impact on overall process economics.

A theoretical 25% total capital expenditure savings, relative to the base aerobic biocon-
version process, has the greatest cost impact of the parameters shown, indicating a 
potential advantage that CBP may have due to its operational simplicity. Additional 
potential cost savings measures shown in Figure 9 include enzyme loading (implicitly 
also including associated purchased glucose costs in the baseline aerobic pathway 
model), elimination of solid–liquid separation operations, and dedicated enzyme produc-
tion equipment (included in “enzyme production capital”). Taken together, the cost 
savings potential for these individual cost and process drivers may carry important 
economic implications for CBP’s role in biological hydrocarbon fuel production. There 
are other opportunities for cost reduction beyond those captured in Figure 9. For exam-
ple, combining enzyme and seed production may result in increased sugar available for 
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fermentation. This is equivalent to cost savings not only from reduced enzyme loading, 
but also from increased hydrocarbon yields.

Changes in modeled power consumption are less clear for CBP, but could be in between 
those for the anaerobic and aerobic pathways. One reference suggests that CBP may allow 
for up to 80% reduction in process power relative to base-case bioconversion technology.74 
The limited oxygen demands for the CBP concept (oxygen dedicated to cellulase produc-
tion in Figure 8) may increase power demand compared with anaerobic pathways, but could 
still potentially present power savings relative to aerobic hydrocarbon pathways. Air 
demand for biological conversion (i.e., volume of air per volume of fermentation broth per 
minute or VVM) is one of the indicators for power demand’s impact on cost (Figure 9). 
Power demand for aeration is highly dependent on the type of microorganisms used for 
CBP. For instance, E. coli, Z. mobilis, S. cerevisiae, and Pichia stipitis are the most relevant 
microorganisms in the context of lignocellulosic ethanol bioprocesses.75 Some of these 
microorganisms can produce ethanol (or even hydrocarbons) anaerobically, such as 
Z. mobilis, or with minimal oxygen demand, such as S. cerevisiae. Genetically modified 
Z. mobilis or S. cerevisiae tailored for CBP purposes could potentially allow for increased 
energy efficiency compared to standard bioconversion pathways,50 when combined with the 
cellulase production function.

Figure 9
A tornado chart illustrating potential cost impacts of a CBP process relative to an aerobic biocon-

version base-case pathway. Excerpted from Ref. 14. CAPEX is facility capital expenditures; EH is 
enzymatic hydrolysis; PT is pretreatment; S/L is solid/liquid; VVM is volume per volume per minute 

(volume of air per volume of fermentation broth per minute).
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Data Gaps, Uncertainties, and Research Needs

The potential pathways for biological conversion of sugars to hydrocarbons allow the oppor-
tunity to leverage experience in biochemical processing, specifically cellulose and hemicellu-
lose deconstruction to monomeric sugars as currently used in anaerobic fermentation to 
ethanol. To ultimately reach economic viability, process analysis allows stakeholders to 
identify key bottlenecks, uncertainties, and areas for further development as the technology 
progresses.32 In the context of biochemical technology pathways to hydrocarbon fuel produc-
tion, examples of such drivers and areas for further development include:

Investigate synergistic opportunities for sugar/intermediate production and process integra-
tion. The sugar production metrics tied to pretreatment and enzymatic hydrolysis will con-
tinue to be important areas for further R&D improvement through the use of alternative or 
milder pretreatment options and/or improved enzyme performance (higher conversion yields 
and/or lower enzyme doses or cost), including incorporation of new enzyme classes and 
enzymatic hydrolysis mechanisms. Additionally, components that previously inhibited 
ethanol fermentation and could be removed early in pretreatment (such as acetic acid) may 
not pose such inhibitory effects. Developing methods to use biomass-derived intermediates 
beyond monomeric sugars will also help to improve overall carbon conversion efficiencies in 
the process. Tailoring the hydrolysate stream to the microorganism tolerance will be essential 
for improving overall yields and lowering production costs. As previously summarized, 
consolidated bioprocessing offers another potential pathway to optimize process integration 
and reduce costs, by which enzymatic hydrolysis and fuel production occur in a single step 
without the need for external enzymes. Given the relatively high cost of enzyme addition, this 
approach also warrants continued consideration and research.

Develop separation and conditioning requirements for hydrolysate. A better understanding is 
needed on the tolerance of hydrocarbon-producing microbes to soluble lignin and other 
impurities, including organic acids, salts, and other potential inhibitors. The efficacy of 
insoluble lignin removal following enzymatic hydrolysis may be more challenging and 
expensive than currently anticipated. Losses of sugar in this removal step will lower yields 
and increase costs and thus must be minimized. The performance and cost tradeoffs between 
sugar stream concentration, purity, and microbial hydrocarbon production must be quantified 
to be able to develop optimal process designs. These tradeoffs are complex and will differ 
between microbes, fuel products, and process configurations.

Optimize design and scale for aerobic fuel production. The optimal engineering design and 
operating parameters for the aerobic microbial RDB production process must be identified. 
This includes determining the most economical bioreactor design that will allow the combina-
tion of maximum vessel size, process productivity, and yield while minimizing the require-
ment and cost for aeration and temperature control. Increased cell growth during aerobic 
bioprocesses tends to decrease biofuel yields and increase costs. Cell recycling and multistep 
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fermentations strategies can help to minimize cell growth and improve the economics of 
aerobic bioprocesses.50 Producing hydrocarbon biofuels by anaerobic microbial conversion 
and reducing the need to incorporate more complex and costly aeration capabilities into 
bioreactor systems should also be considered in parallel to improve process economics. The 
development and demonstration of microbes that can produce hydrocarbons at high rates and 
yields via anaerobic pathways would be a breakthrough for this field.

Maximize sugar (and/or carbon) utilization and microbe metabolic performance. Better 
understanding is needed regarding the productivity of the microorganism and the potential of 
genetic engineering to significantly increase metabolic production rates and yields, minimize 
side-product formation, and mitigate substrate and/or product toxicity effects. There is 
currently a scarcity of literature and high quality data in the public domain on sugar conver-
sion and microbial productivity, particularly with respect to production using cellulosic 
feedstock-derived substrates containing pentose sugars.

Define product separation and final polishing/upgrading requirements. The recovery of 
products that are secreted directly into the aqueous broth presents challenges such as lowered 
yields due to products being retained on or within the cell mass, difficulties in breaking 
emulsions, and incomplete phase separation. Beyond these separation issues, additional 
finishing steps may be needed to improve product quality to meet fuel specifications. The 
product recovery and final upgrading operations need to be defined to quantify process costs 
and equipment requirements.

Evaluate co-product opportunities. The requirement to reach a production cost target on par 
with gasoline or diesel will likely require simultaneous cost reductions in multiple areas (e.g., 
by way of engineering improvements and lower chemical/enzyme demands) and higher total 
product yields. To achieve the latter, carbon efficiency and total yields may need to improve 
beyond theoretical limits imposed by the metabolic conversion of sugar stream components 
alone (i.e., sugars derived from cellulose and hemicellulose). It will be important to develop 
cost-effective technologies to also convert non-sugar components (e.g., lignin, acetate) into 
value-added co-products, fuels, or fuel precursors. A life-cycle assessment evaluating the 
tradeoffs associated with diverting some process streams and residues to additional co-products 
will be critical for developing an economic and sustainable hydrocarbon fuels biorefinery 
facility.

Conclusion

There is a myriad of biomass conversion processes undergoing various stages of research, 
development, deployment, and scale-up. The diversity of processes and potential products 
creates a challenge for policy makers, research organizations, and investors to understand the 
broader implications of each technology in terms of relative risks, benefits, research needs, 
and ultimate potential. Process analysis is one tool that can be used to elucidate and quantify 
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such details for biomass-to-hydrocarbon fuel technologies. A number of examples of process 
analysis concepts were provided in this discussion with a focus on biochemical production of 
hydrocarbon biofuels via aerobic, anaerobic, or consolidated bioprocessing pathways, but the 
general methods and concepts are applicable to other technologies as well.

Process analysis takes a holistic view of a conceptual process and extrapolates it to a commer-
cial scale model. It also allows for optimizing the overall process by identifying synergistic 
opportunities in process integration. The outputs from the model, along with other informa-
tion, can be used to generate financial (TEA) and life-cycle analysis (LCA). Those metrics 
allow for the classification of technology choices and may be used to prioritize future 
research directions, or to assess implications of a specific research function on the overall 
integrated biorefinery in terms of economics or sustainability. Process analysis can be highly 
iterative, involving feedback to and from R&D functions and the associated TEA/LCA 
models.

Process analysis requires a solid technical understanding of underlying scientific principles by 
which a technology pathway operates. Any process model and subsequent analysis only as 
good as the inputs that go into it. By applying scientific and engineering expertise coupled 
with powerful analysis software packages for process simulation and associated economic/
sustainability assessment, process analysis allows for a high degree of rigor in translating 
research concepts to quantified process-level metrics. As such, process analysis is a key tool 
for stakeholders to use in “de-risking” technologies in any stage of precommercial develop-
ment, from early exploratory research to scale-up toward demonstration or commercial scales.
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In the twentieth century, the availability of inexpensive oil enabled the rapid scale-up of the 
transportation sector and remains a key driver of the global economy. Oil refining and petro-
chemical production co-evolved with the automotive industry to deliver both affordable 
vehicles and an efficient fueling infrastructure and achieved versatility in production of 
chemicals and thousands of derived products. To conserve and extend fossil fuel reserves, 
mitigate greenhouse gas emissions, and for nations to achieve energy security, the production 
of biofuels and biomass-derived chemicals needs to be cost-competitive with oil across the 
full life cycle of production and delivery to the consumer.

While policy and regulation have significant roles to play, the economics of displacing fossil 
carbon with renewable carbon will become more feasible if key technical challenges are 
addressed that reduce the costs of feedstock, pretreatment, conversion, separation, and distribu-
tion. First, lignocellulosic biomass as the source of renewable carbon creates challenges of 
added costs of harvest, delivery, storage, and processing to market. Biomass has low energy 
density, about one-third that of oil, is usually widely distributed, and has relatively low eco-
nomic value.1 Second, current conversion technologies to biofuels suffer from low yield and rate 
of production because of the chemical and structural complexity of biomass feedstocks.

The lignocellulosic biofuels industry faces a classic catch-22 problem. Farmers will not grow 
energy crops unless there are biofuel refineries within easy shipping distance to buy their 
crops and unless the prices that they receive are high or higher than those from growing 
conventional crops like corn or soybean. Industry will not build refineries at scale until there 
is a steady supply of feedstock.2 In this chapter, we discuss the potential for synergistic 
improvement in yield and quality of bioenergy feedstocks that is driven by mechanistic 
understanding of the downstream conversion process, whether involving biochemical, 
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chemical, or pyrolytic transformations. New capabilities to improve the carbon and energy 
efficiencies of conversion processes, and the range and versatility of biofuels and bioproducts, 
by using biomass that is optimized or “tailored” for its end-use, may break this gridlock and 
enable the next-generation bioeconomy.

Biomass Feedstocks are Already an Abundant Resource

Regional availability of sustainable, affordable, commercial-scale biomass feedstocks is the first 
prerequisite of a bioenergy and bioproducts supply chain. The US Department of Energy’s 
Billion Ton Study3 and the 2011 update4 demonstrate the potential to deliver substantial quanti-
ties of feedstock on an annual basis, equivalent to displacing about 3 billion barrels of oil.5 
Annual US oil consumption is seven billion barrels,5 and so this represents a significant fraction 
of potential supply from existing resources. In contrast to grain yield, biomass yield has not 
been a target of selection and plant breeding. There is therefore tremendous potential to maxi-
mize production on current acreage using scientific and technological advances and best 
agricultural practices. As an example of prior success, US corn production increased eight-fold 
on the same land acreage using fertilizer, herbicides and pesticides, modern tillage methods, and 
plant breeding to select for traits such as leaves that pointed upright, making them efficient solar 
energy collectors and decreasing the spacing needed between individual plants. Simply by 
substituting sweet sorghum or tropical maize varieties on the acreage currently used for corn 
ethanol could double yield.2 Exploiting the full range of natural genetic diversity in crops such 
as maize and sorghum and the use of molecular-assisted plant breeding and tools of genetic 
modification can intensify agricultural production without increasing land area.

Despite the ample availability of biomass, the magnitude of the feedstock supply creates signifi-
cant logistical challenges for entraining these feedstocks into the biofuels supply chain. A billion 
tons of biomass represent the output of a new agricultural system that is larger than the current 
800 million tons of all annual agricultural products, including hay and pasture.4 The intermediate 
infrastructure between feedstock production and conversion processing is an essential element of 
the value chain that needs to generate value for both the upstream feedstock element and the 
downstream conversion sector. The commoditization of biomass feedstocks to define standards for 
parameters such as water and soil contents6 and processes for energy-efficient comminution and 
packing density are needed, adding value on a farm by improved harvesting, drying and baling 
practices, and delivering biomass in a more uniform format at the biorefinery.

Chemical Structure and Physical Properties of Lignocellulosic Biomass

Lignocellulosic biomass comprises plant cell walls. The fundamental principles of cell-wall 
composition and architecture are common to all plant species, but the kinds and proportions 
of the structural components can vary between different cell wall types and in different 
species.7,8 All cell walls contain cellulose microfibrils as the main scaffolding components of 
the wall, varying between 30% and 90% of the dry mass of different cell types within the 
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plant. The cellulose microfibrils are linked together to form a network with cross-linking 
glycans, which is embedded in a matrix of acidic polysaccharides.

Plants make two distinct kinds of primary walls, those characteristic of grasses and those of 
dicotyledonous and non-grass-like monocot species, including woody crops. Bioenergy 
grasses and crop residues including all cereal crops (wheat, rice, maize) and energy crops 
(switchgrass, Miscanthus, sugarcane, tropical maize, and sorghum), comprise mixtures of cells 
with primary walls and those with thick secondary (lignified) walls. A distinctive characteristic 
of grasses compared to dicotyledonous species is that their primary walls are cross-linked with 
a hydroxycinnamic acid-rich phenylpropanoid network.9 In the primary walls of grasses, 
glucuronoarabinoxylans (GAXs) bind to themselves and around cellulose microfibrils. 
Hydroxycinnamic acids, such as ferulic acid and p-coumaric acid, are ester-linked to the 
arabinosyl units of GAX, where they can serve as initiation sites for network polymerization.

The differences between grass and non-grass primary walls are not as apparent in the second-
ary walls, but there are three distinct types of secondary walls to consider with respect to 
bioenergy crops. Angiosperm tree crops, such as poplar, willow, and eucalyptus, produce 
“wood,” in which each heavily lignified secondary cell wall is a multilayered composite of 
cellulose microfibrils, coated mostly with GAX and some glucomannans, comprising most of 
the polysaccharide of the wall.10 The lignin heteropolymer is produced via the oxidative 
coupling of mostly p-coumaryl alcohol, coniferyl alcohol, and sinapyl alcohol subunits 
(collectively termed monolignols). The polymerization of these subunits leads to the forma-
tion of p-hydroxyphenyl (H), guaiacyl (G), and syringyl (S) lignin, respectively.11–13 The H 
subunits are usually minor components, and the degree to which S and G units are incorpo-
rated into the polymer (commonly denoted as the S:G ratio) varies widely among species, 
tissue types, and even within an individual cell wall. Grasses have secondary walls similar to 
those of woody angiosperms, but with a lignin rich in hydroxycinnamic acids and higher 
proportions of H-lignins than found in dicots.9 Gymnosperm species are differentiated from 
angiosperms by the high proportions of mannans and glucomannans rather than GAX, as well 
as a lignin composed of mostly G-lignin.10

Although H, G, and S units are widely regarded as the only monomers found in lignin, more 
sophisticated methods of lignin analysis applied to a broader range of plant species, mutants, 
and transgenic lines have revealed that other subunits, including aldehydes, side-chain-reduced 
monolignols, and phenylpropanoid esters and amides, are bona fide lignin components. The 
diversity of monolignols and the ether and carbon–carbon bonds that link them together in the 
polymer impart remarkable complexity of structure. In general, the higher the number of methyl 
ethers, the more limited the points of attachment in the aromatic ring. Other ether– and phenyl–
phenyl bonds can tightly link lignin to cell wall polysaccharides.

Differences among species, genotypes, and environmental conditions during growth, harvest, 
and storage will result in feedstocks with variability in cellulose, hemicelluloses, and lignin 
compositions and architectures, all of which will impact net energy efficiency and yields of 
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products from conversion.14 However, the range of polysaccharide and lignin structures is 
constrained, meaning that fractionation and catalyses of individual wall components is 
achievable in pathways that are independent of the inherent variability in potential feedstocks. 
For example, a combined Zn/Pd/C catalyst effectively cleaves the lignin β-O-4 linkage and 
subsequently hydrodeoxygenates the aromatic fragments, without loss of aromatic functional 
groups from intact biomass of both tree and grass species, although with different yields and 
selectivities.15 Similarly, maleic acid hydrolyzes xylans to xylose at 160 °C with transforma-
tion of xylose to furfural at 200 °C in a two-step, one-pot reaction, whether the biomass is 
switchgrass, corn stover, or milled poplar samples, with a conversion efficiency of between 
50% and 70% of initial xylan content.16 In both catalytic pathways, the extraction of one 
component increases the efficiency of conversion of residual material, as determined by 
increased rates of glucose release in saccharification assays.15,16

Biochemical, Chemical and Pyrolytic Conversion Pathways Provide 
Alternative Routes to Fuels

Biochemical routes of conversion depend on hydrolysis of cellulose, xylans, mannans, and other 
non-cellulosic polysaccharides into their respective monosaccharides for use as carbon sources 
for fermentative micro-organisms.17 Desirable reaction pathways for the production of ethanol, 
butanol, and other fuels can be genetically engineered in bacteria, algae, and yeast. However, the 
quantity and quality of lignin in biomass crops interferes with the access of hydrolytic enzymes 
to the polysaccharide components of the plant cell wall, thereby inhibiting their conversion to 
fermentable monosaccharides.18 Microorganisms required to ferment sugars to biofuels metabo-
lize some sugars in their own growth, losing up to and even more than one-half of the carbons as 
carbon dioxide. Thus, only one-third of carbon atoms in the biomass are captured into fuel 
molecules with today’s second-generation technology. Doubling this value would halve the 
land, water, fertilizer, and energy requirements for growing bioenergy feedstocks.

Because of the high oxygen content of carbohydrates, the energy contents of lignocellulosic 
biomass from switchgrass and poplar trees are estimated to be only 485 MJ/kmol of carbon 
(17 MJ/kg of biomass) and 455 MJ/kmol of carbon (19.6 MJ/kg of wood), respectively, in 
comparison to an energy density of gasoline of 604 MJ/kmol of carbon (32.4 MJ/l).19 Conver-
sion of lignocellulosic biomass to high energy-density liquid fuels by any conversion process 
that uses biomass as a sole feedstock is bound to release nearly one-quarter to one-third of 
carbon as CO2. This loss of carbon is not due to any process inefficiencies, but simply to 
conservation of mass.19 Assuming an energy conversion efficiency of about 75%, biomass 
carbon release as CO2 increases to about 40%–50%. For any given unit of biomass, a key goal 
is to minimize this co-release of CO2, with the implication that no form of carbon in biomass, 
including lignin, need be lost from conversion to useful product molecules. Although catalytic 
transformations that co-produce hydrogen can be envisioned,20 a source of exogenous 



Tailoring Plant Cell Wall Composition and Architecture  67

hydrogen is required for recovery of all carbon atoms in the biomass. The recent increases in 
natural gas production from previously inaccessible shales using hydraulic fracturing might 
provide an opportunity for co-utilization of biomass and methane.

In contrast to biochemical conversion pathways, the power of chemical catalysis to trans-
form biomass components directly to liquid hydrocarbons and aromatic co-products 
(third-generation biofuels) is an underexplored area of science that has tremendous poten-
tial impact. The challenge in using total biomass as fuel and feedstock is deoxygenation of 
sugar polyols and lignins. Only a few homogeneous catalysts have been investigated for 
polyol transformations.21–23 These systems currently rely on precious metals such as Pt, Pd, 
Rh, and Ru and operate under forcing conditions (>100 °C and >700 psi H2). Hydrogena-
tion and hydrogenolysis catalysts are needed that are inexpensive and nontoxic earth-abun-
dant metals or precious metal catalysts that are highly robust and efficient under mild 
conditions and low energy consumption and yielding no waste. Beyond fuels, the success 
of the petrochemical industry in the 20th century bloomed largely on catalytic chemistry, in 
which hydrocarbon (from oil cracking) is functionalized with oxygen. For example, poly-
ethylene terephthalate, which accounts for 18% of the world polymer production, is manu-
factured from ethylene glycol produced from the reaction of ethylene with dioxygen (O2) 
and a silver catalyst.24 Terephthalic acid is produced from the reaction of p-xylene and air 
catalyzed by a Mn2+/Co2+ homogeneous catalyst.25 Analogous catalytic transformations of 
biomass and its individual polymeric components will play an equally important role in 
biorefinery development.

Thermochemical conversion pathways are being explored to produce a bio-oil directly 
from biomass, with subsequent fractionation and catalytic upgrading. Although use of 
fast-pyrolysis to depolymerize biomass is a well-known process, it results in unusable 
products.26 The bio-oils contain hundreds of compounds, have high oxygen content 
(typically 35–40 wt%), degrade over time, and have a heating value less than half that of 
gasoline.27 In contrast, hydropyrolysis of biomass in a fixed-bed mode, in the presence of 
either an iron-based or a Co/Mo catalyst, has been shown to yield increased amounts of 
liquid fuels.28–30 Thermal treatment of biomass results in the formation of vapors, perma-
nent gases, and char, with the relative quantities being temperature- and time-dependent. 
Much of the available knowledge relates to pyrolysis, which occurs at temperatures in the 
400–600 °C range and on the seconds-to-minutes timescale.31 Because it takes place under 
milder conditions than gasification, one of the major advantages of this process is that 
pyrolysis tends to preserve the complex chemical bonds found in biomass. The most 
efficient processes can convert up to 75% of the starting biomass weight into condensable 
vapors, which are then cooled and collected.32 To transform this oil to a useful fuel, it is 
necessary to remove the oxygen, ideally to less than 1 wt%. A catalytic route is desirable 
to achieve this goal, but this task is complicated by the presence of such a large number of 
functionally different and unstable compounds.33,34
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All three pathways now offer routes to liquid hydrocarbon fuels rather than ethanol, overcom-
ing issues of fungibility with existing transportation fuels and compatible performance 
characteristics in engines. The one trillion dollar investment that has been made in existing 
fueling stations and distribution, engines, and pipelines provides a serious challenge to the 
integration of any new fuel that is not compatible with existing infrastructure.2

Tailoring Biomass for Downstream Conversion Processes

Lignocellulosic biorefineries require substantially higher capital expenditure per-gallon 
capacity than starch/sugar ethanol plants or biodiesel plants because biomass processing is 
more complex and entails a greater number of unit operations than conventional biofuel 
facilities. The typical solution to high capital cost is to increase scale by building larger 
facilities. In the case of biomass processing plants and biorefineries, the costs of transporting 
biomass greater distances rises rapidly and can offset, or more, any savings from lower 
per-gallon capital expenditures. It is therefore imperative to maximize the carbon and energy 
efficiencies of conversion processes such that the yield of fuel and chemicals per unit of 
biomass is maximized.

An inherent difficulty is the complex nature of biomass feedstocks at multiple length scales, 
from the heterogeneous structures of cell wall polysaccharides, to the nanoscale structures of 
cellulose microfibrils and macromolecular lignin, to mesoscale domains of wall architecture, 
such as cell junctions that have distinct compositions. Specific architectural features that 
impact the access of hydrolytic enzymes, chemical catalysts, or product extractability include 
the extent of the cross-links between different polysaccharides, interactions between lignin 
and carbohydrates, protein cross-linking, cellulose crystallinity and microfibril size, the 
distribution of lignified tissues in the material, and the ratio of primary to secondary walls.

Plant cell walls have evolved to resist breakdown from microbial and mechanical forces. If 
cell walls are to be efficiently deconstructed, then we need to take advantage of genetically 
defined variation in cell wall architecture to simplify sources of heterogeneity and enable 
carbon-efficient fractionation and catalytic transformations. This knowledge base will provide 
a basis for the design and optimization of processing methods or for the selection of desired 
traits by plant breeding or genetic engineering. Feedstocks, such as switchgrass and maize, 
have cell walls that are characteristic of all grass species, and poplar is an excellent genetic 
model for fast-growing dicotyledonous trees. All are amenable to genetic modification to 
generate future biomass crops tailored to catalytic conversion. Below, we discuss genetic 
strategies for modifying lignin composition and architecture, cellulose and hemicellulose 
biosyntheses, polysaccharide-lignin interactions, and the regulatory control of secondary wall 
formation in specific cell types.
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Adding Value to Plant Biomass Through Modification of Lignin

A critical need is to add value to the lignin moiety of the biomass that is currently used only 
for co-firing to produce heat, a loss of one-third of biomass carbon to CO2. The interest in 
using abundant and inexpensive lignin as a renewable carbon source for bio-based chemicals 
and fuels has increased significantly in recent years.35,36 However, methods for the selective 
conversion of lignin’s complex and heterogeneous phenylpropanoid structure into discrete, 
low molecular weight aromatic compounds need to be developed. Processes developed to 
isolate lignin from its native sources37–39 in various biorefinery scenarios can dramatically 
alter the initial distribution of substructures. For example, β-ether groups that make up as 
much as 50% of the interunit linkages in native lignin can be cleaved and nearly eliminated, 
while the proportion of free phenolic hydroxy groups markedly increases as a result of these 
isolation processes.40,41 These features represent a significant opportunity to enhance the 
ability of the biorefinery to use all components of biomass.

Reduction or modification of lignin composition has been a key focus for overcoming the 
recalcitrance of the plant cell wall to enzymatic digestion of its carbohydrate constituents to 
monosaccharide substrates for fermentation.42–44 However, lowering lignin content, either in 
mutant or transgenic lines, can compromise biomass yields.45–48 Further, this strategy is 
irrelevant to pyrolytic or chemical catalytic conversion processes that use lignin for hydrocar-
bon fuels and aromatic co-products.26

In biochemical conversion pathways, decreasing lignin content may increase release of 
sugars from cell wall polysaccharides with enzyme treatments.49–51 In contrast, plants that 
have been engineered to accumulate chemically altered or higher levels of lignin can 
provide improved feedstock for direct catalytic conversion.52 The phenotypic analyses of 
plants in which phenylpropanoid metabolism is perturbed, as a result of mutation or RNAi 
inhibition of genes encoding pathway enzymes, have revealed that phenylpropanoid flux 
can be rerouted from one branch of the pathway to another. For example, by blocking the 
pathway at ferulate 5-hydroxylase (F5H), aromatics normally converted to 4-hydroxy-
3,5-dimethoxy-substituted syringyl (S) lignin monomers in a wild-type plant are diverted to 
4-hydroxy-3-methoxy-substituted guaiacyl (G) lignin monomers53; by downregulating 
COMT, the aromatics are blocked at 4,5-dihydroxy-3-methoxy-substituted monomers.54,55 
Defects at other biosynthetic steps lead to pleiotropic phenotypes, such as dwarfing and 
sterility. Plants carrying mutations in genes encoding cinnamate 4-hydroxylase (C4H) or 
p-coumaroyl shikimate 3′-hydroxylase (C3′H) exhibit dwarfism.56–58 However, the stunted 
phenotype of a lignin-deficient Arabidopsis mutant is rescued in a genotypic background 
mutated in subunits of the mediator complex, indicating that the yield penalty is not a direct 
consequence of reduced lignin content.59
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In a recent review, Vanholme et al.50 describe the lignin pathway and current knowledge of 
phenolic metabolism and how this knowledge can be used to modify various monomers to 
make lignin less recalcitrant to commonly used pretreatments. Lignin monomers are trans-
ported to the cell wall, where they are polymerized in a combinatorial fashion by free radical 
coupling mechanisms in a reaction mediated by peroxidases and/or laccases.13 These include 
monomers that directly produce a readily cleavable functionality in the polymer (ferulic acid), 
hydrophilic monomers (guaiacylglycerol, feruloyl quinate, feruloyl glucose, isoconiferin), 
difunctional monomers and monomer cojugates linked via a readily cleavable functionality 
(coniferyl ferulate, 3-methoxytyramine ferulate, disinapoyl glucose, diferuloyl sucrose), 
monomers that minimize lignin-polysaccharide cross-linking (caffeyl alcohol, 5-hydroxyco-
niferyl alcohol, epicatechin, epigallocatchin), and monomers that give rise to shorter lignin 
polymers (dihydroconiferyl alcohol, benzenoids).50 A comprehensive study of the effects of 
mutations in genes involved in phenylpropanoid biosynthesis via a combination of transcrip-
tomics, metabolomics, and mass spectrometry revealed branched pathways and potential 
alternative pathways as well as the various mechanisms of compensation.50 While most of 
these mutations did not cause visible phenotypes, large changes at the metabolic and tran-
scriptomic levels were detected. The fact that many of these changes can be made without 
compromising growth indicates that plant developmental plasticity may accommodate large 
changes to wall composition.

There have been many examples of attempts to modify lignin composition by genetic modifi-
cation of genes encoding lignin-biosynthetic enzymes. Cinnamyl alcohol dehydrogenase 
(CAD) catalyzes the last step in monolignol biosynthesis. Downregulation of this gene 
through RNAi-mediated silencing in switchgrass significantly reduced CAD activity, resulting 
in significantly less lignin and cutin compared to wild type and higher incorporation of 
hydroxycinnamyl aldehydes in lignin.60 Downregulation of switchgrass caffeic acid O-meth-
yltransferase (COMT) also resulted in reduced lignin content, as well as an reduced 
syringyl:guaiacyl lignin monomer ratio.61 In a study comparing various lines of transgenic 
poplar, overexpression of ferulate 5-hydroxylase (F5H) shifted the ratio of lignin monomers, 
favoring syringyl lignin without impacting total lignin content. Suppression of p-coumarate 
3′-hydroxylase (C3′H) significantly reduced total lignin content. After subjecting the two lines 
to various pretreatments, the C3′H mutant proved less recalcitrant, suggesting that it is total 
lignin content rather than the monomer ratio that impacts pretreatment.62

Many modifications of lignin biosynthesis confer favorable bioprocessing characteristics.63 
Modifying lignin content and S:G ratio have been demonstrated to reduce energy inputs for 
pulp and paper processing and the recalcitrance of lignocellulosic biomass to enzymatic 
saccharification.46,64 In transgenic poplar with almost entirely syringyl (S) lignin,65 the 
increased efficiency of kraft pulping66 and effectiveness of hot water pretreatment in glucose 
yield after enzymatic digestion67 were attributed to the linear structures of S lignin and their 
low degree of polymerization. Differences in processing efficiencies are also observed among 
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natural genetic variants in lignin content in poplar.68 Simultaneous overexpression of F5H and 
downregulation of caffeic acid O-methyl transferase results in a unique form of lignin with 
more than 90% benzodioxane units.63,69 Mu-insertional mutant populations can be screened 
for lignin-biosynthetic genes, such as maize CCR1 showing modified lignin and enhanced 
digestibility, but normal growth and development.70 In switchgrass, RNAi-mediated gene 
silencing of two homologs encoding 4-coumarate:coenzyme A ligase (4CL) reduces G lignin 
and total lignin content and enhances digestibility.71 In sorghum, downregulation of one 4CL 
leads to increased expression of other enzymes to compensate for this change.72

Because of our limited understanding of the networks of genes and their feedback interactions, 
forward genetics remains a powerful tool in biofuels research. Because feedstock behaviors in 
conversion pathways are complex traits involving multiple genes, several studies focus on the 
use of populations of recombinant inbred lines to identify cell wall73 and biofuel production-
related quantitative trait loci74,75 or a meta-analysis of digestibility-related traits as a proxy for 
saccharification,76 or naturally occurring poplar populations77,78 or maize landraces.74 The 
extensive numbers of lines in recombinant inbred or association mappling populations  
imply the need for novel and rapid phenotyping capabilities that are designed to screen for 
desirable biomass traits. High-throughput pyrolysis molecular-beam mass spectrometry and 
mid-Infrared (IR) spectroscopy,79 and Fourier-Transform Near-Infrared (FT-NIR) spectros-
copy80–82 have all been used in various high-throughput screens with glycomics profiling.83 At 
lower throughput, solution-state two-dimensional nuclear magnetic resonance (NMR) provides 
compositional information without the need to deconstruct or fractionate its components.84

Studer et al.68 noted that sugar release was significantly higher in certain poplar genotypes 
with normal lignin content, inferring that cell wall characteristics other than lignin influence 
recalcitrance. Thermochemical pretreatments of biomass by steam explosion reach tempera-
tures above the range for lignin phase transition cause lignin to coalesce into molten bodies 
that redistribute within the biomass.85 After high-temperature steam pretreatment of cell walls 
isolated from members of maize recombinant inbred lines,86 saccharification yield of glucose 
and xylose is uncorrelated with lignin abundance and quantitative trait loci for lignin abun-
dance and those for saccharification yield of glucose or xylose do not overlap.87 Genome-
wide association studies (GWAS), which take advantage of linkage disequilibrium generated 
by ancestral recombinations in populations with wide variation, generate a refined list of 
genes highly likely to contribute to the trait investigated.88–90 When GWAS was applied to 
saccharification yield and lignin abundance genotype-structured association panel of 282 
maize lines covering 80% of the total genetic diversity,88 exceptionally strong candidate genes 
include those that encode several other transcription factors associated with vascularization 
and fiber formation and components of cellular signaling pathways in addition to those 
expected to function in cell-wall metabolism.87 These results provide new insights and 
strategies beyond modification of lignin composition to enhance yields of biofuels and 
bioproducts from genetically tailored biomass.
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Redesigning Cellulose Microfibrils for Ease of Disassembly

Lowering the high crystallinity of cellulose is a key target for enhancing efficiency of disas-
sembly for conversion.43 We have gained much knowledge recently on the structure of a 
bacterial synthase that has inspired more cogent comparisons with plant synthases.91 An 
understanding of the active site construction and mechanism of synthesis with knowledge of 
the unique plant synthase features required for assembly into large complexes enables strate-
gies to redesign the cellulose microfibril.

In plants, the (1→4)-β-D-glucan chains of cellulose are synthesized at the plasma membrane 
by large membrane complexes termed “particle rosettes.”92,93 Particle rosettes are six-mem-
bered hexagonal arrays of an estimated six cellulose synthases (CesAs) each. CesAs are 
intrinsic membrane proteins of about 110 kDa, with channels for extrusion of β-glucan chains 
comprising eight membrane-panning domains, subtended by their catalytic domains of about 
60 kDa extending into the cytoplasm.94 The Zn-binding “RING” finger domain near the 
N-terminus is thought to couple the CesAs into rosette particles.95

The two to three dozen β-glucan chains generated by the rosette complex give an estimated 
microfibril diameter of around 3.6–3.8 nm for para-crystalline structures of cellulose.96 
However, solid-state 13C-NMR spectroscopy and neutron and X-ray diffraction indicate 
smaller microfibril diameters of about 2.7–3.0 nm, corresponding to crystalline portions of 
the microfibril of only 18–24 glucans.97,98 Because amorphous domains are invisible to X-ray 
diffraction, up to18 non-crystalline β-glucan chains surface might coat the microfibril in a 
way that promotes tight interaction with non-cellulosic glycans, such as xyloglucans, gluco-
mannans, and xylans. Higher order of complexity leading to recalcitrance to disassembly can 
occur by bundling of microfibrils.99 In summary, altering the microfibril crystallinity by 
introduction of alternative sugars or linkages into the microfibril, altering the number of 
β-glucan chains per microfibril to reduce the proportion of crystalline domains in favor of 
amorphous ones, and interference with bundling with altered non-cellulosic glycans without 
changing the functional architecture of the cell wall are all targets for improving cellulose 
availability by easing disassembly.

The three-dimensional crystal structure of the bacterial cellulose synthase A (BcsA) synthase 
gives a significant conformation of the amino acids that function in uracil-diphosphate 
glucose (UDP-Glc) binding, chain termination positioning and catalysis of glycosyl transfer.91 
However, structure modeling of a plant CesA is compromised by the addition of two plant-
specific sequences, the plant-conserved region (P-CR) and class-specific region (CSR), within 
the catalytic domain that have no bacterial cognates.94,100 When the P-CR and CSR are 
excluded from the catalytic domains, good conservation of the active site defined by the four 
catalytic motifs and other amino acids with the BcsA is found.101 Olek et al.102 used several 
threading and structure prediction models to show the catalytic motifs give similar active site 
conservation. Further, the catalytic domain shares substantial structural homology with other 
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related glycosyl transferases to BcsA to classify it as a new nucleotide-binding fold.102 
Although protein engineering can be explored as a means to alter nucleotide-sugar specificity 
of the active site, the uncertainty about the structural and functional relationships of the P-CR 
and CSR domains subtending the active site must be resolved before meaningful strategies to 
modify the cellulose synthase complex can be designed.

Modification of Accessory Proteins for Altering Cellulose Microfibril 
Structure

Amor et al.103 first proposed that a sucrose synthase (SuSy) associated with the plasma 
membrane constituted a “metabolic channel” to funnel a pool of UDP-Glc into the cellulose 
synthase complex. However, several lines of data have cast doubt on a requirement for SuSy 
in cellulose synthesis, although it may function facilitatively in vivo. A quadruple mutant that 
eliminates all detectable SuSy has no effect on rates of cellulose synthesis in Arabidopsis.104 
However, overexpression of SuSy in transgenic poplar results in significant increases in 
cellulose content.105 Thus, enhancing amounts of SuSy in the absence of overexpression of 
the components of the cellulose synthase complex is a reasonable strategy to enhance yields 
of cellulose.

Several interactions of CesAs with other proteins have been inferred from mutants whose 
phenotypes include disruption of cellulose synthesis. KORRIGAN, a transmembrane-contain-
ing endo-(1→4)-β-D-glucanase, co-localizes with CesAs at the plasma membrane and is 
required for cell growth and cellulose deposition, but a specific function has never been 
elucidated.106 Members of COBRA, a large gene family encoding glycosyl phosphatidylinosi-
tol-anchored membrane associated protein, also co-localize to the plasma membrane with 
CesAs. They do not appear to function directly in synthesis of the glucan chains, but might 
play a role in the orientation and patterning of both cellulose and lignin during wall deposi-
tion.106 Mutants showed disruption of growth phenotypes traced to defects in wall apposition, 
with different isoforms associated with normal primary- or secondary-wall cellulose biosyn-
thesis in grasses.107–109 Their absence gives rise to stem “brittleness” without change in tensile 
strength in stress-strain experiments.110 Because some studies indicate that COBRAs might 
function in crystallization, they are also potential targets to alter recalcitrance properties of 
cellulose. Modulation of expression of secondary wall COBRAs might have a utility in wall 
densification or fragmentation during processing.

Modifying Xylan Composition and Architecture in the Interstitial Space

Xylan is the major hemicellulose in cereals and hardwood. The backbone of β-1,4-linked 
d-xylose backbone is decorated with l-arabinose (arabinoxylans) in grasses, but d-glucuronic 
acid (glucuronoxylans) in hardwoods. Galactomannan is the major hemicellulose in gymno-
sperm cell walls (12–15%) with a backbone of β-1,4-linked d-mannose residues.
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Secondary wall glucuronoxylan (GX) synthesis in dicots appears to involve a tetrasaccharide 
initiation sequence, β-D-Xyl-(1→3)-α-L-Rha-(1→2)-α-D-GalA-(1→4)-D-Xyl, located at the 
reducing end of the xylan polymer.111 Peña and colleagues found that two mutants deficient in 
xylan, irx8 and fra8, are essentially devoid of this sequence resulting in a broad distribution 
of polymer lengths. In contrast, xylans of irx9 are very short, and nearly all of them contain 
the tetrasaccharide. York and O’Neill112 suggest a two-step model in which the tetrasaccha-
ride is a primer for synthesis of short chains of (1→4)-β-D-xylan, which are then spliced 
together after cleavage of the primer sequence. At least three families of glycosyl transferases 
are involved in synthesis of the xylan backbone. The GT8 family of retaining-type glycosyl 
transferase genes encodes IRX8 (GAUT12) and PARVUS (GATL1), and the GT47 family of 
inverting-type glycosyl transferase genes encode IRX7/FRA8, which are involved in synthe-
sis of the primer.111,113 The GT43 family of inverting transferase genes encode IRX9 and 
IRX14, are the apparent synthases of the (1→4)-β-D-xylan oligomeric backbones. Double 
mutants of IRX10 and IRX10-L from GT47 have greatly reduced GlcA substitutions.114 
Double mutants of irx15 and irx15L have markedly decreased amounts of xylans, and methyl 
derivatives of GlcA replace the acid form as the xylan side-group.115,116

Additional glycosyl transferases add side-group sugars of the GX and GAX polymers.117 
Double mutants with two defective glucuronosyl (GlcA) transferases, gux1 and gux2, produce 
xylans with reduced GlcA and 4-O-methyl GlcA substitutions, resulting in normal plants with 
more easily extractable xylans.118,119 GUX1 and GUX2 are not functionally redundant. 
GUX1 decorates xylan with [Me]GlcA at evenly spaced intervals of mostly eight or 10 
residues. In contrast, GUX2 produces more tightly clustered uronosyl residues with more 
frequent spacing of five to seven xylosyl residues.119 Further, xylan substitution is not homo-
geneous, and the existence of differently decorated [Me]GlcA domains might produce xylans 
with different functional properties, specialized for interaction with cellulose or lignin.119 The 
frequency and spacing of [Me]GlcA residues along the xylan chain are expected to have 
significant structural and functional implications. Xylan chains are generally thought to form 
three-fold left-handed helical screw axis.120 Bromley et al.119 propose that an even [Me]GlcA 
spacing pattern favors a flat two-fold screw ribbon structure capable of interacting with 
cellulose microfibrils, placing all GlcA residues on one side of the chain away from the 
microfibril. This adds surface charge to the microfibril that could impact interaction with 
other molecules, such as lignin. Conversely, irregularly spaced [Me]GlcA would prevent 
adoption of a flat ribbon conformation121,122 and, consequently, block the ability of the xylan 
to bind to microfibrils.

Proteomic analyses of isolated GAX synthase complexes from wheat membranes implicate a 
close interaction of GT43 and GT47 family members with a GT75 UDP-Ara mutase, an 
enzyme that interconverts the UDP-arabinopyranose and UDP-arabinofuranose required for 
incorporation into the polysaccharide.123 Xylans and several other polysaccharides can be 
heavily acetylated, and acetylation can impact wall susceptibility to enzymatic degradation. 
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Notable is the discovery of a small four-member gene family in Arabidopsis homologous to 
bacterial O-acetyl transferases responsible for reduced wall acetylation (RWA).124,125 These and 
other biosynthetic genes represent key targets to alter the fine structures of hemicelluloses, while 
preserving their functions in modulating the hydrophilicity of microfibril surfaces.

Modulating Gene Expression Networks to Alter Lignin and Carbohydrate 
Composition and Architecture

Regulatory genes control the transcription of cell wall-related gene networks in specific cell 
types and at different developmental stages. Control over regulatory gene expression may 
therefore allow more global modulation of wall composition, particularly because not all 
components of biosynthetic pathways are known. Corngrass1 encodes a microRNA that 
promotes juvenile cell wall morphologies. Its overexpression in switchgrass resulted in up to 
250% more starch, releasing more glucose in saccharification assays.126 Flowering was also 
inhibited, pointing to potential domestication and limitation of transgene flow into native plants.

Efforts to understand how vascular and fiber cell fate is determined is beginning to yield a 
wealth of information about regulatory cascades.127–129 For vascularization of the stem, the 
breakthrough came a few years ago with the discovery of a class of Arabidopsis NAC domain 
transcription factors (VND6, VND7, SND1, and NST1) that regulate several downstream 
transcription factors to specify tracheid and fiber cell fates.130–132 MYB46 and MYB83 are the 
direct targets of the NACs,133,134 which function together to activate a cascade of downstream 
NAC and MYB domain proteins that directly regulate secondary cell wall programs.135,136 
Orthologous NAC and MYB transcription factors have been identified in woody species128,129 
and grasses.137,138 Ectopic lignification without polysaccharide deposition occurred in many 
different cell types as a result of overexpression of MYB58 or MYB63.139 SND1 and MYB46 
regulate expression of MYB58 and MYB63, which in turn regulate genes of the monolignol 
synthesis pathway. Heterologous expression of SbbHLH1 upregulated transcription factors 
MYB83, MYB46, and MYB63 and downregulated lignin synthesis genes 4CL1, HCT, 
COMT, PAL1, and CCR1.140 SbbHLH1 may be involved in a feedback mechanism that acts 
on the MYB transcription factors. Aromatic and carbohydrate pathways of secondary wall 
formation can be independently regulated.

While promoters of most genes of the monolignol biosynthetic pathway possess target 
AC-response elements for regulation by MYB58 and MYB63, the odd gene out is F5H, 
which lacks the AC-element and is regulated directly by NST1/3.139,141 Mutations in NST1 
result in impaired lignin monomer synthesis and subsequent reduction in lignin content (Zhao 
et al., 2010b), but F5H expression is reduced 25-fold, compared to only two-fold reductions 
in other genes of the biosynthetic pathway.142 MYB genes also serve as repressors of second-
ary wall synthesis, and their downregulation is coordinated with the upregulation of the NST 
genes.129 Mutations in a WRKY transcription factor that represses secondary wall 
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development in pith cells, is associated with ectopic deposition of cellulose and xylan in these 
cells, increasing biomass density by almost 50%.143 A rice homolog of Arabidopsis shine/wax 
inducer (SHN/WIN), a member of the AP2/ERF family of transcription factors previously 
shown to be involved in wax/cutin lipid regulation and drought tolerance, was shown to up 
regulate cellulose synthesis and down-regulate lignin biosynthesis.144 Discovery of these 
types of activators and repressors of secondary wall formation may be used to enhance 
biomass accumulation in multiple cell types.

Conclusions

In this chapter, we envision that revolutionary advances in the production efficiencies by which 
biomass carbon is converted into biofuels and other energy-rich molecules underpin a bioecon-
omy derived from a billion tons of biomass. Both the yield and the quality of biomass can be 
improved using the tools of plant molecular biology and genetic engineering synergistically 
with improvements in the selectivity and yield of desired products with innovations in catalyst 
and engineering design. A critical need is a molecular-level understanding of catalyst–biomass 
interactions and determination of the physical descriptors that control reactivity and selectivity. 
This new fundamental knowledge will form the basis for the next-generation catalysts and 
reaction chemistry for conversion of biomass to liquid fuels and high-value chemicals.
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CHAPTER 5

Processive Cellulases
David B. Wilson
Department of Molecular Biology and Genetics, Cornell University, Ithaca, NY, USA

Structural and functional studies of cellulases have identified three functionally different classes 
of cellulases, all of which are capable of acting synergistically with cellulases from other classes 
on crystalline cellulose: endoglucanases, processive endoglucanases, and exocellulases.1 Known 
cellulase sequences are listed in the CAZy web site.2 The extreme diversity of cellulases, 
probably results from the enormous diversity of plant cell walls.3 Consistent with this, some 
cellulase sequences show evidence for positive selection.4 Endoglucanases are the most 
abundant class, and they occur in 11 of the 12 cellulase families. They possess open active site 
clefts that can bind to any accessible site along a cellulose chain. These enzymes make one or a 
few cleavages around their binding site and then dissociate. Because cellulose oligosaccharides 
longer than cellohexose are insoluble, most endocellulases produce about 30% insoluble 
reducing ends and 70% soluble reducing sugars, which are mainly cellobiose, because larger 
soluble oligosaccharides are rapidly cleaved to cellobiose by these enzymes. An endocellulase 
that is preferentially bound near the end of a cellulose chain could produce mainly soluble 
reducing sugars, but few if any such enzymes are known.

The first processive endocellulase to be well characterized was Thermobifida fusca Cel9A, 
which produces about 87% soluble reducing ends.5 This enzyme contains a weakly binding 
family 3 carbohydrate binding module (CBM), which is rigidly attached to the family 9 cata-
lytic domain (CD). A cellulose chain modeled into its active site also lies along the binding 
surface of the CBM.6 Thus this CBM is an integral part of the catalytic site of this enzyme. 
Removal of the family 3 CBM converted this enzyme into a nonprocessive endocellulase that 
produced only 44% soluble reducing ends, which makes it the least processive endoglucanase 
characterized so far.7 Another unusual property of this enzyme is that in its processive mode, it 
initially produces cellotetraose, while most processive cellulases produce mainly cellobiose. As 
digestion proceeds, the dominant product is cellobiose, because cellotetraose is readily cleaved 
to cellobiose by this enzyme. It appears that Cel9A, which has an open active site cleft, initially 
binds to any accessible site along a cellulose chain like other endocellulase, but after it cleaves 
the chain, the fragment bound to the weakly binding CBM can rebind into the active site, 
allowing the enzyme to processively cleave cellotetraose from the nonreducing end of the 
cellulose chain. This process continues until the enzyme finally dissociates. Similar enzymes 
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have been found in many cellulolytic bacteria, including anerobic bacteria-producing cellulo-
somes. In fact, it appears that in cellulosomes this type of cellulase has replaced the nonreducing 
end specific family 6 exocellulase.8 There is a good reason for this, because it appear that 
anaerobic bacteria need to produce oligosaccharides with an average length of four glucose 
residues to obtain enough energy for growth on cellulose, and an exocellulase mainly produces 
cellobiose, while the processive endoglucanase produces mainly cellotetraose.9 Another class of 
processive endoglucanases, which are in family 5, were found in Saccharophagus degradans, in 
the brown rot basidiomycete, Gloeophyllum trabeum, and in the mushroom, Volvariella 
volvacea.10–12 While their mechanism is not well studied, they do not require a CBM for 
processivity, suggesting that their processivity is determined by the affinities of the glucose-
binding subsites in their CD. This type of processivity is well studied in certain chitinases.13

Exocellulases are the largest class of processive cellulases and were the first ones to be identified. 
There are two types of exocellulases, one type attacks the nonreducing end of a cellulose chain, 
cleaving off cellobiose, and these enzymes are all in family 6.14 Trichoderma reesei Cel6A was 
the first cellulase CD to have its structure determined, and its active site is present in a tunnel, as 
are those of every known exocellulase.15 The other type of exocellulase attacks the reducing end 
of cellulose chains, again processively cleaving off cellobiose residues. It is surprising that most 
fungal reducing end exocellulases are in family 7, while all bacterial reducing end specific 
exocellulases are in family 48. Anaerobic fungi, which are present in the rumen, contain family 48 
exocellulases that are similar to those in rumen bacteria, suggesting that they were acquired by 
horizontal gene transfer.16 It is not clear why there are two structurally different families of 
reducing end specific exocellulases and only one family of nonreducing end specific exocellu-
lases. However, one possible explanation is that family 7 exocellulases might not be able to fold 
up in an anaerobic environment, so that anaerobic bacteria evolved family 48 exocellulases. 
However, this would not explain why all aerobic bacteria produce family 48 exocellulases, 
although family 7 exocellulases are significantly more active than family 48 exocellulases.

It has been shown that a family 7 exocellulase can synergize with both purified and crude  
T. fusca cellulases, and all the mixtures showed higher activity than the corresponding mixtures 
containing T. fusca Cel48A.7 Exocellulases do not appear to cause internal cleavage of cellulose, 
as shown by their very high production of soluble reducing ends (93–95%) and their inability to 
reduce the viscosity of Carboxymethylcellulose (CMC), although there are claims in the literature 
that exocellulases will occasionally make such cleavages.17,18 The low level of insoluble reducing 
ends produced by an exocellulase (5–7%) may result from the enzyme exposing preexisting 
reducing ends that were hidden underneath cellulose chains that it hydrolyzed.

A key limitation in studying cellulase processivity is the lack of a simple direct assay for 
determining how processive an enzyme is. Processivity is defined as the average number of 
cleavages made by a cellulase on cellulose chains before it dissociates. The determination of 
the number of soluble reducing ends versus the number of insoluble ends produced by a 
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cellulase gives a rough measure of processive, but does not give an accurate value for the 
processivity of the enzyme. This assay is most simply run on filter paper discs in which the 
disc can be removed after it is incubated with an enzyme, rinsed, and the amount of insoluble 
ends in it can be determined by a reducing sugar assay. The supernatant can be assayed for 
reducing sugars to determine the amount of soluble reducing ends.7 A more quantitative assay 
for exocellulases is to incubate the enzyme with a cellulose substrate and determine the ratio 
of cellobiose to cellotriose produced by HPLC. This assay assumes that the initial positioning 
of a cellulose chain either results in the first cleavage product being cellobiose or cellotriose 
and that half of the cellulose chains will bind in each way. This occurs because every other 
glucose residue in cellulose has a different stereochemistry, and each glucose subsite in a 
cellulase is specific for one stereochemistry. After the first cleavage, every subsequent cleav-
age will produce cellobiose, so that the ratio of cellobiose to cellotriose gives the processivity 
of the enzyme. This assumes that the enzyme does not cleave cellotriose. If it does cleave 
cellotriose the amount of glucose will determine how much cellotriose was cleaved, so that 
the processivity is the amount of cellobiose—glucose/cellotriose + glucose. This assay relies 
on a number of assumptions that have not been tested and probably underestimates processiv-
ity. Processivity also has been assayed by modifying the reducing ends in the cellulose 
substrate and then dividing the amount of soluble reducing sugar produced by the enzyme by 
the amount of insoluble reducing ends it produces.19 The most direct measure of processivity 
is to follow the movement of individual cellulases on a cellulose fiber using scanning atomic 
force microscopy.20 This assay has been carried out for T. reesei Cel7A and Cel6B, and the 
results were very different, as Cel7A was very processive, while Cel6A did not show proces-
sivity at the resolution of this measurement.20 The distance moved by the measured Cel7A 
molecules gave a processivity of about 20–40, but there could be some molecules that only 
move a short distance that would not have been seen due to the limited resolution of the 
technique. This would reduce the bulk processivity measured by the other assays, which 
measure the average processivity of a large population of molecules. Another approach to 
study the processivity of individual cellulase molecules is to label them with a fluorescent 
group and observe them by confocal imaging.21 A study of three cellulases, Cel5A, an 
endocellulase, Cel6B, an exocellulase, and the processive endocellulase, Cel9A, did not see 
evidence for processive movement of any of these enzymes, possibly because of its low 
resolution (about 20 nm). Each of the enzymes showed different behavior on the cellulose, but 
there was no evidence of surface diffusion for any of them. Cel5A was more mobile than the 
other two enzymes, possibly because its CD dissociates faster because it is not processive.21 
Surface diffusion had been reported for a Cellulomonas fimi endocellulase by photobleaching 
of fluorescent cellulase, but it appears that the restoration of fluorescence was caused by 
reattachment of unbound cellulases, not surface diffusion.22

An important property of cellulases acting on crystalline cellulose is synergism, because 
some cellulase mixtures have significantly higher activity than the sum of the activities of 
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each individual enzyme. The specific activity of an effective mixture of multiple cellulases 
can be more than 10 times that of any individual cellulase. Synergism is rarely seen in 
mixtures of two cellulases in the same class, i.e., two different endocellulases. It is seen in 
mixtures of an endocellulase and an exocellulase, mixtures of a processive endocellulase 
and any other class of cellulase, and mixtures of a reducing end attacking exocellulase and 
a nonreducing end attacking exocellulase.23 At this time, mixtures of family 5 and family 9 
processive endocellulases have not been tested for synergism. While there is still a great 
deal to be learned about cellulase synergism, it appears that an important cause is the 
limited amounts of accessible substrate for individual cellulases. Thus, if two cellulases 
attack different sites on the cellulose particle and create new substrates for each other, they 
will give synergism. For example, an endocellulase will create more ends for either type of 
exocellulase, and an exocellulase may create new accessible sites for an endocellulase by 
modifying the cellulose surface as it moves along a cellulose chain. It is interesting that 
cellulose incubated with an endocellulase, which is then removed, is a better substrate for 
an exocellulase then untreated cellulose, because it contains more chain ends.24 However 
the reverse is not true, although studies of synergism in a mixture of an endocellulase and 
an exocellulase show that both enzymes were stimulated.7 A processive endocellulase is 
both creating new ends for exocellulases and disrupting the neighboring chains during its 
processive stage, thus allowing it to synergize with both endocellulases and exocellulases. 
T. fusca Cel9A has the highest activity on crystalline cellulose of any cellulase, possibly 
because it can synergize with itself.

Exocellulases are significantly less active than good endocellulases on most substrates and 
somewhat less active on crystalline cellulose, but they are the most abundant cellulases in 
most cellulolytic microorganisms grown on cellulose. For T. reesei, an active celluloytic 
fungus, the reducing end specific exocellulase, Cel7A, makes up nearly 70% of the total 
cellulase protein,25 while for the bacterium T. fusca, the comparable enzyme Cel48A makes 
up about 35%, and its other exocellulase is another 35% of the total cellulase protein.26 The 
difference between the two organisms may reflect the fact that Cel7A is significantly more 
active than Cel48A. Inactivation of either T. fusca exocellulase in T. fusca crude cellulase by 
treatment with a specific antiserum causes a major loss of activity on bacterial cellulose, 
showing that both exocellulases are responsible for a significant fraction of the activity of  
T. fusca crude cellulase.

It appears that the rate-limiting step for crystalline cellulose hydrolysis is the placement 
of a segment of a cellulose molecule into the active site of the cellulase. The change in 
cellulose hydrolysis rate with temperature is too high for this step to simply be diffusion 
of the cellulase to an accessible site on the substrate, so that the enzyme must participate 
in placing the cellulose molecule into the active site. To design cellulases with improved 
activity on crystalline cellulose, it is necessary to identify the residues in the cellulase 
that help place a cellulose molecule into its active site. It seems likely that in an 
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exocellulase, the residues on the surface of the cellulase close to the entrance to the active 
site tunnel will carry out this step. As shown in Figure 1, there are a limited number of 
such residues at the entrance of the tunnels for the three family 48 exocellulases: T. fusca 
Cel48A, Clostridium thermocellum CelS, and Clostridium cellulolyticum CelF, in which 
three dimensional structures are known. All of the tunnel entrance residues in all three 
enzymes potentially can bind to cellulose, and there is about a three-fold enrichment of 
aromatic residues among these residues for all three enzymes, as compared to the total 
enzyme surface. However, only one of the four aromatic residues in T. fusca Cel48A are 
conserved in all family members. We have mutated each of the aromatic residues in T. 
fusca Cel48A to Ala, and in each case the mutant enzyme had reduced activity on crystal-
line cellulose and normal activity on the soluble substrates cellohexose and cellopentose, 
showing that each one of these residues is specifically required for crystalline cellulose 
activity.27 Mutating either of two nonaromatic residues to Ala did not change activity on 
crystalline cellulose. These results suggest that it is the aromatic residues near the tunnel 
entrance that function to place a cellulose end into the active site tunnel, but we do not 
know exactly how this would occur. It is interesting that the four aromatic residues at the 
tunnel entrance are in a line.

There is an excellent review about the role of processivity in the hydrolysis of crystalline 
substrates that is focused on chitin hydrolysis, but also extensively discusses cellulose 
hydrolysis.28

There are several important questions about exocellulase processivity that still have not been 
answered. One is how the cellulose chain, which remains in the active site tunnel after the 

Figure 1
Surface residues near the tunnel entrance of three family 48 cellulases.
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cleaved cellobiose has dissociated, is able to be moved to fill the empty subsites, given the 
many interactions that exist between the cellulose chain and the enzyme? Another is what 
causes the enzyme to dissociate from a cellulose chain, given the many interactions between 
them? Studies of the affinity of cellulases and inactive mutant cellulases to cellulose, both 
with and without their CBM, show that Wildtype (WT) CDs have a low affinity, while the 
inactive mutant CDs have a high affinity to cellulose, and this is true of both endocellulases 
and exocellulases.28 The low affinity of exocellulase CDs to cellulose seems surprising, given 
that even after cleavage there are many interactions between the CD and the cellulose chain, 
and the CD is processive so that it should not dissociate after each cleavage event. At present, 
the reasons for these findings are not known. Finally, the way in which exocellulases tran-
siently disrupt a cellulose substrate so that they increase the activity of endocellulases in 
synergistic mixtures is not known.
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CHAPTER 6

Bacterial AA10 Lytic Polysaccharide 
Monooxygenases Enhance the Hydrolytic 
Degradation of Recalcitrant Substrates
Nathan Kruer-Zerhusen, David B. Wilson
Department of Molecular Biology and Genetics, Cornell University, Ithaca, NY, USA

Substrate Recalcitrance and Cellulase Mixtures

Polysaccharide macromolecules are produced by numerous organisms for structural and 
energy storage roles. Structural cellulose is the most abundant of these structural polysac-
chrides, comprising up to 50% of plant dry weight.1 Biomass represents a sustainable supply 
of feedstock material for bioconversion into liquid fuel and other materials such as plastics. 
Cellulose is advantageous for fermentative liquid fuel production because saccharification 
results in pure glucose, which can be used directly for many bioconversion applications. The 
chemical composition of cellulose is simple, being made up of linear glucose chains, but 
degrading it into monomeric components is hindered by its structural complexity within 
biomass. Lignocellulosic plant biomass is composed of cellulose microfibrils forming layers 
crosslinked by hemicellulose and embedded in lignin. This complex structure limits the 
efficiency of saccharification to usable components and increases the expense of plant bimass 
feedstock conversion to liquid fuels.2

Cellulose is made up of repeating cellobiose units of glucose monomers linked by β-1,4 
glycosidic bonds.1 Long cellulose polysaccharides can have a very high degree of  
polymerization (DP), with polymers made up of thousands of glucose monomers. These 
polysaccharides stabilize each other within the cellulose structure, with the equatorial 
oxygen atoms of glucose rings forming inter- and intramolecular hydrogen bonds. Nonco-
valent bonds between adjacent chains form a cellulose sheet that interacts with adjacent 
sheets through van der Waals forces and planar stacking interactions.3 Ordered cellulose 
polysaccharide chains are stabilized by this network of interactions and form the crystalline 
core of microfibrils whereas surface chains are more solvent exposed and may have a more  
amorphous structural character.
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Within plant biomass, many cellulose microfibrils overlap to form a matrix of fibers. The 
molecular interactions forming stable networks on multiple scales allow cellulose to provide 
structural rigidity to plant cell walls. In addition, these interactions cause cellulose to be very 
recalcitrant and resist degradation by chemical and enzymatic means.3 The tight structure of 
cellulose microfibers resists depolymerization by preventing enzymes from accessing 
digesible material. This provides cellulose with very high stability over time, with the glyco-
sidic bonds of intact cellulose having a hypothesized half-life of 5 million years at neutral pH 
in the absence of catalysts.4

Chitin is the second most abundant crystalline biopolysaccharide, found as structural material in 
many insects and crustaceans. It is similarly structurally resistant to degradation, but it is less 
densely packed because of the presence of an acetamido group at the 2-hydroxy position.5

Biomass produced by plants for structural and storage roles characteristically has a high 
degree of recalcitrance to chemical and enzymatic depolymerization. Biomass recalcitrance is 
defined as the chemical and physical properties preventing the degradation of lignocellulose 
into components via microbial or enzymatic means. This recalcitrance is a major limiting 
factor in insoluble polysaccharide enzymatic saccharification.2 In addition to the structure of 
crystalline cellulose, hemicellulose and lignin contribute to biomass recalcitrance by restrict-
ing the access to cellulose. By covering cellulose microfibers, hemicellulose and lignin 
present a physical barrier to chemical and enzymatic substrate access.

Hemicelluloses are more structurally complex than cellulose. They are made up of polymeric 
branching macromolecules of saccharide monomers, such as xylans, mannans, and glucans. 
Hemicellulose serves to interact directly with cellulose microfibers and form connections 
between adjacent fibers, with pectin cross-linking them to other matrix components.2 Hemi-
cellulose has less crystallinity and is more readily digestible than cellulose, although struc-
tural branching and acetylation can increase the difficulty.6 Microbes secrete multiple 
enzymes as part of their system of degradative enzymes to digest these cross-linking 
co-polymers.7

Lignin is a more complex polymer composed of differing aromatic subunits. Lignin surrounds 
the cellulose microfibers and covalently links the associated hemicellulose to form a hydro-
phobic encasing material. Lignin provides structural strength to biomass through these 
inter- and intramolecular covalent linkages.8 The insoluble polyphenolic structure of lignin 
makes it very difficult to degrade, requiring specialized oxidative enzymes or harsh chemi-
cals. The enzymatic mechanisms of microbial lignin depolymerization are still not fully 
characterized.

Biomass pretreatment is used to remove the hemicelluloses and lignin, which blocks enzyme 
access to cellulose microfibrils. The first step for biomass saccharification is to reduce the 
substrate recalcitrance by performing a physical or chemical pretreatment. This pretreatment 
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improves enzymatic hydrolysis by removing noncellulosic material to expose the crystalline 
cellulose microfibers to enzymatic digestion. The crystalline nature of cellulose microfibers 
themselves causes a high degree of recalcitrance. Saccharification of this cellulose to free 
sugars is still limited by the crystalline structure.

Model polysaccharide substrates for investigating recalcitrance and enzymatic degradation 
include Avicel, phosphoric acid swollen cellulose (PASC), filter paper, bacterial cellulose 
(BC), and pretreated lignocellulosic biomass. Depending on the degree and type of mechani-
cal and chemical changes during preprocessing, these substrates can have different amor-
phous regions, crystallinity, DP, and productive binding surfaces. In particular, PASC is 
dramatically affected structurally during processing, with acid treatment reducing cellulose 
chain order. This enables investigation into enzyme function on a substrate with significantly 
reduced crystallinity compared with other cellulose forms.9

In addition to plants, crystalline cellulose is produced by the bacterium Acetobacter xylinum. 
BC is a useful model substrate for cellulose digestion because it is composed of pure cellu-
lose microfibers without inhibiting hemicellulose or lignin. BC is structurally analogous to 
the crystalline core of plant microfibrils, being made up of rectangular fibers packed into 
ribbons, which then overlap. This ribbon structure gives BC high crystallinity while also 
having high surface area. Compared with other cellulose model substrates, such as filter paper 
and Avicel, BC has a significantly lower DP.1

A theoretical cellulose microfiber can be perfectly crystalline in packing, but actual cellulose 
substrates are structurally heterogeneous. Features in the cellulose such as pits, surface micro-
pores, and capillaries give cellulose a higher total surface area compared with an ideal microfiber 
of the same size.1 Heterogeneous substrate regions affect cellulase kinetics on chemically homog-
enous crystalline cellulose substrates such as BC and Avicel. The heterogeneity of cellulose 
crystallinity is thought to be the major contributing factor to the nonlinear kinetics of cellulases.10

Some microbes are able to degrade biomass to liberate usable sugar compounds. By secreting 
cellulases, hemicellulases, and lignin oxidases, these microbes efficiently degrade the heter-
ogenous co-polymer composition of plant cell walls.7 Thermobifida fusca is a ubiquitous cell 
wall-degrading gram-positive actinomycete found in aerobic soils.11 Multiple secreted 
enzymes enable T. fusca growth on crystalline cellulose as the sole source of carbon, and this 
system has been extensively studied.12 Many biomass-degrading enzymes are similar between 
the cellulases system of T. fusca and those secreted by the industrially favored filamentous 
fungus Hypocrea jecorina (formerly Trichoderma reesei). T. fusca serves as an effective 
model system for the more complex set of cellulases produced by filamentous fungi.

Chitin is similarly used as a source of energy for microbial growth, with secreted chitinases 
produced by many marine and soil bacteria. Because chitin is less crystalline, chitinase 
enzyme systems tend to be less complex. The secreted chitinases system of the model 
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chitinolytic bacterium Serratia marcescens requires only four enzymes to convert β-chitin 
into usable saccharides.13

Cellulases and chitinases are a diverse group of glycoside hydrolases that degrade their polysac-
charide substrates using multiple mechanisms.14 Cellulases are expressed by a small fraction of 
microorganisms as well as several animals such as sea squirts, nematodes, and insects.15,16 The 
Carbohydrate Active Enzymes database (www.CAZy.org) groups cellulases and other biomass 
active enzymes into families based on their structural folds. Cellulases currently form 14 
distinct families, which can each include examples of different modes of activity.17

The general classes of cellulases are exocellulases, endocellulases, and processive endocellu-
lases. These cellulases use acid-base chemistry to catalyze the addition of water to the β-1,4 
glycosidic bond of polysaccharides, resulting in hydrolytic cleavage.18 The active site of 
hydrolytic cellulases can only accommodate a single polysaccharide chain, making the 
separation and binding of a chain from crystalline cellulose a key step in cellulose hydrolysis. 
The active site can be within a tunnel, as for exocellulases, or inside of a structural cleft for 
endocellulases.19 Within the active site, conserved catalytic residues can interact with the 
positioned polysaccharide chain. Active site glutamate or aspartic acid is used to catalyze the 
cleavage reaction.20 Hydrogen bonding networks in the cellulase active site adjust the pKa of 
the catalytic residue side chains for optimal activity.21

Many cellulases have binding domains separated from their catalytic domain by flexible 
linkers. These carbohydrate-binding modules (CBMs) are globular domains with aromatic 
surface residues that enable tight binding to crystalline polysaccharides.22 CBMs primarily 
function to anchor the catalytic domain and provide increased access to the insoluble sub-
strate.23 There are different conserved structural folds forming multiple CAZy families of 
CBMs. CBMs are present as domains of many cell wall-degrading enzymes, with varying 
binding specificity.

Cellulose-directed CBMs typically have a set of aromatic residues on the binding surface 
positioned so as to form hydrophobic stacking interactions with the glucose rings on the 
substrate surface. CBM binding is tight but reversible, contributing to the net binding of the 
cellulase along with the innate binding ability of the catalytic domain.24 Because CBMs are 
smaller and more compact than catalytic domains, they can bind to surface-exposed regions 
of the insoluble substrate and they can enter pores within substrates that the catalytic domain 
cannot.25 Overlapping fibers, or ribbons in the case of BC, form interstitial spaces to create a 
more complex structural environment for binding.

Some evidence points to noncatalytic disruption of cellulose by the binding of CBMs. Tightly 
associated CBMs such as the family 3c CBM of T. fusca Cel9A are thought to contribute to 
the extraction of individual cellulose chains for positioning in the active site, but CBMs 
themselves are not thought to significantly affect microfibril structure or crystallinity.26

http://www.cazy.org/
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An unconfirmed but possible role of CBMs is the disruption of noncovalently bound cellulose 
regions, such as separation of microfibers resulting in increased net surface area. Some results 
support this notion; for example, pretreatment with a CBM led to morphological changes of 
ramie cotton fiber surfaces when observed by microscopy and enabled other CBMs to pen-
etrate deeper into the fiber structure.27

There are claims of CBM enhancement of crystalline cellulose digestion through substrate 
disruption such as substrate swelling of loosely bound regions or surface defibrillation, but 
this effect is still controversial. Different groups have observed different effects, possibly 
because of the different enzyme systems studied or substrates assayed. CBMs are confirmed 
to act to target catalytic domains to different regions of cellulose and to increase the affinity 
and binding to the insoluble substrate.24

Expansins, a recently characterized family of plant proteins, cause a loosening of plant cell 
walls to enable plant cell growth. Expansins have two polysaccharide binding domains, each 
with an open binding surface. Addition of plant expansins to cellulase mixtures enhances 
crystalline cellulose degradation, with a greater effect at low cellulase loading.5 Expansin-like 
proteins are expressed by cellulolytic fungi, such as the swollenin family of H. jecorina. 
Swollenins enhance cellulase activity on recalcitrant cellulose through an unknown nonhy-
drolytic mechanism. The stimulation despite lack of hydrolysis suggests a change to the 
cellulose substrate to reduce recalcitrance and enable increased cellulase activity.28

Substrate recalcitrance significantly affects the rate of cellulase activity on polysaccharide 
substrates. T. fusca cellulases are well modeled by classical Michaelis–Menten kinetics as 
long as the substrate is soluble and homogenously mixed. Short oligosaccharides and colori-
metric analogs such as 2,4-dinitrophenyl-β-d-cellobioside can be used to measure cellulase 
kinetic parameters such as Km and Vmax.29 The application of classical kinetics suggests that 
cellulases behave as optimized enzymes and can rapidly perform the bond hydrolysis step of 
substrate digestion when the substrate is soluble.

The activity of cellulases on insoluble polysaccharide substrates has been consistently 
observed to be nonlinear with respect to time. The cause of the declining rate constant in 
cellulase reactions has not been conclusively established. A common position is the accessible 
substrate changes over time, rather than cellulases becoming inactivated, substrate inhibition, 
or product inhibition.10 Because cellulases are described by classical kinetics on soluble 
oligosaccharide substrates, another step likely represents the rate-limiting step for the degra-
dation of crystalline cellulose.

Insoluble substrates are not as simple as soluble analogs and present a heterogeneous material 
with inconsistent recalcitrance, binding sites, and physical barriers. The application of 
classical Michaelis–Menten kinetics to cellulase activity on insoluble substrates has been 
attempted multiple times, but it is complicated by the rate constant declining over time.30  
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The assumptions made by Michaelis–Menten kinetics do not allow for changing rate 
constants; therefore, other approaches must be used to characterize cellulase kinetics. 
Changing rate constants can be accommodated by “fractal-like” kinetics, which can be used 
to describe systems with diffusion over inconsistent three-dimensional substrates such as 
cellulose.10 Kinetic models that incorporate fractal-like kinetics may better describe 
cellulase–substrate interactions and their change over the course of digestion.31,32

Because cellulase active sites can only accommodate a single chain, they are limited in their 
accessible substrate when digesting recalcitrant material. Because cellulose has a high degree 
of recalcitrance and heterogeneity, multiple cellulases can interact with the substrate to 
perform different roles. Cellulase synergism is the effect of multiple cellulases in a mixture 
having activity that is higher than the sum of individual cellulases alone.33 The most effective 
microbial and industrial cellulase systems depend on mixtures of highly synergistic cellu-
lases. Synergism between cellulases is only observed on more crystalline and recalcitrant 
material and does not require the cellulases to physically interact. An exception to the require-
ment of crystalline substrates for synergism is β-glucosidase and xylosidases, which relieve 
the product inhibition caused by the accumulation of released disaccharides.34

The enhanced cellulose saccharification observed by synergistic mixtures of cellulases has 
been explained mechanistically by several models. Each situation depends on cellulases 
creating substrate for another to attack. The magnitude of synergism decreases as protein 
loading increases, with the highest effect at protein loading far below substrate saturation.35 
The endo-exo model described by Wood and McCrae describes an endocellulase making 
cleavages on surface-exposed polysaccharide chains. The new ends generated by these 
endocellulase cleavages can then be bound by exocellulases to make processive cleavages.36 
In the exo–exo model, exocellulases with different substrate preferences form a synergistic 
combination. Two exocellulases directed toward opposite ends of cellulose chains operate 
simultaneously, attacking different regions of the same substrate.37

More recently, an additional model of cellulase synergism on crystalline cellulose has been 
proposed that involves cellulose surface changes. In this model, a processive endocellulase 
rapidly cleaves an insoluble cellulose surface into soluble products, and the resulting surface 
grooves are cleared away by a processive exocellulase.34 This mechanism for synergism is 
highly efficient on crystalline cellulose because of the high ability of the processive cellulase 
to degrade crystalline surfaces. Each of these hydrolase models describe increased activity 
due to different substrate preference or enhanced substrate availability by the action of one or 
both of the cellulases in the mixture. The enhancement of recalcitrant substrate saccharifica-
tion by cellulase synergistic mixtures is an important basis for understanding the mechanistic 
basis for cellulose and biomass digestion.

Because cellulases can only accommodate a single cellulose chain in the active site, chain 
separation from the insoluble substrate has been proposed as the rate-limiting step of 
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cellulose degradation.38 Crystallinity of the substrate increases as cellulose becomes more 
digested; therefore, changes to the substrate that enable chain separation would be advanta-
geous for synergistic mixtures. Coughlan defined “amorphogenesis” to describe the change to 
an insoluble substrate that leads to reduced crystallinity and increased substrate accessibil-
ity.39 The chemical composition of polysaccharide chains remains unchanged as a result of 
amorphogenesis, but hydrogen bonding among chains is reduced and they become more 
physically separated. Processes that contribute to amorphogenesis include delamination, 
dispersion, and swelling of crystalline cellulose regions. This change to the substrate enables 
increased cellulase access over a greater fraction of the insoluble substrate and a correspond-
ing increase in the extent of digestion.

The underlying concept of amorphogenesis resulting from the disruption of crystalline 
cellulose regions was first proposed by Reese in the C1/Cx system. The unidentified “swelling 
factor,” or C1, of microbial cellulase systems would induce amorphogenesis of crystalline 
cellulose regions to enable greater substrate access for the other cellulases.40 Different 
proteins have been investigated for this role of initial crystalline substrate disruption, but the 
identity of the Reese C1 swelling factor has not been discovered.

Lytic Polysaccharide Monooxygenases

Once exposed via biomass pretreatment, crystalline cellulose microfibers still present signifi-
cant recalcitrance to digestion. This recalcitrance is addressed to some degree by synergistic 
combinations of hydrolytic cellulases on the basis of the observation of increased percentage 
conversion of cellulase mixtures. The cost of biomass saccharification is largely based on the 
expense of industrial cellulase mixtures and their capacity to digest a high percentage of the 
biomass substrate. The cost of industrial cellulase mixtures has dropped threefold in recent 
years, coinciding with investigation into a new class of oxidative enzymes aiding in the 
breakdown of plant cell walls (Novazyme, personal communication).

For many years, the enzymes responsible for most cellulose digestion were thought to be 
limited to hydrolases, such as cellulases, hemicellulases, and esterases.41 Auxiliary proteins 
expressed and secreted by microbes were known to use oxidative mechanisms to act on 
insoluble lignin. Secreted proteins of multiple enzyme families have recently been character-
ized as stimulating hydrolysis without having an obvious hydrolase active site structure or 
generating typical hydrolysis products. Originally thought to be binding modules, and then 
shown to have weak endocellulase-like activity, family 33 proteins were characterized to 
stimulate chitin hydrolysis by aerobic bacteria.13 Cellulolytic fungal proteins were similarly 
classified as weak endocellulases in the glycoside hydrolase 61 family (GH61), but they later 
were shown to lack the typical cleft active site when crystal structures were obtained.42

Both of these enzyme families have been given novel classifications in the CAZy database on 
the basis of their ability to synergize with hydrolytic cellulases. The auxiliary activity (AA) 
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family includes all of the oxidative enzymes acting on lignin and other portions of hemicel-
lulose in addition to these lytic polysaccharide monooxygenases. As with traditional CAZy 
families, the AA families are based on a well-characterized founding member and others with 
sequence similarities indicating similar three-dimensional structures. The goal of this catego-
rization is to provide a global list of carbohydrate oxidases from bacteria, fungi, and others. 
The former fungal GH61 family of lytic polysaccharide monooxygenases has been reclassi-
fied as AA9, whereas the bacterial family 33 CBMs have become CAZy family AA10.17 
These auxiliary enzymes have been found to play a significant role in the breakdown of 
lignocellulose and biomass saccharification. The members of the AA family all perform some 
redox role associated with polymeric substrate degradation. Bacterial AA10 enzymes so far 
characterized appear to contribute to cellulase mixtures by reduction of substrate recalcitrance 
or increased substrate accessibility for hydrolytic cellulases, with relatively minimal soluble 
product release on their own.43 These auxiliary enzymes are abundant in fungal and bacterial 
cellulase systems, with genomes commonly containing multiple genes encoding AA 
enzymes.17

The discovery of the oxidative activity of bacterial AA enzymes was preceded by investiga-
tion into a group of related chitin binding proteins (CHBs) in the late 1990s. Much work  
was done investigating the extracellular enzymes of gram-positive soil bacteria such as 
Streptomyces spp. with similar phenotypes, ecological roles, and crystalline polysaccharide 
substrate utilization, such as the gram-positive model organism T. fusca. The CHBs originally 
under investigation from gram-positive soil bacteria included proteins with varying size and 
substrate specificities. These small binding proteins are secreted in large amounts by gram-
positive bacteria during growth on crystalline polysaccharides.

CHB1 of Streptomyces olivaceoviridis, an 18.7 kDa protein induced by growth on chitin, was 
the first to be characterized. CHB1 binds only α-chitin, mediated in part by a conserved 
tryptophan on the basis of spectroscopy and mutagenesis.44 CHB2 of Streptomyces reticuli is 
18.6 kDa and also binds only α-chitin, including fungal structures containing chitin.45 CHB3 
from Streptomyces coelicolor is a smaller CHB at 14.9 kDa that is more flexible in its bind-
ing, being able to bind both α and β forms of chitin as well as soluble chitosan. CHB3 is 
related to the other CHBs, but with less sequence identity compared with the others.46 CHbB 
of Bacillus amyloliquefaciens, 19.8 kDa, is somewhat similar to CHB3 in its binding capacity 
because it binds α- and β-chitin (with a preference for the β form), but it can bind with some 
affinity to cellulose but not to soluble chitosan.47

CBP21 of the gram-negative soil bacterium S. marcessens is similar to the others despite 
being phylogenetically distinct from Streptomyces spp. CBP21 is a similar size at 18.8 kDa, 
and it shows high sequence identity with CHB1. The characterized crystalline chitin binding 
properties are also similar, although CBP21 binds preferentially to β-chitin over other 
forms.48 CBP21 was the first CHB of this family of secreted binding proteins for which the 
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structure was solved, revealing a fibronectin-like fold with a bud-like extension.49 The struc-
ture revealed that many of the conserved aromatic residues thought to play a similar role as 
those found on the binding surface of CBMs were actually buried deep in the core of the 
protein. As will be discussed later in this section, polar surface residues important for binding 
were investigated through site-directed mutagenesis.

These CBPs are similar in upregulation, secretion, and binding with the much smaller anti-
fungal protein Afp1 of Streptomyces tendae. Afp1 can bind to α-chitin and chitosan but not 
cellulose, akin to CHB3 of S. coelicolor.50 However, the antifungal proteins are distinct from 
CBPs, with Afp1 having much smaller size at 9.8 kDa, different structural fold (having more 
sequence homology with hydrolase CBMs), and inherent antifungal ability, which the other 
CHBs lack.51 Afp1 is smaller than the CHBs, but it is not as small as the even smaller antifun-
gal chitin binding lectins secreted by gram-positive bacteria.50

The mechanism of antifungal protein activity is not confirmed, but expression of CHBs is 
induced by living or autoclaved fungal chitin. CHBs such as CHB1 bind α-chitin and cover 
the fungal chitin to form a “glue-like’ covering,” which may enable physical contact interac-
tions between bacterial and fungal hyphae. The S. olivaceoviridis CHB1 was originally 
proposed to act antifungally through binding to the chitin at growing hyphal tips. The pro-
posed role was nonhydrolytic disruption through binding to underlying microfibrils to release 
additional surface chains for exochitinase attack, similar to the nonhydrolytic disruption effect 
proposed for CBMs.44 Bacterial exochitinases alone have been observed to effectively destroy 
chitinous fungal hyphae; therefore, it is unknown whether any additional disruption would be 
beneficial.52

It is unclear whether antifungal proteins are actually involved in antifungal host defense, or 
bacterial antifungal CHBs may be more a byproduct of nutritional processes. Inhibitory 
effects appear to be due to their ability to bind chitin at the hyphal apex, where chitin is most 
accessible and blocks cell wall assembly. This leads to the observed aberrant hyphal growth 
and morphological effects such as branching and hyphal swelling. Inhibition is highly depen-
dent on environmental conditions, and it is specific to species, suggesting different binding 
targets for different CHBs. It is interesting to note that the antifungal activity of CHBs is 
antagonized by divalent cations such as Ca2+.53

All of these CBPs show similarities: small in size, compact structural folds, and high secre-
tion in response to growth on insoluble substrates. Despite similar sequences, their varied 
binding properties show a fundamental diversity among the group. Each protein is specific but 
limited in its substrate binding, typically predominantly targeted toward one form of crystal-
line chitin and most unable to bind to cellulose or soluble chitosan. SoCHB1, SrCHB2, 
ScCHB3, BaCHBB, and SmCBP21 are all now categorized as AA10 proteins, whereas 
StAfp1 is not in that family (http://www.cazy.org, 2013).

http://www.cazy.org
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Plants produce numerous pathogenesis-related (PR) proteins, including the PR-4 family of 
small chitin-binding antifungal proteins.53 The mechanism of fungal inhibition is unknown, 
but it has been hypothesized to involve cell wall weakening at the fungal hyphal akin to the 
hypothesized bacterial CHB mechanism.54 Plant PR-4 proteins are similar in size but are not 
structurally related to bacterial antifungal CBPs and likely rely on different activity to achieve 
this fungal inhibition.55

AA10 proteins are found within insect virus genomes, classified as the GP37 family in 
baculoviruses and fusolins in entomopoxvirus (EPV). Although not essential, these proteins 
act as virulence factors to increase the infectivity of an insect virus on the host. Both groups 
are multidomain proteins with a highly conserved N-terminal chitin binding domain recently 
classified as members of the AA10 family (http://www.cazy.org, 2013). In addition to viruses, 
multidomain virulence factors containing N-terminal AA10 domains are found in bacteria, 
such as the Vibrio cholera colonization factor GbpA.56

The viral virulence factor fusolin forms crystalline protein structures referred to as spindles, 
which do not contain virions but enhance infectivity of EPV and nucleopolyhedroviruses up 
to 106-fold. The N-terminal AA10 domain was found to be essential for the dramatic increase 
in nucleopolyhedrovirus infectivity, with the smaller C-terminal region being critical for 
spindle formation but entirely dispensable for activity. Glycosylation at several locations 
provides enhanced binding and stability when exposed to insect proteases within the gut. The 
AA10 domain contains a completely conserved N-terminal HGY motif, a common motif 
among AA10 sequences. A conserved histidine corresponding to His114 of CBP21 was 
investigated by mutation to alanine. This mutation led to retention of chitin binding but loss 
of all virus-enhancing ability.57

The peritrophic membrane (PM) within the insect digestive tract is a network of chitin and 
proteins that forms a barrier to viral infection of midgut epithelial cells.58 The PM can be 
disintegrated by the addition of EPV fusolin in the form of spindles. The enhancement of 
viral infection is hypothesized to be due to structural changes to the PM chitin network 
caused by the AA10 domain of fusolin, leading to structural disruption and increased chitin-
ase activity.57

Baculovirus GP37 and fusolin protein sequences cluster separately and are distinct from 
bacterial AA10 proteins via phylogenetic analysis, suggesting they are not directly related. 
They may conceivably share a common ancestor because baculoviruses are known to have 
acquired the chintinase v-chiA gene from bacteria via horizontal transfer, but this has not yet 
been established.59

Several AA enzymes from bacterial and fungal systems have been recently characterized, 
with multiple crystal structures solved. CBP21 of S. marcescens was the first aerobic bacterial 
AA enzyme to be investigated for its ability to synergize with chitinases.13 CBP21 was found 

http://www.cazy.org
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to have oxidative activity when a reducing agent was included, generating oxidized oligosac-
charide products.60 The substrate preference of CBP21 oxidative activity is limited to crystal-
line forms of β-chitin, showing no activity or stimulation on chitooligomers or chitosan, the 
soluble form of chitin. This result led to the reclassification from CBP with weak endochitin-
ase activity to lytic polysaccharide monooxygenase.60

Most species of aerobic bacteria that digest insoluble substrates have genes encoding either one 
or two AA10 proteins. These AA10 proteins likely catalyze oxidative cleavage of insoluble 
polysaccharides, but the majority of these identified genes have not yet been characterized. In 
contrast with aerobic bacteria encoding only one or a pair of polysaccharide monooxygenase 
genes, AA9 genes tend to be abundant within the genomes of cellulolytic fungi.17 These often 
contain many copies with slight variations or different oxidized product production.61 The 
presence of multiple similar protein sequences within genomes has been discussed in the 
literature, but it represents a trait of these enzyme families that has not been fully explored.

Many accessory proteins are upregulated when cellulolytic organisms are grown on cellulose 
substrates, but in general these proteins are poorly explored.62 The expression of AA10 
enzymes by T. fusca is controlled by the carbon source and appears to be similar to the 
regulation of cellulases and hemicellulases. This substrate-dependent control enables optimal 
secretion of enzymes against a given substrate for maximum activity. T. fusca AA10 enzymes 
are upregulated when grown on cellulose-containing substrates, especially the pure cellulose 
substrate bacterial microcrystalline cellulose (BMCC), as measured based on mRNA concen-
trations via microarray. The genes encoding AA10A and AA10B are upregulated between 
4.8- and 13-fold during growth on BC, an upregulation in mRNA levels comparable to other 
T. fusca cellulases.63

Both T. fusca AA10 sequences contain signal peptides targeting them for secretion.64 Investi-
gation of the T. fusca secretome on different substrates compared with glucose controls 
showed that AA10A and AA10B are abundantly secreted when grown on cellulose. AA10A 
enrichment was twice the next most enriched cellulase when growth on cellulose was com-
pared with glucose.63 This enrichment was confirmed using iTraq tandem mass spectrometry 
(MS/MS) quantification on different substrates, with AA10 enzymes being enriched, espe-
cially when T. fusca was cultured on pure cellulose.7 Most of the proteins secreted by  
T. fusca, at least 180, are not yet characterized and their role in cellulose degradation is  
not known.63

AA10 proteins can consist of an AA10 catalytic domain alone as well as occasionally a cata-
lytic domain with an additional family 2 CBM domain. A fibronectin type-III (FNIII) module 
with uncharacterized function is often found between the catalytic domain and CBM of AA10 
enzymes.17 The additional CBM domain may direct the AA10 protein to different regions of 
the crystalline substrate because of the different binding mode relying more on aromatic 
residues compared with the mostly polar residues involved in AA10 catalytic domain binding 
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interactions. This is one potential explanation for the simultaneous production of multiple 
AA10 forms during crystalline cellulose digestion.

The chitinolytic CBP21 of S. marcescens was the first bacterial AA10 enzyme for which the 
structure was solved by X-ray crystallography.49 SmCBP21 and T. fusca AA10A have signifi-
cant sequence similarity, suggesting structural and functional similarity.64 The structure of 
CBP21 resembles a globular binding module with a foot-like extension. The flat surface 
formed by the core fold and this extension forms a binding surface found to be responsible for 
substrate interaction.49

The CBP21 structure establishes several structural features that appear to be consistent among 
bacterial AA10 enzymes. The structures solved to date all have a core fibronectin type-III/
immunoglobulin-like β-sandwich fold. Multiple conserved aromatic residues are found in the 
core of this β-sandwich, which provide structural stability through buried hydrophobic 
interactions. Multiple loops and helices extend from the β-sandwich core to form the foot-like 
extension. The binding surface is enriched in polar residues, with few aromatic residues in 
important positions. This composition of mostly polar residues is distinct from the aromatic 
residues that contribute to the binding ability of most CBMs.22 The single aromatic residue of 
CBP21 is in an important position and contributes significantly to surface binding.49

The most significant feature of AA10 enzymes is the absence of a binding pocket or cleft that 
could accommodate a cellulose chain. Two histidine residues on the binding surface, one 
being the N-terminal residue, are absolutely conserved among AA10 enzymes. These are 
responsible for chelating a metal ion, likely to be copper in all AA10 enzymes on the basis of 
convincing results of EfCBM33A and BaCBM33A binding kinetics.65,66 The copper atom is 
coordinated by multiple residues resulting in a “histidine brace”-type planar binding pocket, 
which creates a type II copper site. Imidazole rings such as the histidine side chain are 
common coordinating side chain residues for type II copper sites.67 Through nuclear magnetic 
resonance spectroscopy, CBP21 was found to be very structurally rigid except for several 
residues surrounding the metal ion binding pocket.68

T. fusca secretes two AA10 enzymes: AA10A (formerly E7) and AA10B (formerly E8). 
AA10A is the smaller of the two at 21.3 kDa and consists of only the catalytic domain. 
AA10B has a catalytic domain of similar size, but with an additional CBM2 domain sepa-
rated by an FNIII-like domain.64 Although they have low sequence identity (13%), they are 
predicted to have similar structure of their catalytic domains and behave similarly in most 
assays. Both exhibit the oxidative activity in the presence of reducing agents, which is 
emblematic of the AA family (Kruer-Zerhusen, unpublished).

The critical structural features of T. fusca AA10 proteins can be inferred by homology model-
ing of the AA10A structure on the basis of high sequence similarity with the existing crystal 
structures of bacterial AA10 enzymes. There is a stretch of AA10A sequence that does not 
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align with the CBP21 sequence, mapping to the foot-like extension of the homology model. 
These additional residues likely contribute to an extension of the binding surface, similar to 
the extended flat surface observed in the structure of Bacillus amyloliquefaciens BaCBM33 
(formerly characterized as ChbB).66

The flat surface of AA10 enzymes contains multiple residues shown to be significant for 
CBP21 binding to crystalline chitin.49 It is interesting to note that the aromatic residue located 
on this extension found to be most important for CBP21 binding, Y54, is not found in the 
sequence of TfAA10A. BaCBM33 has a tyrosine at residue 57, but this appears to be buried 
in the structure. BaCBM33 has a tryptophan near this position, W50, which appears more 
available to contribute to surface binding. Although TfAA10A lacks the tyrosine around 
residue 57, it shares a similar potentially surface-exposed tryptophan with BaCBM33.

Several other polar residues found to be important for CBP21 binding are not conserved on 
the modeled surface of TfAA10A. These include two significant glutamate residues, E55 and 
E60. AA10A instead has E112 and N79, which may be located in similar positions on the 
binding surface. Binding surface residues likely dictate the differing binding preferences 
observed for AA10 proteins, and their investigation should elucidate this specificity.

It is interesting that both AA10 proteins produced by T. fusca show similar binding affinity to 
BC crystalline cellulose, but TfAA10B shows higher binding to filter paper and α-chitin. The 
multidomain TfAA10B has only slightly tighter binding to cellulose, where it would be 
expected to perform much better than the single-domain form on the basis of the presence of 
the additional tight binding CBM2.64 The catalytic domain of TfAA10A and TfAA10B may 
already be optimized for cellulose binding; thus, the additional CBM only changes the 
accessible binding regions. The varied binding specificity of similar AA proteins targeting to 
different substrate regions may be an explanation for the multiple gene copies observed in 
many genomes.

T. fusca AA10A binds to cellulose and chitin and can stimulate chitinases as well as cellu-
lases.64 However, CBP21 is limited to binding to chitin and stimulating chitinases and does 
not bind cellulose.49 AA10 proteins capable of binding and cleaving crystalline chitin are 
abundant in marine bacteria, where chitin from marine animals is a source of energy and 
nitrogen. BLAST results show different groups of AA10 enzymes depending on the source of 
the target protein sequence. When CBP21 is used, the homologous sequences are derived 
from chitin-utilizing bacteria whereas for TfAA10A the homologues are all from potential 
cellulolytic bacteria (http://blast.ncbi.nlm.nih.gov, 2013). Because there are few copies of 
AA10 genes within bacterial genomes, this suggests that the AA10 proteins have differing 
substrate specificities corresponding to the ecological role of the host organism.

CBP21 was the first AA10 enzyme shown to have oxidative cleavage ability. The stimulation 
of chitinases by CBP21 was dramatic when external reducing agents were present, an effect 

http://blast.ncbi.nlm.nih.gov/
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that required molecular oxygen.60 This stimulation was only found on crystalline substrates, 
and there was no reaction with hexameric N-acetylglucosamine under the same conditions.  
To date, no AA10 enzymes have been shown to have activity on soluble oligosaccharides, 
which is in agreement with the proposed multichain binding orientation of polysaccharide 
monooxygenase enzymes.61 The products observed from CBP21 oxidative cleavage using 
matrix-assisted laser desorption/ionization-time-of-flight mass spectrometry were aldonic 
acids, the open lactone ring formed through oxidation of the C1 position.4 Products included 
native and oxidized sugars with a range of DP. Ethylenediaminetetraacetic acid is able to 
completely inhibit AA10 oxidative activity, which is recoverable by the addition of copper in 
sufficient concentration.65

Cellulose oxidative cleavage was first shown using the AA10 CelS2 from S. coelicolor A3, 
which is a multidomain AA10 similar in domain structure to TfAA10B. When incubated on 
cellulose, aldonic cello-oligosaccharides were produced, agreeing with the C1 oxidation 
observed previously on chitin.43 Digestion of Avicel released native and oxidized oligosac-
charide products, compared with significantly fewer soluble products resulting from filter 
paper digestion. The difference in DP between the two substrates may explain this result 
because of the significantly higher DP of filter paper.69 The oxidative cleavages made on 
crystalline surfaces may result in products that remain insoluble, complicating their detection.

TfAA10A and TfAA10B produce oxidized products when incubated with crystalline cellu-
lose (BC) in the presence of reducing agents. TfAA10B appears to have higher activity than 
TfAA10A, releasing significantly more soluble oxidized oligosaccharides when assayed alone 
on BMCC. Oxidized oligosaccharide products produced by TfAA10A have been confirmed 
to be lactone aldonic acids by liquid chromatography-MS/MS (Kruer-Zerhusen, unpublished). 
These oxidized products have a range of DP when measured by high-performance anion-
exchange chromatography and compared with oxidized oligosaccharide standards prepared 
using the iodine oxidation method used by Forsberg et al.

The AA10 enzymes of T. fusca similarly require reducing agents for activity, although the 
structure of the reducing agent is not restrictive. Reducing agents that enable oxidative cleavage 
include ascorbate, glutathione, and nicotinamide adenosine dinucleotide (NADH). It is interesting 
to note that the small molecule dehydroascorbate also appears to stimulate activity by AA10A, 
although through an unknown mechanism. The oxidized form of glutathione, glutathione disul-
fide, does not stimulate oxidation, and dehydroascorbate should similarly lack the reducing power 
provided by the other small-molecule reducing agents (Kruer-Zerhusen, unpublished).

Both AA10 enzymes of T. fusca show significant synergism with almost all of the hydrolytic 
cellulases of the T. fusca system. TfAA10A has been shown to give a substantial synergistic 
effect in binary assays with the exocellulases Cel48A and Cel6B and the endocellulases 
Cel6A and Cel5A. Curiously, TfAA10A does not synergize with the processive endocellulase 
Cel9A either in a binary mixture or when included in the established Cel9A-Cel48A 
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synergistic combination. There may be some overlapping mechanistic activity on crystalline 
cellulose that would explain this result (Kruer-Zerhusen, unpublished).

The stimulation of hydrolytic activity by T. fusca AA10s occurs predominantly during the 
beginning of hydrolysis. The extent of digestion is improved significantly for exocellu-
lases, which find recalcitrant crystalline material particularly difficult. The stimulation 
provided by AA10 monooxygenases appears to stimulate cellulases by a significant 
increase in the b parameter in the f(t) = Atb, which is a nonlinear fit applied to time course 
data.32 It is unclear whether the decrease in stimulation over time is due to substrate 
change, enzyme inactivation, reducing agent depletion, or some other factor. The addition 
of reducing agent halfway through the experiment does not provide additional stimulation, 
suggesting that the decline in stimulation is due to some other factor (Kruer-Zerhusen, 
unpublished).

A proposed mechanism for the oxidative cleavage performed by lytic polysaccharide mono-
oxygnases has been described. The generation of a superoxide radical at the copper active site 
results from the transition of the bound Cu(I) to Cu(II). This radical oxygen is positioned by 
the monooxygenase surface to abstract a hydrogen from a particular side of the substrate 
β-1,4 glycosidic bond depending on the enzyme’s catalytic preference. An external electron is 
required to reduce the superoxide for the simultaneous release of a molecule of water and 
generation of an oxo radical. The oxo radical is temporarily stabilized by the copper ion and 
specifically reacts with the substrate radical to form a covalent bond and result in hydroxyl-
ation at the substrate carbon. The oxidation of carbon adjacent to the β-1,4 glycosidic bond 
results in spontaneous elimination of the adjacent chain, resulting in an aldonolactone (or 
4-ketoaldose at the C4 position) at the end of the polysaccharide chain. The external reducing 
agent then reduces the Cu(II) of the lytic polysaccharide monooxygnases to reset the enzyme 
for an additional catalytic cycle.70

Fungal AA9 lytic polysaccharide monooxygneases, formerly classified as the GH61 family, 
have been investigated as components of fungal cellulase system for many years. Investiga-
tion into the AA9 (formerly family GH61) proteins from fungi have shown that they also act 
as copper monooxygenases. The AA9 proteins of Tribulus terrestris were characterized as 
being able to stimulate the activity of H. jecorina cellulase mixtures, although only when 
acting on pretreated biomass and not on pure crystalline substrates.62 The reducing power 
allowing for AA9 stimulation on pretreated corn stover was found to be gallate, a soluble 
small molecule cofactor released from the biomass substrate.4 In the presence of reducing 
agents such as gallate and ascorbate, AA9 are able to perform oxidative cleavages on cellu-
lose similar to the AA10 family.4 AA9 monooxygenases act on the same cellulose substrates 
as the bacterial AA10 ScCelS2 and similarly require an external source of reducing power. 
Either a small molecule reducing agent such as ascorbate, lignin components of pretreated 
biomass, or a protein partner such as the flavoprotein cellulose dehydrogenase (CDH) can 
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serve as reducing agents.71,72 CDH is produced by most cellulolytic fungi, and its role in 
cellulose cleavage is still being explored.

The first structure of a fungal GH61 (now AA9) solved was Cel61B, the most abundantly 
secreted GH61 of H. jecorina.42 Although it had low sequence identity with CBP21, the 
structure shows obvious similarities in the flat binding surface and conserved metal ion 
binding pocket configuration. It was found that including transition metals was critical for 
obtaining crystals, suggesting a role in maintaining surface chain stability in AA9 that is not 
as critical in AA10 enzymes. Similar to previous results for family 33 CBMs, low endogluca-
nase activity was observed in the absence of an external reducing agent, which led to their 
initial characterization.42

An interesting structural difference is the methylation of the absolutely conserved N-terminal 
histidine residue in AA9 proteins, although this modification has not been found in any of the 
bacterial AA10 proteins studied so far.61 It will be interesting to see if replacing the methyl-
ated histidine ring with an unmodified histidine side chain changes the activity of a family 61 
protein.

There is evidence that some family 61 proteins have greater diversity in their oxidized prod-
ucts with a proposed separation into distinct subfamilies.73 Some AA9 monooxygenases 
create oxidized oligosaccharide products that are oxidized at the C4 position whereas others 
produce products oxidized at the C1 position. The functional significance of different oxida-
tion positions is still being investigated. Oxidation at other positions has been proposed, but it 
has not been fully explored.

In contrast to cellulolytic or chitinolytic bacteria containing one or two AA10 genes, most 
cellulolytic fungi contain multiple genes encoding AA9 monooxygenases.17 Searching for 
homologous sequences, it was observed that AA9 are abundant in fungal genomes, but they 
are limited only to eukaryotes. This limitation of the family to eukaryotes is an unusual 
property for cellulase families.42

Conclusion

It has been proposed that lytic polysaccharide monooxygenases of bacterial and fungal 
systems perform substrate disruption activity on crystalline substrates. This substrate amor-
phogenesis synergistically stimulates the activity of hydrolytic cellulases. The introduction of 
a carboxylic acid at the reducing end (or the nonreducing end for some AA9 oxidases) may 
disrupt the normal conformation of the sugar ring and introduce new charge interactions that 
conflict with neighboring cellulose chains, thus causing disruption and increasing substrate 
accessibility.60 Although a chemical reaction mechanism has been proposed for the cleavage 
of insoluble polysaccharide substrates, the mechanism explaining lytic polysachharide 
monooxygenase synergistic stimulation of hydrolases has not been confirmed.70
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There remain many questions regarding the activity and role of lytic polysaccharide monooxy-
genases. The source of reducing power required for activity in vitro is still unconfirmed. Are 
small molecules from substrate disruption or protein partners such as CDH responsible? What 
structural features dictate the diversity of substrate binding observed in bacterial AA10 enzymes? 
What is the role of lytic polysaccharide monooxygenases in other systems not involved in 
crystalline substrate degradation? The investigation of these novel enzymes should provide 
insights into how recalcitrant substrates are overcome, and specifically the mechanism by which 
hydrolytic cellulases work synergistically with auxiliary enzymes to digest plant biomass.
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Introduction

Biomass is the most abundant and renewable source of carbon on our planet. With the right 
technologies and increased conversion yields, biomass-derived fuels have the potential to 
supply a significant fraction of current liquid fuels in the United States. However, a major 
obstacle in the conversion of biomass to fuel is the high capital cost of chemical pretreatment 
required to overcome the innate recalcitrance of plant cell walls.1,2 Current efforts to reduce 
these costs by substantially reducing the severity of, or eliminating entirely, chemical pre-
treatment leave a more intact and thus complex cell wall material containing more of the 
hemicellulosic polymers intact. In this process scenario, there is a greater need for a biologi-
cal approach for breaking down these complex hemicellulosic materials into usable sugars. 
Plant cell walls contain primarily four carbon-rich polymers: cellulose, hemicellulose, pectin, 
and lignin.3 Cellulose microfibrils provide the fibers that, when combined with the other cell 
wall components, create a fiber reinforced matrix material that serves as a protective barrier 
from mechanical, chemical, enzymatic, and microbial degradation. Cellulose is composed of 
β-1,4-linked glucose polymers; in the cell wall, these glucose polymers are organized in 
directional cellodextrin chains that assemble into larger, longer microfibrils that can be highly 
compact and crystalline, greatly restricting accessibility to the interior chains of cellulose 
mirofibrils.4 Cellulose is synthesized by a large macromolecular protein complex called the 
cellulose synthase complex (CSC). CSCs form in the plant cell membrane and are responsible 
for polymerization of glucose into β-1,4-linked glucan and translocation of glucan across the 
plasma membrane, where aggregation of glucan chains occurs to form cellulose microfibrils.5 
In contrast to cellulose, hemicelluloses are noncrystalline polysaccharides composed mostly 
of a five- or six-carbon sugar backbone physically intermingled with cellulose microfibrils 
and held by noncovalent interactions. Hemicellulose chains are more accessible to chemical 
and enzymatic degradation than cellulose and therefore are not as recalcitrant. Hemicellulose 
is synthesized in the Golgi apparatus of the plant cell and is secreted by vesicular transport 
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into the plant cell wall.6 Hemicelluloses are a heterogeneous class of branched polysaccha-
rides, such as glucuronoxylan in hardwoods, in which β-d-xylan polymers are decorated with 
acetate and 4-O-methyl glucuronate side chains. Soft wood hemicelluloses are primarily 
galactoglucomannans and arabinoglucuronoxylans.7

In nature, bacteria and fungi have evolved multiple strategies to disrupt and deconstruct plant cell 
walls for their own use. These methods use one of the following broad strategies for biomass 
deconstruction: monofunctional enzymes, multifunctional enzymes, and highly aggregated 
(cellulosomal) enzymes8–11, all of which include enzymes such as cellulases, hemicellulases, and 
other polysaccharide-degrading enzymes. Each of these enzyme systems relies on the synergistic 
interaction between the enzymes or functional domains of the enzymes to enhance the rate of 
biomass conversion into monomeric sugar. In 1950, Elwyn T. Reese was the first researcher to 
report synergistic effects by mixing cellulase fractions.12 In this keystone report, Reese et al. 
described this behavior, which is now known as endocellulase and exocellulase synergism. 
Today, intermolecular synergy has been reported for almost every known cellulolytic fungal and 
bacterial system studied in detail. In fungal, and some bacterial, systems, cellulases are secreted 
as independent, monofunctional molecules with functionalities that complement each other to 
create an intermolecular synergistic enzyme cocktail.13 In contrast to the monofunctional 
cellulase system, some cellulolytic anaerobic bacteria and fungi use cellulases that self-assemble 
onto a protein scaffold attached to the cell surface. In this case, intermolecular synergy relies on 
the proximity of enzymes with complementary functionalities.14,15 Finally, with the recent 
discovery of multifunctional enzymes, scientists have also described intramolecular synergy, in 
which multiple catalytic domains of different functions are combined into a single molecule.11,16 
This chapter discusses the three distinct paradigms of cellulase synergy, illustrates examples of 
their performance, and postulates on the potential for novel cocktail designs.

Distinct Enzyme Synergy Paradigms in Cellulolytic Microorganisms
Free Enzyme Systems

Cellulolytic bacteria and fungi that secrete free enzymes depend on the hydrolysis of lignocel-
lulose into usable sugars by enzymes with specific substrate specificities. In general, there is 
believed to be cooperative or synergistic action between at least three classes of free enzymes.13
 
	•	� Endo-β-(1,4)-glucanases (EC 3.2.1.4) hydrolyze soluble and insoluble β-(1,4)-glucan 

substrates both internally and from reducing and nonreducing ends in a nonprocessive or 
processive manner.

	•	� Exo-β-(1,4)-d-glucanases (EC 3.2.1.74 and EC 3.2.1.91) liberate d-glucose or d-cellobiose 
from soluble and insoluble β-(1,4)-d-glucan processively from the reducing or nonreducing 
end.

	•	� β-d-glucosidases and cellobiases (EC 3.2.1.21); act on cellobiose and less commonly, 
soluble cellodextrins to free d-glucose.17
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In conjunction with the three primary cellulase functionalities, there are also glycoside 
hydrolases that help breakdown hemicellulose, such as xylanases. Hemicellulases can be 
classified into one of three categories:
 
	•	� Endo-acting hemicellulases that cleave polysaccharide chains internally.
	•	� Exo-acting hemicellulases that cleave polysaccharides processively from the reducing or 

nonreducing ends.
	•	� Accessory enzymes that cleave unique backbone linkages and side chains on decorated 

polysaccharides.

Cellulases and hemicellulases are glycoside hydrolases (GHs), which hydrolyze the glycosidic 
bond between two or more carbohydrates or between a carbohydrate and non-carbohydrate 
moiety. GHs are classified into families based on protein sequence and predicted peptide 
folds and not the specific activity; currently, there are 133 families of GHs (cazy.org). In 
addition to GHs, there are several other carbohydrate-active enzyme families that use other 
activities to cleave cellulose and hemicelluloses. These enzymes are classified into three 
groups: polysaccharide lyases (PLs), carbohydrate esterases (CEs), and auxiliary activities 
(AAs) families. Another important group of proteins commonly associated with carbohy-
drate-active enzymes are the carbohydrate binding modules (CBMs). There are currently 68 
CBM families listed in CAZY, also classified by sequence and fold, which recognize 
crystalline cellulose, amorphous cellulose, and hemicellulose chemistries and morpholo-
gies, as well as other carbohydrates not discussed in this chapter. CBMs are important for 
localizing the correct carbohydrate-active enzyme to the correct substrate for 
hydrolysis.18,19

Intermolecular synergy

In the most fundamental classification, cellulases in the monofunctional enzyme system are 
defined as the cellobiohydrolases (CBHs; exo-β-(1,4)-d-glucanases), endoglucanases (EGs; 
endo-β-(1,4)-glucanases), and β-d-glucosidases. CBHs are processive enzymes that hydrolyze 
cellulose from chain ends, whereas EGs typically hydrolyze cellulose chains nonprocessively 
at random positions internally. Cellobiases hydrolyze cellobiose, the final product of most 
CBHs, to glucose, thereby preventing end product inhibition of the CBHs.

The monofunctional enzyme system of Hypocrea jecorena (Trichoderma reesei), for exam-
ple, secretes large quantities of processive CBHs (Table 1). These processive cellulases have 
been classified into distinct families of enzymes that can hydrolyze cellulose from either the 
reducing or nonreducing ends.20 For example, the CBHs from GH family 7 CBH, Cel7A, 
processively hydrolyze cellulose from the reducing end, whereas GH family 6, Cel6A, 
processively hydrolyses cellulose from the nonreducing end. Processive enzymes are supple-
mented by the EGs, such as Cel5A and Cel7B from T. reesei, which cleave internal cellulose 
chains to create additional reducing and nonreducing ends for CBHs to begin processive 
hydrolysis. EGs have a further benefit in that they also create shorter cellulose chains to 

http://cazy.org
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Table 1: Representative GHs, functions and architecture.

Organism Protein Enzyme activity Domains

Aerobic T. reesei (fungus) Cel7A Cellobiohydrolase CBM1-linker-GH7
Cel6A Cellobiohydrolase CBM1-linker-GH6
Cel7B Endoglucanase CMB1-linker-GH7
Cel5A Endoglucanase CMB1-linker-GH5
Bgl1 β-glucosidase GH3

T. fusca26,49 
(bacterium)

Cel48A Cellobiohydrolase CBM2-linker-GH4850

Cel6B Cellobiohydrolase CBM2-linker-GH6
Cel9B Endoglucanase CMB3c-linker-GH9
Cel6A Endoglucanase CMB2-linker-GH6
BglC β-glucosidase GH1

S. degradans51 
(bacterium)

Cel6A Cellobiohydrolase CBM2-linker-CBM2-linker-GH6
Cel9A Endoglucanase GH9
Cel5A Endoglucanase GH5-CBM6-CBM6-CBM6-GH5
Bgl1Aa β-glucosidase GH1

Anaerobic P. equi52–55 (fungus) Cel5A Endoglucanase Doc-GH5-GH5-GH5-Doc-Doc
Cel6A Cellobiohydrolase Doc-Doc-GH6

Cel45A Doc-Doc-Doc-GH45
Cel45A DocII-DocIII-GH45
Cel3A β-glucosidase GH3-aux-Doc-Doc-Doc

C. thermocellum8,56,57 
(bacterium)

CipA Scaffoldin CohI-CohI-CBM3-CohI-CohI-CohI-
CohI-CohI-CohI-CohI-DocII

CelA Endoglucanase GH8-DocI
CelS Cellobiohydrolase GH48-DocI
BglAa β-glucosidase GH1
CelJ Endo- and 

exo-glucanase
CBM30-GH9-GH44-DocI-CBM44

R. flavefaciens58 
(bacterium)

CelBb Cellobiohydrolase GH5-unknown-linker-Doc
EndB Endoglucanase GH44-CBM-Doc
ScaA Scaffoldin Coh-Coh-Coh-XDoc
ScaB Scaffoldin Coh-Coh-Coh-Coh-Coh-Coh-Coh-XDoc
BglBb β-glucosidase

C. bescii11,59 
(bacterium)

CelA Endo- and 
exo- glucanase

GH9-CBM3c-CBM3b-CBM3b-GH48

CelC Endoglucanase/
mannanase

GH9-CBM3-CBM3-CBM3-GH5

Exoglucanase/
xylanase

GH10-CBM3-CBM3-GH48

CelB Xylanase/
endoglucanase

GH10-CBM3-CBM3-CBM3-GH5

ManA Mannanase GH5-CBM3-CBM3-GH44

aNo cellular secretion signal.
bFrom related species found in CAZY database.
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facilitate the release of processive enzymes (discussed below). Combining the activities of EG 
and CBHs releases large quantities of soluble cellodextrins, in particular cellobiose. β-d-
glucosidases hydrolyze these smaller glucose dimers to glucose monomers, which are then 
used by the fungal (or bacterial) cell for metabolism.

Similar to the monofunctional enzyme system of fungi, bacteria, such as Thermobifida fusca, 
use a parallel synergistic system.21 T. fusca is an aerobic, soil bacterium that thrives in 
elevated temperatures over a large range of pH. Like T. reesei, T. fusca secretes endocellu-
lases and exocellulases along with many hemicellulases for plant cell wall deconstruction22–25 
(Table 1). Furthermore, cellobiose is transported into the bacterial cell for hydrolysis by an 
intracellular β-d-glucosidase.26 Like the fungal cellulase systems, these bacterial endocellu-
lases and exocellulases have CBMs that assist in substrate recognition and enzyme 
localization.

In practice, these enzymes exhibit intermolecular synergy in that the secretome of these three 
types of enzymes have a total calculated effect much higher than that of each individual 
enzyme. Thus, for complete cellulose digestion, enzyme cocktails and commercial formula-
tions developed for biomass conversion must contain each of these activities. Two examples 
of modern commercially available cellulase enzyme formulations are CTec2 (Novozymes) 
Accelerase (DuPont).

Three-dimensional cellulase structure

Glycoside hydrolase crystal structures have been critical for elucidating the function of these 
enzymes. In particular, most endocellulases and exocellulases in the monofunctional enzyme 
system consist of at least two domains, a CBM and a catalytic domain (CD). These two 
domains are often connected by a nonstructured linker peptide that aids in protein flexibility 
and/or cellulose binding.27,28

CBMs are noncatalytic, functionally independent domains connected to the catalytic domain 
of many GHs. There are currently 68 families of CBMs classified by fold and carbohydrate 
recognition (www.cazy.org). The family 7 CBH (Cel7A) from T. reesei, for example, is 
attached to a family 1CBM. This CBM is thought to bind to cellulose fibers to effectively 
increase the local concentration of the catalytic modules on crystalline cellulosic substrates, 
target specific carbohydrate structures, and possibly disrupt lignocellulose.29,30

The cellulase catalytic domain contains the enzyme active site and therefore must be able to 
bind, orient, and hydrolyze the β-(1,4)-glycosidic bond. Interestingly, it is the tunnel-like 
structure around the active site that seems to be important in determining an enzyme’s 
processivity.31 Cel7A, for example, is a highly processive enzyme with an enclosed “tunnel” 
that accommodates a single cellulose chain that is threaded through the active site. Less 
processive enzymes or EGs do not have such extensive tunnels around their active sites, 
which allows these enzymes to bind and release cellulose chains at random. Consequently, it 

http://www.cazy.org


116  Chapter 7

is thought that EGs are not only synergistic with CBHs, in that they create initiation sites for 
CBHs, but they also create release sites for highly processive enzymes with highly enclosed 
active sites.

Self-Assembling, Highly Aggregated Enzyme Systems

An alternative plant cell wall-degrading enzyme paradigm that evolved in some bacteria and 
fungi involves large, multienzyme complexes that are tethered together and commonly bound 
to the cell surface by long linker peptides and large glycoproteins, called scaffoldins. In 
contrast to monofunctional enzyme systems, a multitude of enzymes are non-covalently 
linked to a scaffoldin to create a gigantic, multifunctional mega-Dalton-sized complex, called 
the cellulosome. Similar to the T. reesei cellulase secretome, cellulosomes incorporate 
processive and nonprocessive cellulases, hemicellulases, and other carbohydrate-degrading 
enzymes for synergistic action on biomass.32

The cellulosome complex is assembled by the high-affinity, type- and species-specific, nonco-
valent interaction between the cohesin modules of the scaffoldin and the enzyme-associated 
dockerin modules.33,34 Primary scaffoldins typically contain multiple cohesin modules, which 
can bind directly to dockerins-associated enzymes or to secondary scaffoldins. CipA, the 
primary scaffoldin from Clostridum thermocellum, for example, contains type I and type II 
cohesin modules that can bind to dockerin-associated enzymes or to secondary scaffoldins, 
respectively, thereby enabling many different types of enzymes to be assembled into the final 
cellulosome complex.34 In contrast to the monofunctional enzyme system, CBMs are less 
often associated with each individual enzyme, but are typically a component of the scaffoldin 
protein (Table 1). In this case, the scaffoldin-associated CBM(s) are responsible for maintain-
ing the cellulosome proximity to the lignocellulosic substrate for efficient saccharification.

Intermolecular versus intramolecular synergy

Compared to the monofunctional enzyme systems, which exhibit strictly intermolecular 
synergy, cellulosomes can be considered to have both intermolecular and intramolecular 
synergy. Since the scaffoldin brings the catalytic modules of independent function into close 
physical association with each other, two enzymes can be thought of as separate and having 
intermolecular synergy. However, considering that it is the scaffoldin that is associated with 
all the enzymes making up a single cellulosome, the cellulosome can also be thought of as 
displaying intramolecular synergy as well.

Both the monofunctional enzyme and cellulosomal systems use the same families of cellu-
lases and hemicellulases, with the exception of GH 6, 7 and 45, which are present only in 
noncellulosomal fungal systems. The synergistic interaction between endoglucanases and 
exoglucanases is; therefore, similar to the mono-functional enzymes system. However, 
because the enzymes decorating cellulosomes are all part of a large, mega-Dalton assembly, 
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the flexible movement of the scaffoldin is the likely mechanism by which enzymes of com-
plementary catalytic activity are brought in close proximity to cell wall substrates.

Designer cellulosomes

Producing artificial, multienzyme complexes or designer cellulosomes is one method 
researchers have used recently to optimize biomass deconstruction. Designer cellulosomes 
comprise a chimeric scaffoldin with a CBM and various cohesin modules taken from 
different cellulosome-producing microbial species. The approach permits control of the 
composition and arrangement of individual cellulases on the engineered cellulosome.35 
Structure-function analysis of cellulosomes and their associated enzymes has uncovered 
different types of cohesin and dockerin associations. These associations are specific to 
different microbial species, in which some type I cohesins will bind type I dockerins of 
some species, but not others; i.e., type II cohesins of C. thermocellum will bind to type II 
dockerins of A. celluloyticus; however, type I cohesins of C. celluloyticum cannot bind the 
type I dockerins of C. thermocellum.36 Designer cellulosomes can be engineered from 
components of native and non-native cellulosomes, as well as chimeric monofunctional 
enzymes containing relevant dockerin modules. The inclusion of selected enzymes is 
controlled in order of addition and type of enzyme activity to form highly specific cellulo-
lytic complexes.37 The ordered incorporation of selected enzymes into designer cellulo-
somes has been shown to improve synergism between cellulases by specific substrate 
targeting by the CBM, by the proximity of the cellulases in the complex, and by flexibility 
of the scaffoldin.15,38,39

Multifunctional Enzyme Systems

The third emerging paradigm that can be viewed as intermediate between that of monofunc-
tional enzymes and highly aggregated enzymes (cellulosomes) is that of the multifunctional 
enzymes. Multifunctional enzymes are single gene products composed of two or more 
catalytic activities.11,16,40–42 These enzymes are usually of high molecular weight and have 
one or several CBMs. In nature, multifunctional enzymes exist in both monofunctional 
enzyme systems and cellulosomal systems (Table 1). The classification of multifunctional 
enzymes is based on substrate specificities and, therefore, can be grouped into one of four 
different classes: cellulase––cellulase, cellulase–hemicellulase, hemicellulase–hemicellulase, 
and hemicellulase–carbohydrate esterase systems.8

Intramolecular synergy

The presence of two different enzymes in the same polypeptide chain suggests that the 
proximity of the designated catalytic modules necessitates concerted action on a given portion 
of the lignocellulosic substrate, and, indeed, it has been shown that each class of multifunc-
tional enzymes display enhanced activity when compared to their individual modules.16,43
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One well-characterized example of this cellulase paradigm is the multifunctional cellulase–
cellulase enzyme from the thermophilic, cellulolytic, bacterium Caldicellulosiruptor bescii, 
CelA. CelA contains an N-terminal endoglucanase module, GH9, and a C-terminal exogluca-
nase module, GH48, which are separated by three family 3 CBMs.11,16 When these modules 
are separated, but in the same cocktail, they exhibit synergistic digestion of cellulose; how-
ever, when tested as a single molecule, this synergism is substantially enhanced.43 Having 
both endoglucanse and exoglucanase activity, CelA is capable of hydrolyzing microcrystal-
line cellulose alone and much more efficiently than the model endoglucanases and exoglu-
canses (A. cellulolyticus E1 and T. reesei Cel7A) from free enzyme systems.11 This further 
suggests that the proximity, or local concentration, of synergistic activities is important for 
increased digestion of cellulose.

Along with cellulase–cellulase multifunctional enzymes, hemicellulase–hemicellulase 
multifunctional enzymes commonly have two different activities in the same protein 
sequence. For example, GH26 and GH10 display primarily mannanase and xylanase activi-
ties, respectively.42 CBMs of these enzymes usually target a single polysaccharide chain to 
localize the associated enzymes to relevant portions of the substrate, either before or during 
the processes of degradation, as newly exposed sites on the substrates become accessible. 
Interestingly, some of these multifunctional hemicellulases also have CBM3 modules, which 
are known to exclusively bind cellulose.

The evolution of multifunctional enzymes is likely to have occurred from the fusion of 
various catalytic modules with the benefit of performing their respective functions in the 
hydrolysis of plant cell walls at close proximity.8 However, it is not unreasonable to believe 
that researchers can use this “natural” strategy to construct artificial multifunctional enzyme 
chimeras based on functionality and substrate configuration in an attempt to optimize sac-
charification levels. Indeed, Xu et al. recently showed that designed, chimeric multifunctional 
cellulases could be created from C. thermocellum components.35 This multifunctional cellu-
lase linked together two important C. thermocellum cellulases, CbhA and CelA, and exhibited 
higher activity than the combination of its individual components.

New Cellulose Digestion Strategies Promoting Interspecies Synergism

For years, the primary digestion strategy observed among most cellulolytic enzymes was 
observable at the gross microfibril level. The first such observation (1985) was made by 
Chanzy and coworkers44 using electron microscopy to observe the unidirectional action of 
Cel6A from T. reesei acting on Valonia microcrystalline cellulose. It is now thought that the 
processive action of exo-acting cellulases produces sharpened tip morphologies at primarily 
the reducing ends of cellulose microfibrils.45 These authors suggested that the synergy 
between these cellulases caused the formation of sharpened cellulose microcrystals at the 
reducing ends. This endocellulase/exocellulase synergistic cellulose tip sharpening 
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mechanism was further confirmed by several research groups and most recently observed for 
the Cel7A rich commercial preparation Cellic CTec2 (Novozymes).10 Moreover, several 
recent studies have uncovered novel digestion strategies used by less common cellulolytic 
systems, such the cellulosomal bacterium C. thermocellum and the hyperthemophilic bacte-
rium, C. bescii. These systems bring new insights to the natural paradigms of cellulose 
digestion.

Cellulose Deconstruction by Cellulosomes: An Efficient and Complementary 
Deconstruction Mechanism

The specific, non-covalent attachment and organization of the cellulosome enables enzyme 
co-localization, which results in importantly different enzymatic performances compared to 
the monofunctional enzymes. A recent study comparing digestion of various substrates by the 
commercial fungal preparation (CTec2) and purified, isolated cellulosomes from C. thermo-
cellum, found that purified cellulosomes degrade Avicel and filter paper cellulose faster than 
the monofunctional enzymes, but was less effective than monofunctional enzymes on pre-
treated biomass.10 This result was attributed to the size and mobility of monofunctional 
enzymes compared to the cellulosomes. More interestingly, Transmission Electron Micros-
copy (TEM) micrographs of Avicel particles partially digested by cellulosomes revealed 
irregular, splayed-out cellulose ends. This observation is in stark contrast to monofunctional 
enzymes, which seem to have a tapering effect that results in a sharpening of the particle 
end.4 By splaying out the ends of crystalline cellulose, the cellulosomes effectively increase 
the surface area that is accessible to enzymatic digestion by roughly two-fold.10 This observa-
tion likely reflects the basic enzyme differences for each paradigm: where monofunctional 
enzymes are able to find, bind, hydrolyze, and release substrate based on individual enzyme 
function; cellulosomes having many catalytic units per complex tend to find, bind, and digest 
the entirety of the substrate before dissociation.10

In conjunction with different cellulose fibril digestion morphologies, the authors also noted 
different localization patterns of cellulosomes and free cellulases during digestion of switch 
grass. Cellulosomes were found near fractures in the plant cell wall, whereas free enzymes 
were able to penetrate into the secondary cell wall,10 indicating that, in real plant cell wall 
material, cellulosomes are too large to penetrate the porosity of pretreated biomass cell walls, 
emphasizing the benefit of splaying cellulose fibers to increase accessibly for the much larger, 
complexed enzymes. While the proposed mechanism displays the benefits of splaying, these 
results also provide insights to the limitations that cellulosomes experience digesting biomass 
compared to their action on pure cellulose.

Considering the substantial difference between the ablative mode of action of monofunctional 
enzymes and the cellulose splaying strategy used by cellulosomes, it is seems obvious that 
great synergy could exist between these two cellulolytic systems and that this is possibly why 
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C. thermocellum naturally uses both the aggregated cellulosomal systems and an extensive 
monofunctional enzyme system.46 Indeed, it has been shown that the combination of purified 
cellulosomes and back addition of a commercial free cellulase system had higher activity on 
Avicel, reaching 100% conversion in 24 h, compared to 70% with cellulosomes or free 
enzymes.10 Two possible synergistic methods can be surmised: (1) the cellulosome embarks 
on a microfibril bundle, splaying it out to effectively increase the surface area accessible for 
monofunctional enzymes to degrade; and (2) in the case of natural substrates, monofunctional 
enzymes penetrate through the primary and secondary plant cell wall, increasing the porosity 
of the wall material allowing cellulosomes to more quickly splay and penetrate the material.

The Hyperthermophilic Cellulase from Caldicellulosiruptor bescii CelA Degrades 
Cellulose by Several Complementary Mechanisms

As mentioned previously, cellulases from the emerging CBP microorganism C. bescii are of 
great interest due to their extremely high efficiency, provided by the combination of comple-
mentary catalytic domains within the same gene product.16,43 The cellulase, CelA, from  
C. bescii was shown to convert 100% of pure crystalline cellulose within seven days in the 
presence of a thermostable β-d-glucosidase at a temperature of 85 °C.11 CelA also dramati-
cally outperformed a mixture of the exocellulases/endocellulases Cel7A/Cel5A from the 
aerobic fungus, T. reesei, and bacterium, A. cellulolyticus.11 Beyond the hyperactivity of 
CelA, the comparison of this bacterial cellulase to its fungal counterparts reveals distinct 
digestion strategies never reported for any previously characterized cellulolytic systems 
(Figure 1).

Avicel particles partially digested by CelA exhibited narrowed, irregular, but not finely tapered 
morphology on one end and an irregular, scalloped angled morphology on the opposite end. 
However, in addition to the ablation activity often attributed to exoglucanases, CelA was also 
able to burrow into Avicel particles and create cavities. Evidence of these cavities was clear 
from TEM, in which CelA digested particles showed irregularly spaced cavities along the length 
of the particles (Figure 2). The size of these particles varied from 15 to 30 nm in length and up 
to 150 nm in depth. These cavities were wide enough to accommodate one or several CelA 
molecules given the size distribution of the cellulase inferred by molecular dynamics. This 
finding suggests that the smaller cavities may be the result of individual CelA molecules, 
whereas the larger cavities may be the result of mature cavities merging or multiple enzymes 
working in the same, enlarged cavity. The presence of several binding modules most certainly 
restricts the processive behavior of this cellulase and increases its residence time on a particular 
location, leading to the formation of cavities. It should also be mentioned that in addition to this 
cavity-forming mechanism, there are likely other, less well-characterized mechanisms at play, as 
suggested by the two dramatically different end morphologies previously mentioned. This new 
digestion strategy could lead to increased synergy with more traditional processive cellulases, 
because it generates more accessible surface area and makes more cellulose ends available. 
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However, due to the differences in optimal temperature with most highly active exoglucanases, 
this synergistic effect has yet to be observed (Figures 3 and 4).

Future Perspective

As new cellulolytic microorganisms are discovered through bio-prospecting and molecular 
characterization, there are opportunities to discover new biomass degradation paradigms. The 
picture of biomass degradation is increasingly more complex, in which multifunctional 
cellulases from many thermophilic organisms are now being considered as potential game 
changers and templates for more efficient chimeric cellulases. The recent discovery of the 
high cellulolytic activity of C. bescii and its most abundant cellulase, CelA, has remotivated 

Figure 1
Complexity of the three cellulase systems used in nature by microorganisms to degrade 

lignocellulose. Ref. 11.
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researchers to search for similar microbes in thermophilic environments. Unlike the relatively 
new multifunctional systems, self-assembling systems have been extensively studied and well 
characterized biochemically, but there still remains much to be understood about the specific 
strategies they use to degrade biomass. The recent discovery of the high synergistic activity of 
cellulosomes from C. thermocellum and fungal cellulase-based formulation CTec2 shows that 
much remains to be understood. Additionally, in both cases, advanced imaging of digested 
substrates has proven to be a great tool for providing new insights into the mechanisms by 
which these cellulolytic systems degrade biomass.
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Figure 2
Depiction of the mechanism of action of the three natural cellulose degrading systems known today. 
The (1) mono-functional system deployed by most filamentous fungi (T. reesei) and bacteria, (2) the 
multi-functional system used by some bacteria (C. bescii), and the (3) highly aggregated system used 

by very few bacteria (C. thermocellum) and fungi.
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Understanding these newly discovered biomass digestion strategies is an important step 
toward understanding biomass deconstruction in nature. However, they also highlight how 
little is known to date about the variety of biomass digestion mechanisms that exists in the 
biosphere, for example from a consortia of organisms. There exist great opportunities for the 
discovery of new enzymes and microorganisms that can synergistically degrade biomass or be 
used to augment current enzyme formulations. Indeed, because most synergistic action of 
microorganisms or enzymes on biomass is known from prospecting, researchers often look at 
microbes that have evolved in the same environment and benefit from cooperative degradation 
of biomass. This is the case for microbes found in hot springs, the rumen, or soil. Whereas 
this strategy has enabled significant advances in the biofuels industry, it appears that a better 
approach to enhance existing formulations or CBP microbes would be to take advantage of 
the different digestion strategies that exist in different ecosystems. Indeed, as mentioned 
above, the recent study by Resch et al. shows that two enzymatic systems from two different 
ecosystems can synergistically degrade biomass because of the complementary nature of their 
biomass digestion mechanisms.

Another area for potential mechanistic synergy is illustrated by CelA from C. bescii and its 
cavity-forming mechanism recently discovered by Brunecky et al.11 The formation of cavities 
and splaying of end surfaces observed on CelA digested samples indicates the available 

Figure 3
TEM micrographs of small Avicel PH101 particles from digestions at ∼65% conversion. CelA 

digested particles display cavities of various sizes on the surface (green (light gray in print versions)). 
Plate on the right is one tilt image from a tomographic study of a cavity field. The length insert bar 

indicates 100 nm.
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surface area of the biomass is being increased by the action of the CelA enzyme. Given that 
surface area and available binding area are limiting factors in free enzyme cellulase systems 
and that significant enhancements in hydrolysis rates can be achieved with ball milling,47,48 it 
follows that the conventional free enzyme systems, which function in a surface ablative 

Figure 4
Illustrations and transmission electron micrographs of digested Avicel particles. Imaging of these 

substrates has revealed new insights into different strategies used by cellulase systems to deconstruct 
biomass. In the monofunctional enzyme system, in which individual cellulases are limited to ablating 
the surface, the particle obtains a smooth, tapered end. The tapering of one end of the particle can 
be understood by the abundance of the reducing end oriented exoglucanase, Cel7A, in CTec2 and 

that the microfibrils that make up these small Avicel particles must be oriented in parallel. In the CelA 
digested particles, the same end displays a more irregular, scalloped morphology. In addition, a 
unique feature of CelA digested particles is the appearance of excavated cavities (white arrows). 

Cellulosome digested Avicel particles display separation of individual cellulose microfibrils creating 
more splayed particle end morphology. Scale bar = 500 μm. Modified from Refs 10,11.
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manner, should be able to take advantage of the increased accessibility to the substrate 
provided by the CelA cavity forming mechanism to increase their rate of hydrolysis.
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Introduction

The dominant paradigms for plant cell wall degradation include free enzyme systems  
(Figure 1(a)), cellulosomes (Figure 1(b)), multifunctional enzyme systems (Figure 1(c)),  
and cell-anchored enzyme systems (Figure 2).1

Over half of a century ago, Mandels and Reese initiated extensive research on glycoside 
hydrolases involved in plant cell wall degradation while studying cellulases and their 
regulation in Trichoderma viride.2,3 Since then, glycoside hydrolases have been classified 
thus far in more than 130 different families4 on the basis of their sequence homologies. 
The glycoside hydrolases are modular enzymes that contain a catalytic module that 
cleaves the glycoside bond and (frequently) a carbohydrate-binding module (CBM) that 
targets the enzyme to the polysaccharide substrate (Figure 1(a)).

Cellulosomes were discovered in 1983 by Bayer and Lamed5,6 in the anaerobic thermophilic 
bacterium Clostridium thermocellum. These enzymatic complexes comprise dockerin-containing  
enzymes, a “primary scaffoldin” and “anchoring scaffodins.” The primary scaffoldin is the 
backbone of the complex. It is composed of multiple cohesin modules that serve to integrate 
the dockerin-containing enzymes and a CBM for targeting of the complex to the cellulose 
substrate. The anchoring scaffoldins bind to the primary scaffoldin via a special type of cohesin/
dockerin interaction in which an X-dockerin modular dyad on the primary scaffoldin attaches 
to one or more cohesins on corresponding anchoring scaffoldins. Thus, the cellulosomes are 
attached to the bacterial cell surface via an SLH module (S-layer homology) located on the 
C-terminus of the various anchoring scaffoldins. In subsequent work, more extensive 
variability in the organization of cellulosome complexes revealed other bacterial strains. For 
example, in Acetivibrio cellulolyticus, the number of enzymes incorporated into the 
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Figure 2
Cell-surface display of enzymes and complexed enzymes: (a) single enzymes, (b) cellulosomes,  

and (c) bifunctional enzymes.

Figure 1
Major enzymatic paradigms for plant cell wall degradation: (a) free enzyme systems,  

(b) cellulosomes, and (c) multifunctional enzymes.
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cellulosome complex was found to be amplified by the involvement of an “adaptor scaffoldin,” 
which mediates between the primary and anchoring scaffoldins.7,8 It is clear that the organiza-
tion of enzymes into a cellulosome concentrates them and perhaps positions them in a suitable 
orientation with respect to each other and to the cellulosic substrate. Thus, this grouping results 
in an enzyme proximity effect and a common targeting of the enzymes to the substrate that is 
believed to render the cellulosome more effective than free enzymes in degrading recalcitrant 
cellulose substrates.5,6 Moreover, the fact that the complex is attached to the substrate and the 
cell results in a minimal diffusion loss of enzymes and hydrolytic products, with the latter also 
entering the cells directly without inhibiting the enzymes.

A third enzymatic paradigm is that of the multifunctional enzymes. The first evidence for 
the existence of bifunctional enzymes was published in 1990 by Bergquist and colleagues,9 
in which a bifunctional exo/endoglucanase from the extreme thermophile Caldocellum 
saccharolyticum (Caldicellulosiruptor saccharolyticus) was characterized. Although 
bifunctional enzymes are commonly found in hyperthermophilic bacteria, they have also 
been discovered in mesophiles.10 Subsequent descriptions of multifunctional enzymes 
were published mainly because of genome sequencing.11 These high-molecular-weight 
enzymes are composed of several catalytic modules involved in the degradation of plant 
cell walls (cellulase–cellulase, hemicellulase–hemicellulase, hemicellulase–cellulose, and 
hemicellulase–carbohydrate esterase systems) together with one or several CBMs.1,11 
Some also contain dockerin modules for incorporation in cellulosome complexes. The 
presence of several catalytic modules in the same polypeptide chain would seem to indi-
cate that their “enforced proximity” would account for enhanced concerted action on 
cellulosic substrates.

Single enzymes, cellulosomes, and multifunctional enzymes are either found as “free” systems 
or anchored to the microbial cell wall via an SLH module or alternative cell-anchoring  
process, such as the sortase-mediated attachment associated with some rumen bacteria.12 The 
proximity of the enzymes to the bacterial cell is believed to minimize diffusion loss of 
hydrolytic products and allow direct utilization of produced soluble sugars. The cell-anchored 
enzyme systems, whether in the free, the cellulosomal, or the multifunctional mode together 
embody a fourth paradigm.

These enzymatic paradigms have been the subject of extensive research and engineering to 
augment the action of natural systems in the intricate degradation of plant cell walls.13

Engineering of Single Enzymes

Since the discovery of glycosides hydrolases and the prospect of potential applications of 
cellulases in deconstructing cellulosic biomass toward biofuel production, significant 
improvements have been achieved in cellulase engineering in efficiency and cost 
reduction.
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Thermostable cellulases are particularly attractive because they offer many advantages in the 
bioconversion process, which include higher specific activity and stability, microbial growth 
inhibition, increase in mass transfer rate due to lower fluid viscosity, and greater flexibility in 
the bioprocess.14 Two decades ago, disulfide bridges were inserted into the enzyme to confer 
stability, thermoprotection, and prevent denaturation.15 Since then, directed evolution has 
successfully led to significant increases in thermostability but also in enzymatic activity or pH 
stability,14 although the exact features that confer thermostability to proteins are still 
unknown. Enzymes with improved thermal stability were also obtained by SCHEMA, a 
structure-guided approach that produces chimeric proteins by interchanging contiguous 
blocks of amino acids that include recombination processes.16,17 Very recently, this method 
was used to synthesize a diverse set of Cel48 exoglucanase chimaeras on the basis of three 
native Cel48 enzymes from mesophilic and thermophilic Clostridia. As many as 60 active 
chimaeras were characterized, significantly expanding knowledge on sequence–function 
relationships within the important GH48 family.18 The activities of these Cel48 exoglucanase 
derivatives were established alone and not in the presence of other enzymes, notably endoglu-
canases. It still remains to be determined whether these exocellulases will work synergisti-
cally in the context of multienzyme complexes and whether the resultant cocktails will exhibit 
enhanced cellulolytic activities.

A recent overview19 of various methods for engineering cellulases (and glycoside hydrolases) 
cited rational design (based on the structure/function of the protein20), directed evolution 
(using error-prone polymerase chain reaction20–22), and knowledge-based library designs 
based on multiple sequence alignment (consensus approach23). Additional methods including 
degenerate oligonucleotide gene shuffling were described, which can lead, for example, to 
enhanced performance of xylanases.24,25 Some methods can also be combined as the associa-
tion of rational design, and random mutagenesis served to significantly stabilize a large 
cellobiose phosphorylase from C. thermocellum.26

Cellulases, hemicellulases, and other glycoside hydrolases are not only engineered for 
biomass degradation but also for additional applications27 (e.g., improved thermal stability for 
cellulase applications as detergents,28 improving xylanase activity under alkaline conditions 
for pulp and paper industry,29,30 or using β-glucanases to depolymerize cereal glucans in the 
brewing and animal feedstuff industries31).

Cellulosome Engineering
Mini-Cellulosomes

In mini-cellulosomes, a recombinant truncated form of the wild-type scaffoldin is used, which 
thus contains a smaller and manageable number of cohesins (Figure 3(a)). Therefore, the 
cohesins exhibit uniform specificity characteristics and recognize the dockerin of the same 
species, resulting in cellulosome complexes of heterogeneous content. Mini-cellulosomes 
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were first constructed in 2002.32 In this study, mini-cellulosomes comprised copies of a 
recombinant cellulosomal endoglucanase and a truncated scaffoldin from Clostridium 
cellulovorans, and synergistic activity on cellulosic substrates was demonstrated. Later on,  
it was suggested that in C. cellulovorans, the cohesin–dockerin interaction might be more 
selective than originally believed.33

In another article, Bacillus subtilis was transformed with C. cellulovorans enzymes and a 
truncated scaffoldin, and the resultant strain produced mini-cellulosomes complexes with 
cellulolytic activity.34 Increasing enzyme copies in mini-cellulosome complexes enhanced the 
synergistic effect between the catalytic modules and served to demonstrate the importance of 
the clustering effect (physical enzyme proximity) of the enzymes within the mini-cellulosome 
complex for efficient degradation of several plant cell wall substrates.35 Another research 
effort provided evidence that Saccharomyces cerevisiae cells can be engineered to produce 
mini-cellulosomes (composed of a chimeric endoglucanase originated from C. thermocellum 
and a C. cellulovorans mini-scaffoldin), and the resultant complex degraded cellulosic 
substrates for ethanol production.36 Likewise, Corynebacterium glutamicum has been trans-
formed with the same mini-cellulosome components for amino-acid production.37 In these 
two works, it is unclear why the authors would include a thermophilic enzyme in a meso-
philic organis, and the enzymatic activity of the mini-cellulosomes would certainly have been 

Figure 3
Engineering of cellulosomes: (a) mini-cellulosomes; (b) designer cellulosomes; and (c and d) 

cellulosome-inspired complexes of Heyman,114 Morais,61 and Blanchette.65
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increased by selecting a mesophilic endoglucanase. Another research effort indicated that 
mixing diverse types of enzymes (i.e., mannanase and endoglucanase) in mini-cellulosomes 
served to increase the synergistic action of the enzymes.38

Recently, the complete in vitro reconstitution of the C. thermocellum cellulosome was 
achieved.39,40 In an earlier article, the authors confirmed the key role of CipA scaffoldin in 
cellulosome assembly and efficiency toward crystalline cellulose degradation by a series of 
mutations in CipA gene.39,40 A C. thermocellum mutant was obtained with a completely 
defective CipA scaffoldin. Nevertheless, the mutant strain produced the traditional set of 
cellulosomal enzymes in the free form. The latter cellulase system was 15-fold less active in 
degrading crystalline cellulose than the wild-type bacterium. In the subsequent study,39,40 the 
authors simply mixed the culture supernatant of the mutant C. thermocellum containing the 
free dockerin-bearing enzymes with a purified form of the full-length recombinant CipA 
scaffoldin. The reassociated cellulosome exhibited a 12-fold enhancement as compared with 
free enzymes on microcrystalline cellulose degradation and was at least 80% as efficient as 
the native cellulosomes. This study highlighted the essential function of the CipA scaffoldin 
in assembling an enzymatic complex allowing enhanced enzyme synergy.

Designer Cellulosomes

Designer cellulosomes have been proposed as a tool for understanding the structure–function 
relationship of cellulosome components and for subsequent biotechnological application in 
waste management and biofuel production.41–43 In designer cellulosomes, each chimeric 
enzyme is appended with a dockerin of divergent specificity that binds specifically to a 
matching cohesin of a chimeric scaffoldin. Thus, in contrast with mini-cellulosomes, designer 
cellulosomes allow precise incorporation of the different enzymes into the chimeric scaf-
foldin, and the composition of designer cellulosomes is homogeneous with respect to the 
enzyme content and the exact location of the enzymes within the complex (Figure 3(b)). The 
first demonstrations in the construction and use of artificial cellulosomes were reported in 
2001.44 In this work, divalent designer cellulosomes were assembled with components of 
Clostridium cellulolyticum, and the complex exhibited enhanced degradation of microcrystal-
line cellulose. Two cohesins originating from different bacterial species and exhibiting 
divergent specificities were fused into a single polypeptide chain together with a CBM for 
targeting of the enzymes to the cellulosic substrate, thus forming the chimeric scaffoldin. 
Chimeric enzymes that contained matching dockerins were constructed in parallel, enabling 
their precise incorporation into the designer cellulosome complex.

Two factors that serve to enhance deconstruction of recalcitrant cellulosic substrates were 
defined: the enzyme targeting to the substrate surface via the CBM of the scaffoldin and the 
physical proximity effect of the enzyme components.45 In addition, the resulting enhancement 
in substrate deconstruction was shown to increase with the recalcitrance of the cellulosic 
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substrate.46 Also, for more complex lignocellulosic substrates (wheat straw), the contribution 
of a large spectrum of enzymes (from different glycoside hydrolase families) specialized for 
the different subcomponents of the substrate was demonstrated.

The designer cellulosome approach also enabled fabrication of novel and inventive cellulo-
some geometries, and their activities on crystalline cellulosic substrates were compared with 
those of more conventional designer cellulosomes.47 This study established the negative 
influence of multiple CBMs in designer-cellulosome complexes in cellulose degradation, thus 
corroborating the results of a previous study,45 and further indicated that increased architec-
tural restrictions and elevated levels of rigidity appeared to decrease the activity of the resul-
tant designer cellulosomes. In one case, a family 6 fungus-derived cellulase was included into 
designer cellulosome modes together with standard cellulosomal enzymes.48 In this study, the 
two factors—targeting effect and proximity effect—were observed to occur separately and not 
in combination. The authors suggested that the origin of the enzymes from the different 
microbial systems may have been responsible for the apparent antagonism between the 
proximity and CBM targeting effects and that the benefit of combined effects may occur in 
designer cellulosomes composed only of bacterial enzymes. In fact, family 6 enzymes have 
not been observed to be a component of native cellulosomes. It is interesting to note that two 
family 6 enzymes—an endoglucanase and an exoglucanase—derived from the aerobic bacte-
rium Thermobifidia fusca, were incorporated into designer cellulosomes.49 The endoglucanase 
performed well in the cellulosome mode, but the family 6 exoglucanase exhibited an “anti-
proximity” effect and was inappropriate for use as a component in designer cellulosomes.

The designer cellulosome approach was also used to examine the interplay of prominent 
cellulosomal and noncellulosomal cellulases from C. thermocellum on crystalline cellulose.50 
In this case, the targeting effect was found to be the major factor responsible for the syner-
gism among the enzyme combinations whereas the proximity effect appeared to play a 
negligible role. Thus, designer cellulosome complexes may exhibit both of these effects, 
either singly or in combination, depending on the characteristics (specific enzymes, composi-
tion and organization of scaffoldin, linker regions, etc.) of the individual system and its 
relationship to the status of the substrate. The phenomena that cause the synergistic effect 
seem to depend on the characteristics of the specific enzyme combination used to fabricate 
the designer cellulosome and the properties of the component parts vary with each study.

In 2006, the complete conversion of the free enzyme system of the aerobic thermophile 
bacterium T. fusca into the cellulosomal mode was initiated. This highly cellulolytic bacterium 
possesses a set of only six cellulases and four xylanases. This finite and manageable panel of 
enzymes allows the very attractive possibility of converting the entire enzymatic system into 
the cellulosomal mode, which eliminates the difficulties in selecting enzymes from a highly 
diverse set for inclusion into designer cellulosomes. At first, the cellulases were engineered into 
chimeric cellulosomal enzymes by replacing their native CBM with a dockerin of divergent 
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specificity. Several designer cellulosome complexes exhibited enhanced cellulose-degrading 
activity as compared with the free wild-type enzyme degradation.49,51–53 The significance of 
linker length and dockerin position in enzyme design was examined,51 and it was established 
that linker length had apparently no influence on the activity of the chimaeras. However, the 
position of the dockerin in the chimeric enzymes appeared to be an important parameter.

The combined action of cellulases and xylanases together in the same designer cellulosome 
complex served to enhance the combined synergistic activities of the enzymes toward a natural 
complex wheat straw substrate.54 While preparing different classes of designer cellulosomes—
those that contain only cellulases, those that contain only hemicellulases, and those of mixed 
composition—the advantages of using the mixture of enzymes in a single cellulosome for 
degradation of the wheat straw substrate were demonstrated, suggesting a strong proximity 
effect among cellulases and xylanases.55 Thus, the entire xylanolytic system of T. fusca was 
assembled into a defined designer cellulosome complex and its combined saccharolytic 
activity was compared versus that of the free xylanase system. The data demonstrated 
enhanced synergistic activities for the xylanolytic designer cellulosomes on the natural recalci-
trant wheat straw substrate degradation.56 In parallel, another article reported the constructions 
of several divalent designer “xylanosomes” that performed higher xylanolytic activities on 
arabinoxylan and destarched corn bran when compared with that of the free enzymes.57

Very recently, the designer cellulosome technique was pushed to its apparent limit (six different 
chimeric dockerin-bearing enzymes from T. fusca bound at specific locations onto a hybrid 
scaffoldin).58 The artificial designer cellulosome complexes obtained were comparable in size 
with natural cellulosomes. Evidence for proper assembly and stability was provided, and their 
enzymatic activity on raw substrates (pretreated on not) was compared with those of the free 
enzyme system and of natural cellulosomes. The action of these designer cellulosomes on 
untreated wheat straw exhibited a 1.6-fold enhancement toward the combination of wild-type 
enzymes and was 33–42% as efficient as the natural cellulosomes of C. thermocellum. The 
reduction of substrate complexity by pretreatment of the wheat straw substrate allowed com-
plete conversion of the substrate into soluble saccharides by native cellulosomes. However, the 
pretreatment removed the advantage of the designer cellulosomes because the free enzymes 
displayed higher levels of activity, indicating that enzyme proximity between these selected 
enzymes was less significant on pretreated substrates.

An overview of the methodologies essential for designing and examining cellulosome 
complexes was published recently.59

Cellulosome-Inspired Complexes

In 2007, the assembly of a T. fusca enzyme, endoglucanase Cel5A, on a designed ring-shaped 
scaffold termed Coh-SP1 was studied.40 For this purpose, the gene of a C. thermocellum cohesin 
was fused in frame to the SP1 protein,60 and, upon expression of the chimeric gene, 12 Coh-SP1 
self-assembled to form a circular scaffold (Figure 3(c)). The Coh-SP1 scaffold successfully 
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allowed the incorporation of an estimated average of 10.5 endoglucanase molecules harboring the 
matching dockerin. These nanobioreactors were shown to be significantly more efficient for 
cellulose degradation than equivalent amounts of the free enzyme. Later on, a chimeric exogluca-
nase, Cel6B, derived also from T. fusca, was subjected to interaction with the Coh-SP1 scaffold, 
and full incorporation of the exoglucanase (12 copies) was observed.61 The complexation of the 
exoglucanase on the scaffoldin resulted in a dramatic decrease in enzymatic activity. However, 
when the complexed exoglucanase was combined with a relatively low concentration of wild-type 
Cel5A endoglucanase, a marked enhancement of cellulolytic activity over that of the combined 
free, uncomplexed enzymes was observed. To account for this surprising result, a synergistic 
mechanism was proposed in which the endoglucanase cleaves internal sites of the cellulose 
chains, and the new chain ends of the substrate are now readily accessible to the scaffold-borne 
exoglucanase, thereby resulting in highly effective, synergistic degradation of cellulosic substrates.

In parallel, another scaffold from the hyperthermo-acidophilic archaeon Sulfolobus shibatae, 
comprising 18 cohesin subunits was engineered.62 This scaffold allowed the incorporation of 
a mixture of cellulosomal enzymes from C. thermocellum and the enzymatic complex was 
termed “rosettazyme.” These complexes exhibited increased cellulose-degrading activity 
compared with the activity of the free enzymes in solution.

Recently, Kim and colleagues proposed a new design for artificial cellulosome com-
plexes.63,64 In this effort, biotinylated forms of the catalytic module and CBM are indepen-
dently clustered to streptavidin and then associated with inorganic nanoparticles. These 
complexes allowed increasing valence of the CBM, which appeared to be beneficial for 
degradation of insoluble cellulosic substrates. Very recently, T. viride cellulases were conju-
gated to polystyrene nanospheres (Figure 3(d)). Whereas the complexed enzymes exhibited 
similar levels of cellulolytic activity on carboxymethyl cellulose, they achieved enhanced 
levels of degradation on microcrystalline cellulose and natural cellulosic substrates.65

Cellulosome-inspired complexes were also grafted onto the cell surface of Lactococcus lactis. 
Truncated CipA scaffoldins of C. thermocellum were functionally displayed on the bacterial 
cell surface and interacted with two reporter enzymes harboring the matching dockerin from 
C. thermocellum.66 Later on, a chimeric scaffoldin comprising type I and II cohesins from  
C. thermocellum was displayed on the L. lactis surface, and dockerin-containing chimeric 
reporter enzymes, produced in Escherichia coli, were assembled ex vivo on the scaffoldin. 
The sequential binding of the two enzymes suggested that parameters such as protein size and 
position within the scaffold affect assembly of the designer cellulosome complex.67

Multifunctional Enzyme Design

Bifunctional enzymes have been proposed for various biotechnological uses,68,69 and there are 
numerous reports in the literature that document attempts to engineer multifunctional enzyme 
chimaeras.70
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The first end-to-end fusions of glycoside hydrolases were reported in 1987.71 The resultant 
chimeric enzyme was composed of an exoglucanase and an endoglucanase from Cellulomo-
nas fimi. Both enzymatic activities were retained, but the binding abilities to microcrystalline 
cellulose were abolished upon fusion. In 1994, a fusion between a B. subtilis xylanase and a 
C. fimi cellulase with an internal CBM was reported that retained parental degrading activities 
on cellulose and xylan substrates.72

End-to-end fusions were also demonstrated to depend on the design of the protein chimaeras. 
Thus, a xylanase/cellulase fusion using a C. thermocellum xylanase and a cellulase from 
Pectobacterium chrysanthemi (Erwinia chrysanthemi) resulted in a chimaera able to degrade 
xylan and cellulose. However, the reverse fusion cellulase/xylanase lost both enzymatic 
activities.73 In addition, the effect on increased linker lengths between the two fused modules 
was shown to be beneficial to the enzymatic activity of the resultant bifunctional enzyme. As 
in some other research efforts, it is unknown why the authors chose to mix enzymes from 
thermophilic and mesophilic bacteria, and studies of this nature would be more meaningful if 
the scientists involved would stay true to the inherent characteristics of the enzymes they 
choose to study. Likewise, a bifunctional cellulases/xylanase enzyme was constructed from 
two genes of Thermotoga maritima, and the resultant chimaera exhibited enzymatic activity 
on cellulase and xylan. However, when reversing the order of the catalytic modules in the 
chimaera, the enzyme lost its activities, probably because of protein misfolding.74 Another 
fusion protein was prepared using T. maritima genes, a bifunctional cellulase/β-glucosidase, 
and the same trend concerning the reverse chimaera activity was observed. In addition, lower 
specific activities were obtained for the chimeric enzymes than for the wild-type enzymes.75 
Fusions between an Aspergillus niger xylanase and a T. maritima glucanase served to demon-
strate that fusion of a large catalytic module at the C-terminus contributes more to enzyme 
catalytic activity, whereas fusion of a large catalytic module at the N-terminus disturbs 
substrate binding affinity of the enzyme.76

In parallel, another research was published on an end-to-end fusion of a glucanase and a 
xylanase from a different Bacillus species. In this research, the obtained fusion enzyme 
exhibited increased glucanase activity and decreased xylanase activity as compared with the 
parental enzymes.77 Later on, the same research group highlighted the role of proper linker 
peptides between the two genes of a bifunctional enzyme chimaera. In this context, a linker 
peptide was inserted in between the two genes (glucanase and xylanase) to reduce protein-
folding interference and allow for optimal function of the two enzymes, either independently 
or in concert, on the substrate, and the chimaera with the extended peptide spacer resulted in 
enhancement of glucanase and xylanase activities as compared with the wild-type enzymes.78

Multifunctional enzyme conjugates (up to three fused catalytic modules) have been reported 
recently to have increased enzymatic activities and synergy compared with a simple combina-
tion of their parental enzymes.79,80 These authors observed enhanced degradation of natural 
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substrates upon fusing two or three complementary hemicellulases (xylanase, arabinofurano-
sidase, and xylosidase) into the same polypeptide chain.

In view of the above works and difficulties in engineering a fully functional and optimized 
chimaera, later studies engineered several fusions of enzymes in an attempt to obtain at least 
one fused enzyme with enhanced degrading activities of its catalytic modules. In 2011, four 
fusion models between a cellulase and a xylanase from a Paenibacillus strain isolated from an 
insect gut were designed, and their predicted three-dimensional structures were analyzed 
using circular dichroism spectroscopy. The optimal fusion in terms of structural features  
(i.e., approximating the wild-type enzymes) was cloned and characterized, and the chimaera 
exhibited increased enzymatic activities for both catalytic modules.81 The same year, another 
article reported the construction of six different chimaeras between cellulases and 
β-glucosidase from C. thermocellum. The most active chimaera on amorphous cellulose also 
demonstrated enhanced thermostability.82

In another study, a B. subtilis laccase and xylanase were combined in two different 
bifunctional enzyme constructs. Laccase activity was superior to the enzymatic activity 
of the parental enzyme whereas xylanase activity was similar to that of the parental 
enzyme.83 The chimeric enzymes exhibited strong activity on kraft pulp cellulose and 
hold potential for biobleaching applications.

A recent publication reports the fusion of a cellulase to a β-glucosidase from a Paenibacillus 
strain in an attempt to relieve feedback inhibition of the cellulase by the enhanced action of 
the second enzyme, which degrades the inhibitory cellobiose to noninhibitory glucose units.84 
One of the six bifunctional enzymes designed exhibited enhanced degradation on pretreated 
rice straw and cellulose and achieved significant synergism with a commercial enzyme 
preparation on pretreated biomass.

In 2012, four enzymes fusions between an exoglucanase and an endoglucanase from T. fusca 
were designed (Figure 4) and characterized.85 Thus, an inhibitory effect on cellulose degrada-
tion was observed when two copies of the family 2 CBM were present on the bifunctional 
enzyme. In addition, the position of the various modules on the polypeptide chain appeared to 
be of critical importance to the activity of the enzyme. Nevertheless, the most active bifunc-
tional chimaera achieved exhibited reduced levels of cellulose degradation compared with the 
combination of the wild-type enzymes or their inclusion into the cellulosomal mode.

Cell Wall-Anchored Paradigms

The three enzymatic paradigms cited above are naturally found either as free enzymatic 
systems or as cell wall-anchored enzymes. Numerous attempts in transforming bacterial cells, 
fungi, or yeast with cellulases have been successful (Figure 2(a)). In initial attempts, cellu-
lases have been displayed in E. coli and B. subtilis by creating cellulase fusion proteins that 
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are associated with the membrane.86–88 Another research demonstrated that yeast cells 
expressing endo- and exoglucanase from Trichoderma reseei and a β-glucosidase from 
Aspergillus aculeatus at their cell surface exhibited higher ethanol yields than those that 
secreted these enzymes.89–92 Yeasts cells displaying a Paenibacillus polymyxa xylanase have 
also been reported.93 The focus of most researches is to develop a consolidated bioprocessing 
(CBP) organism, and bacteria such as Zymobacter palmae have been transformed with a 
Cellulomonas endoglucanase.94 Toward this goal, a library of 35 fungal β-glucosidases was 
screened for their ability to be both displayed on the S. cerevisiae cell surface and functional, 
and the most active enzyme was selected to develop a cellobiose-fermenting strain.95

Means for attaching cellulosomes to cell surfaces have been considered (Figure 2(b)). 
Research groups have created S. cerevisiae strains that display designer mini-cellulosomes 
using a covalent link to the β-1,6-glucan within the cell wall using a glycosyl 

Figure 4
Design of several architectures of bifunctional enzymes based on the gene fusion of an 

endoglucanase and an exoglucanase.85
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phosphatidylinositol signal motif to display the mini-scaffoldin on the yeast cell surface.96–98 
Assembly of mini-cellulosomes was achieved either by incubating the yeast with purified 
dockerin-containing cellulases96,97 or directly in vivo by co-expressing the enzymes.98 These 
authors established that it was possible to produce yeast strains that could produce ethanol 
from cellulose, a step toward the construction of a CBP microorganism that could produce 
high levels of ethanol directly from biomass. Another research effort demonstrated the 
efficiency of mini-cellulosomes composed of three complementary hemicellulases displayed 
on the S. cerevisiae surface for the single-step conversion of xylan to ethanol.99 Very recently, 
another publication demonstrated that it is possible to use sortase enzymes to attach a mini-
cellulosome to the surface of B. subtilis.100 An additional strategy has been recently used to 
display a mini-scaffoldin on the cell surface of B. subtilis using a cell wall-binding module 
from a cell wall hydrolase of the bacterium.101 In the two latter studies, the addition of 
purified dockerin-bearing enzymes to the bacterial cells led to the proper assembly of mini-
cellulosomes and enhanced cellulose degradation was demonstrated.

Lately, strategies for augmenting the copies of cell surface-displayed cellulases in S. cerevi-
siae were developed because efficient display of numerous copies of enzymes or complexed 
enzymes in the form of designer or mini-cellulosome is challenging.102,103

To date, no attempt in attaching a bifunctional enzyme to a microorganism cell surface has 
been reported (Figure 2(c)). Research in this direction could also lead to efficient microorgan-
isms able to deconstruct cellulosic biomass into soluble sugars.

In addition, cellulolytic activity of these engineered strains is still significantly lower than the 
activity of cellulosome-displaying bacteria; thus, improved methods to efficiently degrade 
cellulose are required. Producing designer cellulosomes in C. thermocellum should be 
considered because it is currently the most efficient system for degrading cellulosic biomass, 
and a recent publication demonstrated that its efficiency could be increased in vivo by integra-
tion of a β-glucosidase to the complex.104

Reflections and Perspectives

Improvement of enzymatic paradigms for plant cell wall degradation has progressed signifi-
cantly during the last several decades. However, improving the activity profiles of a single 
enzyme or groups of individual enzymes will not necessarily lead to significant improvements 
in the overall degradation of plant-derived cellulosic biomass. Indeed, how a modified 
enzyme works in concert with other enzymes in an enzymatic cocktail to efficiently degrade 
recalcitrant cellulosic substrates is the real challenge.

In nature, cellulosome-producing bacteria have intricate enzymatic and regulatory systems 
in which the different paradigms are all represented and even mixed. For example, the 
premier cellulosome-producing bacteria, C. thermocellum and C. cellulovorans, are known 
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to also produce free enzymes.105–109 In addition, some multifunctional enzymes of C. 
thermocellum, A. cellulolyticus and Ruminococcus flavefaciens, bear dockerin modules 
enabling their integration in the respective cellulosome systems.1,110 Moreover, in addition 
to cell wall-anchored cellulosomes, C. thermocellum displays single enzymes on its cell 
surface via SLH modules.111 This implies that the concerted action of the different enzy-
matic paradigms benefits the overall degradation of plant cell wall polysaccharides by 
certain cellulolytic bacteria. Research in this direction could provide novel mechanistic 
insight into the efficient synergistic activity of enzymatic paradigms on the deconstruction 
of plant cell wall substrates into soluble sugars.

It is clear from the accumulated research efforts of numerous groups over the years that 
several major phenomena are crucial for efficient degradation of crystalline cellulosic sub-
strates: (1) the selective targeting of the enzymes to the surface of the substrate, (2) packaging 
of the enzymes into a multienzyme format in which their physical proximity facilitates 
enhanced synergistic action, and (3) substrate channeling.112,113 In addition to these major 
features, additional characteristics of the system can contribute to enhanced cellulolysis. 
These may include approaches for enriching product formation, removal of toxic substances 
and inhibitors of enzyme action, cell uptake of the sugar products, etc. For enzymes either 
integrated into cellulosomes or consolidated into multifunctional chimaeras, the precise 
contribution of the intermodular linkers and the configuration and tertiary status of the 
different components vis-à-vis each other are still obscure factors. In the future, novel infor-
mation regarding the connection among sequence, structure, and activity is still indispensable 
for a clear understanding of the improved action of cellulosomes and other multienzyme 
systems on crystalline cellulosic substrates. Such information will be vital for our future 
capacity to formulate better enzyme cocktails and to improve individual enzymes and/or 
enzyme systems, such as designer cellulosomes. Knowledge into the fine structure of these 
enzyme systems and their action on these particularly recalcitrant, but especially desirable, 
resources is the key to our future success in overcoming the barriers presented by cellulosic 
biomass en route to cost-effective production of biofuels.

One major consideration is whether processing of cellulosic biomass will be best served by 
future development of better enzyme cocktails or through the action of improved cellulase- or 
cellulosome-producing microbes. In using the bacteria and fungi for this purpose, the major 
advantage is a natural and viable cell-based system that innately replenishes and adjusts itself to 
the fluctuating nature of its substrate through cell propagation. Nevertheless, their cellulase- 
and/or cellulosome systems have been honed by evolution to deal with lignocellulosic materials 
in their natural state, and Nature’s wants and needs are not necessarily compatible with human 
desire. In the deconstruction of complex carbohydrates to monosaccharides as an interim 
feedstock for biofuel production, we require an even more rapid and heightened degradation of 
cellulosic feedstocks than Nature can provide. Therefore, we will be compelled to engineer 
improved microbes by genetic and metabolic engineering approaches, which is one of the major 
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scientific and engineering efforts today. The microbial cell-based approach is certainly attractive 
in many respects, but the control of bacterial or fungal cultures during massive deconstruction of 
lignocellulosic materials is a foreboding venture. If co-cultures and mixed cultures are used, 
then the possible complications are accordingly magnified.

The conventional approach for enhanced processing of cellulosic biomass has been attempted 
over the past half century or so and involves the production of high-activity enzyme cocktails 
that contain cellulases, hemicellulases, and other plant cell wall polysaccharide-degrading 
enzymes that would produce soluble sugars that could serve as substrates for fermentation of 
ethanol or other types of biofuel. The challenge is to improve the activities and longevity of 
the numerous enzymes necessary and to improve their production capacity within the frame-
work of ensuring their combined synergistic action. There is no question that this has been an 
especially daunting challenge throughout the past decades. Employment of native bacteria 
and fungi for this purpose has fallen far short of the goal. Although high-production mutants 
have shown great improvement in this direction, they are still (currently) inadequate as a final 
commercial solution. Conventional engineering efforts have failed to provide a cost-effective 
process, and there is a sense that the passage from science to engineering was premature. It is 
still an open question whether the purported enhanced cellulolytic/hemicellulolytic properties 
of native and designer cellulosomes will serve to resolve this challenge in the future. The fact 
that cellulosome-producing anaerobes also produce additional free enzymes, which further 
enhance polysaccharide degradation, suggests that mixed systems may be considered for 
additional process enhancement.

A second approach for industrial conversion of cellulosic biomass to biofuels is to first use 
cellulolytic bacteria and fungi for the production of soluble sugars, followed by a subsequent 
process involving the fermentation of an ethanologenic microbe, such as yeast, or a solvento-
genic bacterium that could produce, for example, butanol. This approach has the explicit 
advantage that the strain or strains used, together with their engineered cellulolytic and 
biofuel-producing features, would be self-propagating. The more contemporary approach is to 
combine the two processes into a single microbe, commonly termed the CBP approach. 
Unfortunately, Mother Nature has not deemed it fit to evolve such an organism for large-scale 
production of ethanol or solvents. Although some microbes can degrade cellulosic materials 
in a moderately efficient way and produce ethanol as an end product, the amount of ethanol 
produced falls far short of that required for cost-effective production. The alternative is even 
more discouraging because microbes that are naturally capable of producing large amounts of 
ethanol do not utilize lignocellulosics. Therefore, in the CBP approach, we would have to 
either engineer a cellulolytic microbe to increase ethanol production or provide the appropri-
ate enzyme systems, likely involving dozens of genes encoding for enzymes and ancillary 
functions, to an ethanologenic microbe. Finally, a CBP microorganism can be engineered 
from a host that lacks both cellulolytic and ethanologenic/solventogenic features. Although 
this may appear to present a formidable double barrier, this might depend on the auxiliary 
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features (physical, chemical, and enzymatic) of the microbe chosen as host. If the microor-
ganism is resistant to high levels of the desired biofuel product, particularly amenable to 
genetic changes, and the tools and other components are readily available, then this approach 
may indeed prove valid in the future. In any case, the lack of initial cellulose-degrading or 
ethanol/solvent-producing properties should not be considered grounds for preclusion.

Another alternative exists by which the natural or improved functions of a CBP microbe can be 
supported by addition of extraneous enzymes for further process enhancement. In the final 
analysis, consideration of overall production and/or processing schemes will all boil down to 
whether the final price of enzyme production and/or cell-based processing is cost-effective and 
competitive for replacement of fossil fuels. In past decades, interest in biomass-to-biofuel 
conversion from the public, industrial, and governmental sectors has been directly proportional 
to the price of gasoline. In the relatively short period of time since the recent convergence of 
environmental and political factors into the equation, much progress has been accomplished in 
reducing the costs of biofuel production from cellulosic biomass. However, there is still much 
to do in this context, and the question remains whether the global forces at play will continue to 
exhibit patience and support until the remaining scientific challenges will be resolved.
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Introduction

Lignocellulosic biomass is an abundant, renewable feedstock that can be used for the 
sustainable production of biofuels and commodity chemicals if an economically viable 
technology can be developed to overcome its recalcitrance. Conversion of biomass to ethanol 
or other commodities via a biological route is initiated with a pretreatment process to render 
the polymeric fractions more accessible to enzymatic hydrolysis.1 In the case of ethanol 
production, four biologically mediated events then convert pretreated lignocellulose to ethanol: 
(1) production of depolymerizing enzymes; (2) hydrolysis of the polysaccharide components 
of biomass; (3) fermentation of the resulting hexose; and (4) pentose sugars present in the 
broth. Improvements on this process flow generally involve merging two or more of these 
steps. Polysaccharide hydrolysis and sugar fermentation steps are combined in simultaneous 
saccharification and fermentation (SSF) of hexoses or simultaneous saccharification and 
co-fermentation (SSCF) of both hexoses and pentoses, assuming a suitable fermentative 
organism is available.2,3 Fermentation of the sugars produced by the action of the hydrolytic 
enzymes in SSF or SSCF avoids the feedback inhibition effect of these sugars on the enzymes. 
However, when a mesophilic process organism is used in SSF or SSCF processes, it requires 
lowering the operating temperature to a level that is suboptimal for enzymatic activity. The 
final goal would be one-step consolidated bioprocessing (CBP), requiring direct microbial 
conversion of pretreated lignocellulose to bioethanol in a single reactor without the require-
ment for addition of exogenous enzymes. This would signify a breakthrough for low-cost 
biomass processing owing to the economic benefits of process integration and avoiding the 
high costs of enzymes that make the biological conversion route unattractive.4–7 The costs of 
current biomass conversion technologies therefore would be significantly reduced by organ-
isms that simultaneously hydrolyze the cellulose and hemicellulose in biomass and produce a 
commodity product such as ethanol at a high rate and titer.3



154  Chapter 9

The yeast Saccharomyces cerevisiae has long been used for the production of ethanol at 
industrial scale.8,9 Characteristics that make it suitable for industrial ethanol production 
include a high rate of ethanol production from glucose (3.3 g/L/h), high ethanol tolerance, 
and a generally regarded as safe (GRAS) status. It is also relatively easy to manipulate the S. 
cerevisiae genome. However, this yeast species has a number of shortcomings in terms of 
being used for direct microbial conversion of biomass, such as its inability to hydrolyze 
cellulose and hemicellulose or use the pentose sugars available in lignocellulosic biomass.  
A number of research groups have been working on widening the substrate range of S. 
cerevisiae through genetic engineering to include monomeric forms of the sugars contained in 
plant biomass, including xylose,5,8 arabinose,10 and cellobiose.11 Over the past three decades, 
several researchers have attempted the expression of genes encoding lignocellulolytic hydro-
lases in S. cerevisiae. Some have sought to produce these enzymes in an organism that would 
not yield interfering activities so as to gain insight into its mechanism,12 whereas others have 
sought to enable the yeast to hydrolyze nonnative polymeric substrates.13 This chapter will 
highlight some of the major successes and struggles in attempts to express fungal hydrolases 
in the yeast S. cerevisiae.

Cellulose and Hemicellulose Structure and Hydrolysis

Lignocellulosic plant biomass consists of 40%–55% cellulose, 25%–50% hemicellulose, and 
10%–40% lignin, depending on the source.14 The main polysaccharide is crystalline cellulose 
consisting of β-1,4 linked glucose residues, which also represents the major fraction of 
fermentable sugars. Enzymatic hydrolysis of crystalline cellulose requires synergistic 
interaction of three major types of enzymatic activity, collectively referred to as cellulases:  
(1) endo-glucanases (EGs) (EC 3.2.1.4) that act on amorphous regions of cellulose releasing 
cellodextrins and providing free chain ends; (2) exoglucanases, including cellodextrinases and 
cellobiohydrolases (CBHs) (EC 3.2.1.91) that act on the crystalline part of cellulose in a 
processive manner from free chain ends and release mainly cellobiose; and (3) β-glucosidases 
(BGLs) (EC 3.2.1.21) that convert cellobiose and small cello-oligosaccharides to glucose15 
(Figure 1).

Although cellulose is the major polymer in plant material, hemicelluloses can make up as 
much as 35% of the dry weight in certain species.16,17 In 1891, Schulze called the easily 
extractable, low-molecular-weight polysaccharides that occur together with cellulose and 
lignin in plant tissues hemicellulose.18 Unlike cellulose, hemicellulose is far more  
complex, and it does not have a homogeneous chemical composition. Hemicelluloses are 
heteroglucans, and the name given to a particular hemicellulose molecule depends on the 
monomers that predominate its backbone. Thus, the backbone of xylan, mannan, galactan, 
and arabinan consist of mainly d-xylose, d-mannose, d-galactose, or l-arabinose  
residues, respectively. After glucose, xylose is the most abundant sugar present in plant 
material.
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The main chain of xylan is analogous to that of cellulose, but is composed of xylose monomers 
linked with β-1,4 bonds.19 The xylan backbone can be substituted with other saccharide units 
without substantially changing the basic backbone conformation.20 The solubility of xylan is 
directly proportional to the number of substituents. The frequency and composition of 

Figure 1
Diagram illustrating the complexity of cellulose and hemicellulose structure and the enzymes 

required for their hydrolysis. Cellulose (a) and hemicellulose structures for arabinoxylan (b) and 
galactomannans (c) depicting the different side-chains present on each. Hexoses are distinguished 

from pentoses by the presence of a protruding line from the cyclic hexagon (pyranose ring), 
depicting the CH2OH group. Hydrolase enzymes and the bonds targeted for cleavage in the four 

polysaccharide structures are indicated by arrows38.
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substituents in xylan differ, depending on the plant origin. The xylopyranose units of the xylan 
main chain can be substituted at the C-2 and/or C-3 positions. Acetyl, arabinosyl, and glucuro-
nosyl residues are the most common substituents found. In species that contain arabinose side 
chains, they may be esterified with p-coumaric acid or ferulic acid. It is usually these ferulic 
acid substituents that engage in covalent cross-linking of xylan molecules with lignin or with 
other xylan molecules.

The xylopyranose units of xylan from hardwood are substituted at the C-2 and/or C-3 position 
with acetic acid and with 4-O-methyl-α-d-glucuronic acid at the C-2 position.18,21 The acetyl 
content in the cell walls of higher plants can constitute up to 2% of the plant’s dry mass. 
Softwood xylans are substituted with 4-O-methyl-α-D-glucuronic acid and l-arabinose. The 
D-xylosyl residues in the xylan main chain can be substituted at the C-2 position with 
4-O-methyl-α-D-glucuronic acid and with arabinose at the C-3 position. The xylans from 
grasses have a large content of arabinofuranosyl side-chains linked to C-2 and/or C-3 of the 
β-D-xylanopyranose residue in the main chain. In addition, such xylans contain 2–5% by 
weight of O-acetyl groups linked to C-2 or C-3 of the xylopyranose units. Cell walls of 
grasses also contain 1–2% phenolic acid (p-coumaric acid and ferulic acid) substituents 
attached to position five of the arabinose side-chains.18,22

Because the structure of xylan is variable, a more complex assembly of enzymes is required 
than for cellulose hydrolysis.21,23 Degradation of the β-1,4-xylan backbone requires the action 
of endo-β-1,4-xylanases (EC 3.2.1.8) and β-xylosidases (EC 3.2.1.37); the former are gener-
ally considered to be those enzymes that hydrolyze the xylan backbone, whereas the latter are 
those that hydrolyze xylo-oligomers produced through the action of β-xylanases. To achieve 
complete degradation of complex substituted xylans, a series of accessory debranching 
enzymes, namely α-D-glucuronidases (EC 3.2.1.139), α-L-arabinofuranosidases (EC 3.2.1.55), 
acetyl xylan esterases (EC 3.1.1.72) and feruloyl esterases, are also needed (Figure 1).

For cost-effective conversion of lignocellulose to biocommodities, the hydrolysis of all 
polysaccharides, including mannan, is of interest. Glucomannan typically contributes ∼5% of 
the dry weight in plants; however, galactoglucomannans can make up as much as 25% of the 
dry weight in softwood species.24 The mannose content in spruce and pine is higher than the 
xylose content, implying that mannanases are as important as xylanases in terms of bioetha-
nol production from these species. Mannan hydrolysis and mannose fermentation has been 
largely overlooked. Low molecular mass (>30 kDa) mannans act as structural polysaccharides 
that cross-link cellulose microfibrils, whereas high molecular mass mannans are used as 
storage carbohydrates in seeds.25 The backbone of linear mannans consist of β-1,4 linked 
mannose units, which can be interrupted by d-glucose units (glucomannan). Branched 
mannans contain 1,6-linked d-galactose, resulting in galactomannan and galactoglucoman-
nan. The mannan and glucose residues can be acetylated at the C-2 or C-3 positions. A low 
degree of α-1,6-linked d-galactose substitution results in densely packed granular and crystal-
line structures or microfibrils, similar to cellulose microfibrils.26
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Microbial hydrolysis of mannan is initiated by the action of the endo-β-1,4-mannanases  
(EC 3.2.1.78), which cleave the mannoglycosidic linkages in the mannan backbone of 
glucomannan, galactomannan, and galactoglucomannan.27 Degradation is affected by the type 
and extent of substitution of the backbone. In general, the main end-products of mannan 
hydrolysis by β-mannanases are mannobiose and mannotriose. In rare cases, β-mannanases 
have been reported to produce limited amounts of mannose in addition to mannobiose and 
mannotriose.28 The β-mannosidases (EC 3.2.1.25) cleave the terminal linkage at the nonre-
ducing end of the oligosaccharides (with a degree of polymerization of up to six), releasing 
mannose. Only a few β-mannosidases are able to release mannose from the mannan poly-
mer.24 Glucopyranose units at the nonreducing end of the oligosaccharides, derived from the 
hydrolysis of glucomannan and galactoglucomannan are released by β-glucosidases. Side-
chain substitutions require the action of an α-galactosidase (EC 3.2.1.22) and an acetyl 
mannan esterase for the removal of the galactopyranosyl and acetyl groups, respectively.

Expression of Fungal Cellulases in Saccharomyces cerevisiae

Successful expression of fungal cellulases in yeasts dates back to the late 1980s when reports 
of the expression of EGs and CBHs in S. cerevisiae first appeared.12,29 It was soon surmised 
that due to protein processing problems such as aberrant folding and hyperglycosylation and 
the relatively low titer production of the heterologous cellulases, the usefulness of producing 
these proteins in yeast both as a tool to allow their characterization or to broaden the yeast’s 
substrate range would be limited. However, in the interim several fungal cellulases have been 
expressed at relatively high levels (Table 1), allowing the yeast to assimilate cellulosic 
substrates with the concomitant production of ethanol.30

Wild type S. cerevisiae is unable to grow on the disaccharide cellobiose, the soluble main 
product of the action of cellobiohydrolases. However, the successful heterologous expression 
and secretion of a Saccharomycopsis fibuligera β-glucosidase (BGL) enabled a recombinant 
strain to grow on and ferment cellobiose at roughly the same rate as on glucose in anaerobic 
conditions.11 The heterologous production and secretion of BLGs from several other sources 
in yeast also allowed the strains to grow on and ferment cellobiose.31 The secreted 
β-glucosidase hydrolyzes cellobiose outside of the cell and transport as well as catabolism of 
the resultant glucose products can then occur as per usual for S. cerevisiae. Immobilization of 
the secreted β-glucosidase onto the cell wall may hold the advantage that released glucose 
molecules are in the immediate vicinity of the cell wall and available for immediate 
uptake.32,33

As an alternative, intracellular cellobiose utilization was also engineered. The Neurospora 
crassa high affinity cellodextrin transport system was reconstituted into S. cerevisiae.34 This 
enabled a recombinant strain also producing an intracellular β-glucosidase to grow on cello-
dextrins up to cellotetraose. A xylose fermenting strain was subsequently engineered to also 
produce the high affinity cellodextrin transporter and intracellular β-glucosidase and used to 
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Table 1: Various fungal cellulose hydrolyzing enzymes heterologously expressed in S. cerevisiae

Organism Gene GH family Promoter Extracellular activity References

β-Glucosidase

Aspergillus 
aculeatus

bglI 3 GAPDH 21.3 U/g DCW 
(pNPG)

54

Saccharomycopsis 
fibuligera

bglI 3 PGK1 800 U/g DCW 
(pNPG)

52

Endomyces 
fibuliger

bglI 3 Native 2023 U/g DCW (C2) 106

Candida 
wickerhamii

bglB 3 ADH1 0.298 U/L (pNPG) 107

Phanerochaete 
chrysosporium

bglB 1 ENO1 420 U/L (pNPG) 31

Endoglucanase

Trichoderma 
reesei

eg1 7 PGK1 72 U/g DCW (HEC) 108
ENO1 450 U/g DCW 

(CMC)
52

eg2 5 GAPDH 3.64 U/g DCW (AC) 54
Aspergillus niger eng1 5 GAPDH 574 U/L (CMC) 109

Aspergillus 
aculeatus

eg3 12 GAP 60 U/L (CMC) 110

Cryptococcus 
flavus

cmc1 5 GAP 12 500 U/L (CMC) 111

Cellobiohydrolase 1

T. reesei cbh1 7 ENO1 0.6 U/L (MUL) 3% 
(Avicel)

40

A. niger cbhB 7 ENO1 0.035 U/L (AC) 41
P. chrysosporium cbh1-4 7 PGK1 0.035 U/L (AC) 112

H. grisea cbh1 7 ENO1 3.3 U/L (MUL), 9% 
(Avicel)

40

T. emersoni cbh1 7 ENO1 145 U/L (MUL), 7% 
(Avicel)

40

T. emersonii & T. 
reesei

cbh1-CCBM 7 ENO1 84 U/L (MUL), 11% 
(Avicel)

40

Cellobiohydrolase 2

T. reesei cbh2 6 ENO1 0.14 U/L (AC) 41
PGK1 6% (Avicel) 40

A. bisporus cel3 6 TPI 0.06 U/g DCW (AC) 113
C. heterostrophus cbh2 6 PGK1 6% (Avicel) 40
C. lucknowense cbh2b 6 PGK1 9% (Avicel) 40

U = micromole substrate released/min, pNPG = p-nitrophenol glucopyranoside, C2 = cellobiose, HEC = hydroxyethyl 
cellulose, CMC = carboxymethyl cellulose, AC = amorphous cellulose, MUL = methylumbelliferyl lactoside, % Avicel refers to 
the amount of Avicel hydrolysed in the assay in 48 h. GAPDH = glyceraldehyde 3-phosphate dehydrogenase, PGK1 = 
phosphoglycerate kinase, ADH1 = alcohol dehydrogenase, ENO1 = enolase, GAP = glyceraldehyde 3-phosphate dehydroge-
nase, TPI = triose phosphate isomerase.
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co-ferment mixtures of xylose and cellobiose.35 It was demonstrated that intracellular hydro-
lysis of cellobiose minimized glucose repression of xylose fermentation, allowing co-con-
sumption of cellobiose and xylose and improving ethanol yields. This was partly due to 
avoiding the competition between xylose and glucose for transport into the cell. Sadie et al.36 
showed that expression of the gene encoding lactose permease of Kluyveromyces lactis 
(lac12) also facilitated transport of cellobiose into a recombinant S. cerevisiae strain and that 
combined expression with a Clostridium stercorarium cellobiose phosphorylase (cepA) 
allowed phosphorolysis of cellobiose enabling growth on cellobiose as sole carbohydrate 
source.

Expression of fungal endoglucanase (EG) encoding genes representing various CAZy Glyco-
side Hydrolase (GH) families (http://www.cazy.org) in S. cerevisiae was initially more 
successful than CBH production. Relatively high percentages of total cell protein were 
reported for some EGs.29,37,38 High activity of recombinant EGs on synthetic and amorphous 
cellulose substrates such as phosphoric acid swollen cellulose (PASC) and carboxymethyl 
cellulose (CMC) were also reported. This was not a surprising result considering the often 
two to three order of magnitude higher specific activity of EG enzymes on the substrates they 
are measured on relative to CBHs and their substrates. While recombinant EGs are often 
hyperglycosylated, several have been produced with enzyme activity and stability properties 
comparable to those of the native proteins. Sufficiency analysis showed that EG and BGL 
expression in S. cerevisiae will not be a limiting step in cellulase system reconstruction.38

CBHs have been successfully produced and secreted by S. cerevisiae and other yeasts and 
were tested for their activity on a variety of substrates ranging from small synthetic molecules 
such as p-nitrophenyl-β-D-cellobioside (pNPC) and p-methylumbelliferyl-β-D-lactoside 
(MULac) to amorphous and crystalline forms of cellulose.39 A general feature among most 
reports of heterologous CBH production in S. cerevisiae is that a relatively low titer of 
secreted CBH was found, although the range of reported values is large — 0.002 to >1% of 
total cell protein (tcp).38,40 Low protein titer coupled with the low specific activity of CBHs 
on polymeric substrates has led to the identification of CBH expression as a restrictive step 
for developing S. cerevisiae for direct microbial conversion of biomass to commodity prod-
ucts.3 However, the amount of CBH1 required to enable growth on crystalline cellulose was 
calculated to be within the capacity of heterologous protein production in S. cerevisiae in 
terms of total cellular protein, i.e., 1–10% of the tcp.41–43 Recently, the expression of rela-
tively high levels of CBHs in S. cerevisiae was reported.40,44 CBH production levels of up to 
4% tcp were reported, which met the calculated levels sufficient for growth on cellulose at the 
rate required for an industrial process.30

CBHs produced in S. cerevisiae consistently displayed high and variable levels of glycosyl-
ation.40,41,45 CBH1 enzymes originating from Thermoascus aurantiacus, Talaromyces emer-
sonii, Neosartorya fischeri, and Trichoderma reesei and CBH2s originating from 
Chrysosporium lucknowense, Acremonium cellulolyticus, and T. reesei all showed significant 

http://www.cazy.org/
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levels of mainly N-attached hyperglycosylation. Generally, it was found that the fundamental 
attributes of the enzymes, such as their activity on crystalline cellulose substrates and, for 
example, the thermostability of the T. aurantiacus enzyme, remained unchanged. Some 
authors reported decreased specific activity for certain heterologous CBHs on polymeric 
substrates, presumably as a result of hyperglycosylation, although this was not always the 
case.12,41,46,47 The N-glycans added by S. cerevisiae to recombinant T. emersonii CBH1 
seemed to improve the stability of the enzyme and the activity on crystalline cellulose (at 
70 °C) to some extent; however, its ability to bind Avicel decreased.

More than 20 CBH encoding genes of fungal origin were expressed in the studies of Ilmén 
et al.40 and Heinzelman et al.48 Remarkable variation was found in the secreted protein levels 
and activities measured between the different recombinant strains. This is noteworthy, given 
the fact that the overall sequence homology of the GH7 proteins and the GH6 proteins 
produced were both more than 60% and that the genes were expressed under the control of 
identical promoters on identical episomal plasmids. For example, activities of the CBH1-
expressing strains on the soluble substrate MULac, ranged over three orders of magnitude. 
The highest secreted activity was obtained from a strain producing the T. emersonii CBH1, an 
enzyme that lacks a carbohydrate binding module (CBM).40 Addition of a C- or N-terminal 
CBM, originating from various fungal CBH1 sources, to the T. emersonii CBH1 increased the 
specific activity of this enzyme on crystalline cellulose. However, the production level was 
reduced relative to that of the enzyme with no CBM, suggesting that the presence of a CBM 
increased the complexity of CBH production in yeast.

In some cases, such as for recombinant T. emersonii and Acremonium thermophilum CBH1 
enzymes, the estimations of the protein concentrations based on total protein and the estima-
tion of the protein concentration of active CBH1 based on its specific activity on MULac 
were fairly consistent.40 In comparison, the enzymatic activities of the T. reesei and C. 
thermophilum CBH1s were disproportional to the amount of secreted protein measured, 
suggesting that only a fraction of these secreted enzyme pools were enzymatically active. 
This was similar to the results obtained when T. reesei CBH1 was expressed in Pichia 
pastoris, in which circular dichroism assays indicated that the lack of active enzymes was due 
to the improper formation of disulfide bonds.49,50 Expression of the most successfully pro-
duced CBH1s and CBH2s in the same host cell lead to Avicel conversion efficiencies that 
exceeded that of the corresponding strains expressing only one enzyme—likely due to a 
synergistic effect.40 However, lower MULac activities in these strains indicated that CBH1 
production was lower than when it was produced alone; this effect varied depending on the 
co-expressed partner.

To ascertain why highly homologous CBHs were secreted at vastly different levels and why 
co-expression altered the production levels of CBHs in comparison to single expression, 
differences in cbh mRNA levels, gene copy number, and secretion stress-induced responses 
were investigated in strains with both high and low cellulase production.40 It was 
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demonstrated that strains producing highly secreted CBHs had much higher messenger RNA 
(mRNA) levels, higher vector copy numbers, and higher levels of MULac activity than strains 
producing poorly expressed CBHs. The same criteria were also greater for the strain produc-
ing the T. emersonii CBH1 than those for strains co-producing this enzyme, or its CBM-
attached derivatives with any CBH2. In co-expressing strains, mRNA levels of both cbh1 and 
cbh2 were reduced when compared with the corresponding strains expressing only one cbh 
gene, and this was consistent with lower vector copy numbers. Furthermore, spliced HAC1 
mRNA coding for the unfolded protein response (UPR)-inducing transcription factor, could 
be detected in all CBH-producing strains, indicating that the UPR was induced. Strains 
producing efficiently secreted enzymes had relatively low levels of the spliced HAC1 tran-
script, suggesting that the expression of these proteins were less stressful for the cell’s 
secretion machinery. Conversely, the T. reesei CBH1 caused a stronger UPR induction and far 
less active enzyme was secreted. Overall, these results showed that there are certain gene 
candidates that were more compatible with expression in yeast than others. However, the 
features that lead to incompatibility, marked by low levels of mRNA, low episomal plasmid 
copy number, and low levels of secreted protein and a strong induction of the UPR, are 
difficult to define.

There have been numerous reports showing production of combinations of cellulases in  
S. cerevisiae specifically with the aim of enabling the organism to grow on or convert poly-
meric substrates. Cho et al.51 showed that a strain co-producing a β-glucosidase and an exocel-
lulase/endocellulase could grow to some extent on cellodextrins. An S. cerevisiae strain 
co-secreting the T. reesei EG1 (cel7B) and the S. fibuligera β-glucosidase (cel3A) and releasing 
the recombinant cellulases into the surrounding media was able to grow on and produce 1.0 g/L 
ethanol from 10 g/L PASC.52 Jeon et al.53 constructed a similar strain that produced signifi-
cantly more EG activity and notably improved conversion of PASC to ethanol was achieved.

Fujita et al.54,55 reported co-expression of up to three cellulases in S. cerevisiae. The secreted 
cellulases were tethered to the cell surface by producing them as fusion proteins with a 
section of the C-terminal end of the yeast cell surface protein α-agglutinin. High cell density 
suspensions of a strain displaying the T. reesei EG2, CBH2, and the Aspergillus aculeatus 
β-glucosidase could convert 10 g/L PASC to approximately 3 g/L ethanol. Yamada et al.56 
developed a resourceful method to integrate a number of various surface-tethered cellulase 
encoding genes through multicopy δ-integration, to optimize expression levels. Cellulase 
expression cassettes encoding the three main cellulase activities were integrated into S. 
cerevisiae chromosomes in a single step, and strains expressing optimum ratios of these 
cellulases were selected by growth on media containing PASC as sole carbon source. 
Although the overall integrated gene copy numbers of an efficient “cocktail” δ-integrated 
strain was roughly half that of a conventional δ-integrant strain, the PASC degradation 
activity (64.9 mU/g-wet cells) was higher than that of a conventional strain (57.6 mU/g-wet 
cells). This suggested that optimization of the cellulase expression ratio improved PASC 
degradation activity more than simply achieving higher cellulase gene copy numbers.  
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Matano et al.57 enhanced cellulase activities on a recombinant S. cerevisiae yeast cell surface 
displaying T. reesei EG2 and CBH2 and A. aculeatus BGL1 by integrating additional eg2 and 
cbh2 gene cassettes into the recombinant strain. As a result, 43.1 g/L ethanol was produced 
from 200 g-dry weight/L pretreated rice straw after performing 2-h liquefaction and a subse-
quent 72-h fermentation in the presence of commercial cellulase loaded to 10 FPU/g-biomass. 
Ethanol yield by the recombinant strain reached 89% of the theoretical maximum, which was 
1.4-fold higher than the strain without additional gene copies. In SSF on 100 g/L Avicel with 
1.0 FPU/mL cellulase, a wild-type yeast strain yielded 79.7% of the theoretical maximum 
ethanol yield in 96 h.57 A recombinant yeast strain displaying a CBH, EG, and BGL yielded 
87.3% of the theoretical maximum ethanol yield with significantly less residual substrate. 
Higher ethanol production may be attributed to higher efficiency of the cellulases displayed 
on the cell surface. It is postulated that the close proximity of the enzymes on the cell surface 
enables synergistic hydrolysis of the cellulosic substrate.32 Furthermore, reutilization of the 
yeast cells in subsequent processing runs enables reuse of the enzymes displayed on their cell 
surface without reproduction of yeast cells, reducing the cost of yeast propagation and 
enzyme addition.

The most efficient cellulose hydrolyzing organisms are those found in the rumen of certain 
herbivores and produce an enzyme complex called a cellulosome that contains all the 
enzymes needed to completely break down cellulose and hemicellulose.58 The enzymes are 
all attached to a noncatalytic, cell surface bound protein called a scaffoldin. The scaffoldin 
contains cohesins that interact specifically with dockerins attached to all cellulosomal 
enzymes. The advantage of this arrangement is that the enzymes are all in close proximity, 
and the sugars produced through the combined action of these enzymes can be taken up by 
the cell.59 Several groups have attempted to reconstruct a minicellulosome on the S. cerevi-
siae cell surface.60–63 Recently, an S. cerevisiae strain was engineered to display a trifunc-
tional minicellulosome. It consisted of a miniscaffoldin containing a cellulose-binding 
domain and three cohesin modules, anchored to the cell surface and three types of cellulases, 
T. reesei EG2 and CBH2 and A. aculeatus BGL1, each bearing a C-terminal dockerin.63 This 
strain was able to hydrolyze and ferment PASC to ethanol with a titer of 1.8 g/L.

The cellulase co-producing strains described above were active on amorphous cellulose 
substrates, but generally fared poorly on crystalline cellulose substrates in the absence of 
added commercial enzyme preparations, likely due to the low titers of secreted CBHs. 
Because exoglucanase activity is required for the hydrolysis of crystalline cellulose, high-
level expression of cellobiohydrolases in these strains could enable conversion of crystalline 
cellulose to ethanol. As mentioned previously, the CBH expression levels achieved by Ilmén 
et al.40 meets the calculated levels required for growth on cellulose at rates required for an 
industrial process.30 Using these exoglucanases, a strain was constructed that was able to 
convert most of the glucan residue available in paper sludge to ethanol.44 The strain was also 
able to displace 60% of the commercial enzymes preparation required to convert the sugars 
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available in pretreated hardwood to ethanol in an SSF configuration. A similar strain secreting 
the T. reesei EG2, CBH2 and the A. aculeatus BGL1 produced ethanol in one step from 
pretreated corn stover without the addition of exogenously produced enzymes. This strain 
fermented 63% of the available cellulose in 96 h to 2.6% v/v ethanol.64 These results demon-
strate that cellulolytic S. cerevisiae strains can be constructed and used as a platform for 
developing an economical advanced biofuel process.

Expression of Xylan Hydrolases in Saccharomyces cerevisiae

S. cerevisiae cannot hydrolyze xylan, nor can it use the resulting monomeric pentose sugars, 
therefore extensive genetic engineering is necessary to enable it to convert xylan to ethanol. 
The first two reports of the successful expression of xylanases in yeast were published 
separately in 1992. The Cryptococcus albidus65,66 and the Aspergillus kawachii67 GH11 
enzymes expressed were cloned from complementary DNA. These and subsequent studies 
were primarily undertaken because of the industrial need for xylanases completely free of 
cellulases used for biotransformations.19,68

These initial studies were followed by reports on the expression of xylanases from A. 
kawachii,69 Aspergillus niger,70 Aureobasidium pullulans,71 and T. reesei72 (Table 2).  
A. pullulans is a yeast-like organism well known for its ability to break down xylan and grow 
on xylose. Expression of the A. pullulans xynA gene under the control of the GAL1 promoter 
in S. cerevisiae produced 28.6 U/mL of xylanase activity 6 h after galactose induction. Fair 
levels of xylanase activity were obtained with the A. kawachii (18 U/mL) and T. reesei (9 U/
mL) genes under the control of the constitutive PGK1 promoter and terminator. In both cases, 
FUR1 autoselection was used to maintain the episomal plasmid during growth on rich 
medium.72,73 The highest xylanase activity in S. cerevisiae was obtained using the same 
strategy, but gene expression was under the control of the derepressible ADH2 promoter.72 
Using this promoter, the authors reported 71 U/ml after 70 h of growth in rich medium. In 
2002, Fujita et al.54 reported anchoring the T. reesei xyn2 on the surface of S. cerevisiae using 
a C-terminal section of α-agglutinin as anchor. Cell surface display concentrated enzymes on 
the cell surface, allowing the cell to be used as whole-cell biocatalysts for the production of 
xylo-oligosaccharides from xylan.

Expression of a xylanase gene in S. cerevisiae will enable it to hydrolyze xylan to short 
xylo-oligosaccharides, mainly xylobiose and xylotriose.74,75 Further hydrolysis to d-xylose 
requires the action of a β-xylosidase. The first report of xylosidase activity in S. cerevisiae 
was in 1997.76 This was through the expression of the Bacillus pumilus xynB. Xylosidase 
activity was very low; however, the same group subsequently reported the expression of the 
A. niger xlnD gene in S. cerevisiae.75 This enzyme was expressed significantly better, and 
0.3 U/mL of xylosidase activity on p-nitrophenyl-β-D-xylopyranoside (pNPX) was reported. 
Co-expression of the T. reesei xyn2 with the A. niger xlnD yielded a yeast capable of breaking 
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Table 2: Various hemicellulose hydrolyzing enzymes heterologously expressed in S. cerevisiae

Organism Gene GH family Promoter
Extracellular 

activity (IU/ml) Reference

Xylanase

Cryptococcus 
flavus

Cfxyn1 11 PGK1 2.5 65

Aspergillus niger xyn4 11 ADH2 5.4 70
xyn5 11 ADH2 4.3

Thermomyces 
lanuginosus

xynA 11 PGK1 13.2 114

Aspergillus 
kawachii

xynC 11 PGK1 18 69

Pyrenophora 
tritici-repentis

xyl1 43 ENO1 3.0 77

Aureobasidium 
pullulans

xynA 11 GAL1 28.6 71

Aureobasidium 
pullulans

Xyn10 10 5 77

Trichoderma 
reesei

xyn2 11 ADH2 71 72
PGK1 9
ENO1 12 77

Xylosidase

Aspergillus niger xlnD 3 ADH2 0.3 (pNPX) 75
Trichoderma 

reesei
bxl1 3 PGK1 1 (pNPX) 115

Cochliobolus 
carbonum

xyl1 43 ENO1 0.12 (pNPX) 77

Pyrenophora 
tritici-repentis

xyl1 43 ENO1 0.2 (pNPX) 77

Aspergillus oryzae xylA 43 GAPDH Displayed on 
the cell surface

88

α-L-Arabinofuranosidase

Aspergillus niger abfB 54 PGK1 1.4 (pNPA) 100
Trichoderma 

reesei
abf1 54 PGK1 10 (pNPA) 115

Aspergillus 
awamori

arfB PGK1 116

α-Glucuronidase

Aureobasidium 
pullulans

aguA 67 ADH2 97

Pichia stipitis 115 PGK1 117

Mannanase

Agaricus bisporus cel 5 TPI 2.5 × 10−3 118
Aspergillus 
aculeatus

man1 5 PGK1 22.9 28
ADH2 31.4 28
GAL1 119
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down the xylan backbone to its monomeric constituents d-xylose, achieving 57% conver-
sion.75 Brevnova et al.77 expressed the Pyrenophora tritici-repentis GH 43 xylosidase in S. 
cerevisiae. This enzyme did not only yielded 6.9-fold higher xylosidase activity than the 
recombinant A. niger xlnD xylosidase when the genes were expressed on identical expression 
vectors, but also exhibited significant xylanase activity on birchwood xylan.

S. cerevisiae has been genetically engineered to grow on xylose with two different metabolic 
pathways by independent groups. The xylose reductase (XR, Pichia stipitis XYL1) and xylitol 
dehydrogenase (XDH, P. stipitis XYL2) pathway was the first introduced.78 This pathway uses 
an XR to convert xylose to xylitol, with mainly NADPH as co-factor. The resultant xylitol is 
then converted to xylulose, with NAD+ as co-factor. Xylulose then enters the pentose phos-
phate pathway and is ultimately converted to ethanol under anaerobic conditions. A number 
of attempts to express an active xylose isomerase (XI) in S. cerevisiae were met with limited 
success for several years.79–82 Eventually, a xylose isomerase with sufficient activity to 
support growth on xylose was obtained from the anaerobic fungus Piromyces sp E2.83 To 
obtain rapid fermentation of xylose under anaerobic conditions, a xylulokinase (XK, Pichia 
stipitis XYL3) was also overexpressed, as were a number of enzymes in the pentose phosphate 
pathway. To minimize the accumulation of xylitol, GRE3 encoding an aldose reductase was 
deleted. Recently the Clostridium phytofermentans XI was successfully expressed in  
S. cerevisiae.84 It was subsequently shown that the activity and kinetic parameters of the  
C. phytofermentans XI is comparable to that of the Piromyces XI, but it is significantly less 

Organism Gene GH family Promoter
Extracellular 

activity (IU/ml) Reference

Orpinomyces sp manA 5 GAL1 1.15 120
Trichoderma reesei man1 5 PGK1 0.013 121

α-Galactosidase

Trichoderma 
reesei

agl1 27 PGK1 25.9 101

Trichoderma 
reesei

agl2 36 PGK1 1.04 101

Trichoderma 
reesei

agl3 27 PGK1 0.06 101

β-Galactosidase

Aspergillus niger lacA ADH1 7.5 122
Kluyveromyces 

lactis
lac4 1.7 102

U = micromole substrate released/min, pNPX = p-nitrophenol xylopyranoside, pNPA = p-nitrophenol arabinofuranoside, 
PGK1 = phosphoglycerate kinase, ADH2 = alcohol dehydrogenase 2, ADH1 = alcohol dehydrogenase 1, ENO1 = enolase, 
GAL1 = galactokinase, GAPDH = glyceraldehyde 3-phosphate dehydrogenase, TPI = triose phosphate isomerase.

Table 2: Various hemicellulose hydrolyzing enzymes heterologously expressed in  
S. cerevisiae—cont’d
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sensitive to xylitol inhibition.85 This gene was also instrumental in engineering a strain that 
could directly convert xylose to isobutanol. In a paper comparing the two pathways, the 
XR-XDH pathway was superior in terms of xylose consumption, specific ethanol productivity 
and final ethanol concentration; however, the pathway caused a co-factor imbalance, leading 
to an accumulation of xylitol.86,87 The XI, on the other hand, does not require any co-factors, 
and xylose is converted to xylulose in a single step. The highest ethanol yield therefore was 
observed in the yeast strain using the XI pathway.

Strains of S. cerevisiae were now available than could convert xylan to xylose, and yet other 
strains were engineered to ferment xylose to ethanol. Katahira et al.88 combined the two 
capabilities into a single yeast strain. The authors displayed the T. reesei xyn2 xylanase and 
the A. oryzae xylA xylosidase on the surface of S. cerevisiae using the α-agglutinin anchor.74 
This strain was able to produce 0.31 g/L xylose from birchwood xylan. The XR-XDH  
pathway was introduced to enable it to convert the liberated xylose to 7.1 g/L ethanol. Ethanol 
was produced at a rate of 0.13 g/L/h, and the yield was 0.30 g/g sugar consumed.

As mentioned earlier, unlike cellulose, xylan is not a homopolymer and contains side-chains 
that hinder enzymatic attack on the xylan backbone. Most of the reported xylanases expressed 
in S. cerevisiae up to 2012 are GH11 enzymes. These are fairly small proteins, typically 
around 21–25 kDa, which is perhaps part of the reason why they express well in S. cerevisiae. 
The β-xylanases of GH10 are capable of cleaving glycosidic linkages in the xylan main chain 
closer to the substituents, such as 4-O-methyl-D-glucuronic acid, acetic acid, and l-arabi-
nose.89,90 The A. pullulans xyn10 GH10 xylanase was expressed in S. cerevisiae, yielding 
5 U/mL of activity on birchwood xylan.77

More complete hydrolysis of the xylan backbone can be obtained by removing the acetyl, 
arabinose, and glucuronic acid side-chains. Few published studies report on the expression of 
debranching enzymes in S. cerevisiae (Table 2). Recombinant expression of the T. reesei 
arabinofuranosidase lead to the production of an enzyme that was not only capable of hydro-
lyzing the artificial chromophoric substrate p-nitrophenyl-α-L-arabinofuranoside (pNPA), but 
also released arabinose from arabinoxylans.91 Expressing an arabinofuranosidase in a xylose 
fermenting yeast also capable of fermenting l-arabinose92–96 should lead to improved conver-
sion of arabinoxylan to ethanol. The α-glucuronidase expressed by De Wet et al.97 was active 
on a series of substrates from aldobiouronic acid to aldopentaouronic acid. S. cerevisiae thus 
is capable of producing these debranching enzymes in an active form that would allow 
removal of these side-chains from the xylan backbone. Brevnova et al.77 reported the expres-
sion of acetyl xylan esterases. The authors showed that the presence of the N. ƒischeri or T. 
reesei acetyl xylan esterases produced by S. cerevisiae increased the yield of xylose from 
pretreated hardwood during treatment with xylanase and xylosidase.

The construction of a mini-hemicellulosome/xylanosome in S. cerevisiae was also 
reported.98,99 Sun et al.99 used fungal enzymes that were successfully expressed in  
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S. cerevisiae previously. For the construction of a mini-hemicellulosome they attached a 
dockerin module, from the thermophilic anaerobic bacterium Clostridium thermocellum, to a 
T. reesei xylanase72 and the A. niger xylosidase75 and arabinofuranosidase.100 Only part  
of the C. thermocellum CipA scaffoldin containing three cohesins, were used for the 
mini-hemicellulosome. The α-agglutinin anchor was used to display the mini-CipA on the cell 
surface of S. cerevisiae. The mini-CipA and dockerin containing hemicellulases were all 
expressed in an S. cerevisiae strain containing the XR-XDH pathway for xylose use (Figure 2). 
Unfortunately, the arabinofuranosidase in the trifunctional mini-hemicellulosome did not 
show activity on arabinoxylan. However, yeast displaying a bifunctional mini-hemicellulo-
some CipA3-XynII-XlnD simultaneously hydrolyzed and fermented birchwood xylan to 
ethanol with a yield of 0.31 g/g of sugar consumed.

Expression of Mannan Hydrolases in Saccharomyces cerevisiae

S. cerevisiae cannot degrade mannan, but is able to utilise the mannose monomer through 
glycolysis.24 Heterologous production of mannanases, mannosidases and α-galactosidases 
was reviewed by Chauhan et al.25 and Van Zyl et al.26 Only a few of the genes were expressed 
in S. cerevisiae as host (Table 2). Setati et al.28 was the first to report high level production of 
an endomannanase in S. cerevisiae. This endomannanase was also able to produce low levels 

Figure 2
Mini-hemicellulosome constructed by Sun et al.99 to create an S. cerevisiae strain capable of ferment-
ing birchwood xylan directly to ethanol. XynII = T. reesei xylanase 2 (XynII), XlnD = A. niger xylosidase 

(XlnD), coh = C. thermocellum cohesin, doc = C. thermocellum dockerin, αAG = the S. cerevisiae 
α-agglutinin cell wall anchor.
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of mannose from ivory nut mannan. Of the three T. reesei α-galactosidases encoded by agl1, 
agl2 and agl3, only agl1 could be expressed at high levels.101 Low levels of expression of the 
Kluyveromyces lactis β-galactosidase were obtained with expression in S. cerevisiae.102 Yet, 
this was significant since the native Lac4 of K. lactis is produced in both dimeric and tetra-
metic forms with the monomeric peptide being 124 kDa in size. This makes the Lac4 prob-
ably the largest functional heterologous protein secreted by S. cerevisiae.

β-mannosidases have been expressed successfully in Pichia pastoris, A. niger, and Aspergil-
lus oryzae,26 yet no successful expression has been reported in S. cerevisiae. Overexpression 
of the Cellvibrio mixtus Man5A (synthetic codon optimized), A. niger (mndA), Aspergillus 
tubingensis (AtmndA) in S. cerevisiae proved to be unsuccessful (WH van Zyl, unpublished 
results). Since β-mannosidases are involved in the removal of mannose units on glycosylated 
proteins,103 it was proposed that overexpression of β-mannosidases may lead to interference 
of the glycosylation process, which leads to down regulation of its expression.

Discussion

The expression and secretion of various cellulases, xylanases and mannanases have been 
successfully demonstrated and represent milestones towards the development of S. cerevisiae for 
CBP conversion of lignocellulosic biomass to ethanol. However, the secretion of certain hydro-
lases, such as CBHs, has proved to be challenging. Screening of large collections of fungal 
genes encoding CBHs belonging to glycoside hydrolases families six and seven yielded recom-
binant enzyme candidates more compatible with expression in S. cerevisiae.40 These enzymes 
were not only expressed at higher titers, but their production proved less stressful to the cell. 
Using CBHs as an example, a dedicated bioinformatics study trying to link specific features of 
the best secreted enzymes that leads to efficient folding secretion by yeast could be prudent to 
better understand and engineer efficient enzyme production by S. cerevisiae. This may require 
solving the protein crystal structures of a selection of well and poorly expressed enzymes from 
the same GH family. Using a similar approach of screening a large collection of other glycoside 
hydrolases in S. cerevisiae could not only yield high titers of xylanases, etc., but broaden the 
bioinformatics data set trying to identify universal protein features for efficient production.

Stable cellulolytic yeasts have been produced by various groups by integrating multicopy 
genes of one or more GH enzymes into the yeast genome. However, the optimal co-expres-
sion of different enzymes for other activities, including enzymes that are active on hemicel-
luloses, is still required to enable CBP yeasts to completely convert pretreated lignocellulosic 
feedstocks. Optimizing gene dosage for specific feedstocks will also be required for optimal 
substrate conversion in a CBP process. This might also require optimizing yeast strains for 
specific feedstocks and pretreatment processes or, vice versa, optimizing the pretreatment 
process to best suit the CBP yeast. This might be one of the limitations of CBP versus SSF or 
SSCF in which adjusting enzyme mixtures for different feedstock and pretreatment processes 
will be easier than re-engineering special CBP yeast strains for each feedstock/pretreatment 
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process. It should be noted that addition of auxiliary enzymes to the CBP process will in all 
likelihood be a prerequisite in the foreseeable future due to the plethora of enzymes required 
for efficient biomass conversion. A further obstacle in the development of CBP yeasts may be 
the inability to produce high enough titers of the different enzymes.

Apart from optimizing the co-expression of glycoside hydrolases, further engineering and 
optimization of appropriate CBP yeast host strains will also be required. A limited number of 
industrial strains for the bioconversion of lignocellulosics are currently available. Further 
improvements in the level of secreted heterologous proteins in industrial strains will be required 
to make CBP more efficient and economically viable. The secretion machinery of yeasts is a 
multistep process, and a vast array of protein targets can be manipulated in isolation or in 
concert to enhance heterologous protein secretion. The potential of “-omics” data and other 
postgenomic technologies to identify possible gene candidates or pathways to be used in strain 
engineering strategies is clearly illustrated by the transcriptomics-based work of Gasser et al.104 
The advantages of identifying secretion-enhancing genes and overexpressing them individually 
or in combination were eloquently demonstrated by Kroukamp et al.105 In this study, the authors 
demonstrated a synergetic 4.5-fold increase in Saccharomycopsis fibuligera BGL1 production 
with the overexpression of native S. cerevisiae PSE1 and SOD1. They also demonstrated how 
some genes might enhance secretion in combination with other effectors, but not in isolation. 
One drawback is the observation that most of the positive effects observed thus far have been 
highly protein-specific, signifying that the effects should be assessed on a case-by-case basis for 
different proteins of interest. However, it is predicted that the identification of compatible gene 
candidates for all required activities, and the combination of these genes in a strain engineered 
for their optimal secretion, will enable the construction of ideal CBP yeast strains. Apart from 
more efficient production of glycoside hydrolases, the engineering of robust yeast hosts that 
cope better with fermentation inhibitors are crucial if CBP on both the soluble and insoluble 
fractions of pre-treated lignocellulosics are considered. Similar approaches as described for 
enhanced protein production can be designed to identify target genes to enhance these multi-
gene traits. In conclusion, good progress toward producing cellulases at high titers in  
S. cerevisiae has been demonstrated. Moreover, combining the search and expression of new 
glycoside hydrolases, while simultaneously improving different favorable features of CBP 
yeasts, as highlighted in this review, will be fundamental in bringing direct microbial conversion 
with S. cerevisiae to commercial reality.
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CHAPTER 10
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and Transcriptomic Datasets
Shihui Yang1, Wei Wang2, Hui Wei2, Michael E. Himmel2, Min Zhang1
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Background

Bacteria, yeasts and fungi can naturally synthesize fatty acids, isoprenoids, or polyalkanoates 
for energy storage. These compounds have high energy densities and are compatible with 
current fuel infrastructure, permitting their exploitation for hydrocarbon fuel production.1–4 
Many microorganisms are being developed as potential biofuel production strains, yeast 
strains are currently the leading industrial biocatalyst microorganisms,5 and engineered 
bacteria such as Escherichia coli, Zymomonas mobilis, Corynebacterium glutamicum, and 
Bacillus subtilis are also being developed and deployed to address commercially important 
inoculum requirements.6–10 However, all have limitations for economic advanced biofuel 
production in terms of robustness, substrate use, productivity, and yield.

Consolidated bioprocessing (CBP) is a promising strategy for economic lignocellulosic 
biofuel production, which integrates all steps of enzyme production, saccharification, and 
fermentation biologically. A CBP microbial biocatalyst should therefore produce and secret 
cellulytic enzymes to solubilize lignocellulosic biomass substrates into simple sugars and, at 
the same time, produce desired chemicals efficiently with high yield and titer. Despite recent 
exploration on developing microbial consortia as CBP biocatalysts,11–13 it will still be 
challenging to overcome the complexity of CBP consortia to meet the needs for commercial 
production of biofuels at an acceptable cost. The classical CBP strain development strategies 
focusing on a single microorganism are still the better approach for industrial biotechnology 
applications, which include two strategies termed “native strategy” to increase productivity 
of a native cellulolytic microorganism and “recombinant strategy” to enable lignocellulosic 
biomass use capability of a microbial biocatalyst with excellent productivity.14,15 Despite a 
lot of efforts being devoted to developing a promising CBP strain in the direction of 
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recombinant strategy to enable lignocellulosic assimilation capability of classical microbial 
biocatalysts such as yeast Saccharomyces cerevisiae, oleaginous yeast Yarrowia lipolytica, 
and bacterial species of E. coli and Z. mobilis, no obvious champion could be developed yet. 
Clostridium species are the models for native strategy, receiving intensive attention, but a lot 
of barriers still need to be overcome to increase productivity for commercial production.16–19 
Fungal CBP is a novel concept proposed by National Renewable Energy Laboratory scien-
tists recently, and the feasibility and strategies to develop a model fungal cellulase producer, 
T. reesei, as the fungal CBP platform was discussed, which opens a new direction toward 
CBP development for industrial application.20

The filamentous fungus T. reesei is one of the main producers of cellulases and hemicellu-
lases for commercial lignocellulosic bioethanol production, with efficient systems for cellu-
lase induction and nutrient transportation.21 It possesses at least three classical enzymes of 
exoglucanases (syn. cellobiohydrolases), endoglucanases, and β-glucosidases, with new 
players involved in cellulose degradation identified recently, such as GH61 polysaccharide 
monooxygenases (PMOs), expansin-like proteins swollenin (SWOI), and expansin/family 45 
endoglucanase-like proteins (EEL1, EEL2, and EEL3).22–24 The main cellulase production in 
T. reesei is regulated sophisticatedly, and various transcriptional factors (TFs) controlling 
cellulase gene expression have been discovered, such as XYR1, CRE1, ACE1, ACE2, AreA, 
BglR, and HAP2/3/5 complex.23,25–32 In addition, the environmental conditions for cellulase 
induction have also been investigated, with several inducers identified, including cellulose, 
disaccharides of cellobiose, lactose and sophorose, and low-molecular weight compounds 
such as l-arabitol and l-sorbose.33,34

Recent technical breakthroughs in next-generation sequencing (NGS), systems biology, and 
synthetic biology35–38 have significantly increased the amount of data available on the metab-
olism and regulation of biofuel-producing organisms, leading to a potential paradigm shift in 
industrial biocatalyst development.3,4,38–50 As one of the major producers of cellulases and 
hemicellulases at the commercial scale, T. reesei has also been widely studied using genomic 
and systems biology approaches. For example, the genome sequence of T. reesei has been 
reported and annotated.24 Comparative genomic studies between wild type and mutant strains 
with improved cellulase production (e.g., QM9414, RUT C30) were carried out, and the 
genetic loci associated with excellent cellulase production were identified and character-
ized.51,52 In addition, quite a few studies using transcriptomic and proteomic approaches have 
been reported.23,53–58 Although nearly all of them were focused on cellulase induction, and 
there is no systems biology study reported yet for T. reesei as a CBP candidate for biofuel 
production, these systems biology datasets still can help us understand the global transcrip-
tional profiles of T. reesei in different environmental conditions. In this chapter, we will show 
the promise of using public genomic and transcriptomic datasets to help us identify genetic 
targets and to guide metabolic engineering practice of improving hydrocarbon production in 
T. reesei.



Identification of Genetic Targets in Trichoderma reesei  179

Materials and Methods
Trichoderma reesei Protein Function Annotation and Pathway Reconstruction

Although the 34-Mb genome sequence of T. reesei has been reported and annotated,24 the 
annotation has not been systematically conducted since its first release to reflect the recent 
exponential explosion of the genomic information. To identify the proteins related to hydro-
carbon (e.g., terpenoid and fatty acid) biosynthesis, metabolism, and regulation, the protein 
sequences of T. reesei has been extracted and reannotated functionally. In brief, 9143 protein 
sequences containing all manually curated and automatically annotated models chosen from 
the filtered model sets representing the best gene model of each locus (TreeseiV2_Frozen-
GeneCatalog20081022.proteins.fasta) were downloaded from the JGI website (http:// 
genome.jgi-psf.org/Trire2/Trire2.download.ftp.html) and imported into CLC Genomics 
Workbench (V7.0) as the reference protein sequences for Blast search. In addition, the protein 
sequences were also imported into Blast2GO for the functional annotation and CAZYmes 
Analysis Toolkit (CAT) for analysis and annotation of CAZYmes (Carbohydrate Active 
enZYmes),59,60 which was then compared to a recent reannotated CAZy genes of T. reesei.22 
The KEGG pathways were extracted from annotation result, as was the information of KOG, 
enzyme code, and the reaction substrate(s) and product(s). The potential homologous gene(s) 
in T. reesei were identified by reiterated BlastP searches. The information of protein product 
and conserved domains were examined, and the pathway was reconstructed with the enzyme 
and pathway information from literature search (Figure 1).

Trichoderma reesei Microarray and RNA Sequencing Dataset Collection  
and Transcriptomic Analyses

Currently, 21 RNA sequencing (RNA-Seq) runs are available at National Center for Biotechnol-
ogy Information Sequence Read Archive (NCBI SRA) database from three studies.56,57 The first 
study (SRP018852) used ABI SOLiD four system, including eight samples of wild-type QM6a 
strain from three different conditions: (1) 48-h growth in glucose-based minimal media (three 
runs, 48Gluc); (2) 24-h growth after transferring mycelia from glucose-based media into media 
containing wheat straw as a sole carbon source (three runs, 24Straw); and (3) 5-h growth after 
addition of glucose to straw cultures (two runs, 5Gluc).57 The second study (SRP024316) used 
Illumina Hiseq2000 to investigate the cellulase induction mechanism of wild-type strain TU-6 
with four samples: WT_Avicel, WT_No Carbon, WT_glucose, and stp1 deletion mutant-Avicel. 
The third study (SRP034709) also used Illumina Hiseq2000 to investigate the cellulase forma-
tion mechanism by growing QM9414 strain in Mandels-Andreotti medium supplemented with 
either 1% cellulose, or 2% glucose, or 1 mM sophorose with three biological replicates.56

The SRA files of two RNA-Seq datasets (SRP018852 and SRP024316) were downloaded 
from NCBI and then converted into fastq files using the NCBI sratoolkit 2.3.3–4, which were 

http://genome.jgi-psf.org/Trire2/Trire2.download.ftp.html
http://genome.jgi-psf.org/Trire2/Trire2.download.ftp.html
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then checked by FastQC software for read quality assurance before importing into CLC 
Genomics Workbench. These fastq files were then individually mapped to 9143 reference 
transcript sequences (TreeseiV2_FrozenGeneCatalog20081022). RNA-Seq analyses were 
then carried out to generate the reads per kilobase transcript per million reads (RPKM) values 
for all transcripts. In addition, the normalized counts in the file “GSE53629_QM9414_GLU_
SPH_CEL_normalized.counts.txt” of the third study (SRP034709) for every transcript were 
downloaded, and the RPKM values were then calculated based on the formula of RPKM = 
109 × C/(N × L), in which C is the number of mappable reads that fell onto the genes, N is the 
total number of mappable reads in the experiment, and L is the sum of the exons in base pairs. 
The RPKM values of all three RNA-Seq studies were then log2 transformed and merged as 
one file, and the average log2-based RPKM values for each condition were calculated from all 
available biological replicates, except one biological replicate of 2% glucose supplementation 
condition (GSM1297504) in the third study (SRP034709) was discarded due to its large 
variation with other two biological replicates (data not shown).

The distributions of log2-based RPKM values in each condition were then calculated, and the 
log2-based RPKM values for transcripts identified in the glycolysis/fermentation and terpenoid 
biosynthesis pathways were extracted, and the ratios for two RNA-Seq studies with replicates 
(SRP018852 and SRP034709) were calculated to compare the effect of other carbon sources 
(straw biomass in SRP018852, whereas sophorose and cellulose in SRP034709) with glucose. 
The gene expression strength and differential expression comparing glucose with other carbon 
sources were then color-coded and reflected on the metabolic pathways.

Within the NCBI GEO database, 20 studies were deposited for 166 samples. We looked into 
these studies and selected eight microarray studies (GSE53874, GSE46155, GSE39276, 

Figure 1
Flowchart of pathway reconstruction and omics data integration for this study.
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GSE39111, GSE36448, GSE27471, GSE27581, GSE22687) for 43 different conditions of 
strains, carbon sources, culture conditions, or growth phases. Since these arrays used different 
platforms, the annotation of each platform was also downloaded, and the gene expression 
values for each condition were merged into one table based on common gene identification or 
sequence name. Finally, these log2-based array data were further merged with the RNA-Seq 
dataset, which were then imported into JMP Genomics 6.0 (SAS Inc., NC) for statistical 
analyses.

Results and Discussions
Identify Target Genes for Metabolic Engineering by Genomic Metabolic Pathway 
Analysis

We have completed the protein annotation for T. reesei using Blast2GO and identified the 
potential carbohydrate-active enzymes (CAZymes). In brief, 1658 proteins have been 
assigned to 115 Kyoto Encyclopedia of Genes and Genomes (KEGG) pathways, and 218 
proteins are homologous to 83 CAZyme families, with GH28 the most abundant one 
(29 enzymes). In addition, the KEGG pathways of glycolysis, fermentation, and terpenoid 
biosynthesis have been extracted from the KEGG results with the literature reports; we 
reconstructed these two specific pathways by identifying the homologous genes in T. reesei 
through Blast and by manually checking the information of the conserved domains and 
chemical reactions that these enzymes are involved in (Figure 2). In summary, T. reesei has 
complete glycolysis, fermentation, and terpenoid biosynthesis pathways, although phosphate 
acetyltransferase (PAT), pyruvate formate-lyase (PFL), and farnesene biosynthesis genes were 
not identified.

Trichoderma reesei does not possess the methylerythritol phosphate (MEP) pathway, but uses 
mevalonate pathway for terpenoid biosynthesis (Figure 2). Although several proteins homolo-
gous to β-farnesene synthase have been identified, including Trire2|56,966, Trire2|53,079, 
Trire2|75,468, and Trire2|37,950, considering their relatively low similarity (1.52E-33, 
4.26E-33, 9.0E-28, and 3.38E-27 respectively) and the fact that the parental strain QM6a does 
not produce farnesene, heterogonous farnesene synthase gene metabolic engineering is 
required for farnesene production in the T. reesei. In addition, the detection of significant 
amount of nerolidol within parental T. reesei strain indicates the existence of active pathway 
for nerolidol production (data not shown). Protein Trire2|112,028 is homologous to 
(3S,6E)-nerolidol synthase with low E-value of 2.3E-14, and Trire2|53,079 is homologous to 
(3R,6E)-nerolidol synthase (4.2.3.49) with an E-value of 2.0E-28, which may contribute to 
the nerolidol production in T. reesei. (3R,6E)-nerolidol synthase belongs to acyclic sesquiter-
pene synthase involved in sesquiterpenoid and triterpenoid biosynthesis and is homologous to 
β-farnesene synthase (4.2.3.47) for β-farnesene biosynthesis and farnesyl diphosphatase 
(3.1.7.6) for (2E,6E)-farnesol biosynthesis (Figure 2). Although the similarity of 



Figure 2
The reconstructed glycolysis and fermentation pathway (a) and terpenoid biosynthesis pathway  
(b). Enzymes are represented by gray diamond boxes. The ones filled with red, salmon, or canta-

loupe colors are those with transcriptional expression strength among the top 2.5%, 10%, or 25% of 
all transcripts respectively. The one filled with blue color is among the lowest 2.5%. The number(s) 
adjacent to enzyme represent the homologous proteins ID number identified in T. reesei with yellow 
highlight indicating reasonable similarity to homologous proteins. Multiple numbers were included 
for enzyme with multiple homologues. Red font indicates biomass induced compared to glucose, 

whereas blue indicates downregulated. Bold font indicates at least 2-fold changes.
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Figure 2—cont’d
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Trire2|53,079 to β-farnesene synthase is slightly higher than to (3R,6E)-nerolidol synthase, 
Trire2|53,079 most likely is a nerolidol synthase instead of β-farnesene synthase, because 
nerolidol is detected in T. reesei, but not farnesene. Therefore, the knockout of enzyme 
involved in nerolidol production (e.g., Trire2|53,079 and Trire2|112,028) may help direct the 
carbon flow to the farnesene production because these enzymes are competing for the same 
substrate of farnesyl diphosphate (Figure 2).

In addition, multiple hits from Blast result were identified for several enzymes (Figure 2). 
Further characterization of these multiple hits for one reaction indicated that most of them 
actually are potential paralogues with common conserved functional domains (e.g., HXK2, 
TPIA, ADH, ACS1, ALDH, and AACT). However, some of them are subunits of a functional 
enzyme complex with different functional domains. For example, Trire2|122,987 and 
Trire2|76,744 are the alpha and beta subunits, respectively, of a potential pyruvate dehydroge-
nase E1 component (PDA1) in the fermentation pathway, and Trire2|22,093 and 
Trire2|109,078 are the alpha and beta subunits, respectively, of a potential farnesyltransferase 
in the terpenoid biosynthesis pathway (Figure 2).

Identify Target Genes for Metabolic Engineering by Transcriptomic Analysis

Genomic annotation and pathway analysis can provide guidance on metabolic engineering. For 
example, it is a straightforward approach to include all genes encoding the enzyme subunits for 
metabolic engineering. However, it will be challenging to pick the genetic candidate for a 
specific enzyme with several paralogous genes. In this section, we will discuss the integration of 
omics datasets, such as transcriptomic data to facilitate the selection of genetic targets among 
multiple paralogues and to identify key pathway genes for metabolic engineering.

Two different kinds of information were obtained through transcriptomic data integration and 
statistical analyses, the gene expression strength in terms of the log2-based RPKM values and 
the differential gene expression pattern. Results based on RNA-Seq were primarily used in 
this work because one RNA-Seq study (SRP018852) used QM6α wild type and two RNA-
Seq studies of SRP018852 and SRP034709 contain RNA-Seq runs of multiple biological 
replicates for statistical analyses. Because only raw sequencing run data are available for one 
RNA-Seq study (SRP024316), we downloaded the SRA files and generated our in-house 
RPKM values for this RNA-Seq study using our RNA-Seq data analysis pipeline.61 To 
validate our RNA-Seq analysis results for this study, we compared the RPKM values gener-
ated similarly for another RNA-Seq study (SRP018852), using its raw sequencing SRA 
datasets with the published RPKM values from this study (GEO# GSE44648, 
GSM1088358_5Gluc2.htseq.rpkm.txt). Our in-house RNA-Seq data analysis results have 
high correlation among biological replicates. For example, the correlation coefficients for the 
biological replicates of three conditions in SRP018852 study were all above 0.93 (Figure 3). 
In addition, our reanalyzed RNA-Seq results of RPKM values for the transcripts had high 
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correlations with published RPKM values. For example, our reanalyzed log2-based RPKM 
values for one sample of 48-h growth in glucose (SRR764963) had a correlation coefficient of 
0.95 with the published log2-based RPKM values.

The expression values of these three RNA-Seq studies were then combined, and the average 
transcription abundances were calculated for each condition. The distributions of log2-
transformed RPKM values for each condition were then calculated. In general, the average 
expression values of two studies using Illumina HiSeq2000 are similar, but greater than the 
first one using ABI SOLiD 4 System (SRP018852), and the average expression values in 
different conditions using same NGS platform were similar (Table 1). The gene expression 
abundance in each condition was compared to the statistical quartile values, with three 
artificial levels of abundant expression (the ones with the top 2.5%, 10%, or 25% abun-
dance are highlighted by red, salmon, or cantaloupe color), and three artificial levels of 
scarce expression (the ones with the bottom 2.5%, 10%, or 25% abundance are highlighted 
by blue color from darkest to lightest), which were used for gene expression visualization 
on metabolic pathways (Figure 2).

The log2-based RPKM values for genes involved in glycolysis/fermentation and terpenoid 
biosynthesis pathways (Figure 2) were extracted, and the ratios were calculated (Table 2). 
Clearly, genes involved in glycolysis and the fermentation pathway had strong expression in 
different conditions. Nearly all of the genes were among the top 25%, most of them among 
the top 10%, and some of them among the top 2.5% abundant ones. The abundance of 
glycolysis/fermentation gene expression has been reported in other microorganisms, such as 
Z. mobilis and Clostridium thermocellum.62,63 However, except for enzymes involved in five 
reactions, most transcripts encoding the enzymes involved in the terpenoid biosynthesis 
pathway did not express abundantly (Figure 2, Table 2), which is consistent with the role of 
glycolysis/fermentation on essential cellular metabolism and terpenoid biosynthesis for 
secondary metabolites.

Figure 3
Correlation coefficients for biological replicates of 3 conditions in a RNA-Seq study SRP018852. 
Three conditions are 48 h growth in glucose-based minimal media, 24 h after transfer of mycelia 

from glucose-based media into media containing wheat straw as a sole carbon source, and 5 h after 
addition of glucose to straw cultures from left to right respectively.
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Table 1: Distributions of three RNA-Seq studies (SRP018852, SRP034709, SRP024316) for each condition

RNA-Seq 
Study SRP018852 SRP034709 SRP024316

Conditions 48Gluc 24Straw Straw5Gluc
QM6a_

Gluc
QM6a_

Sph QM6a_Cel
TU6_
Avicel

Step1_
Avicel

STU6_
Gluc

TU6_No_
Carbon

100% 
(maximum)

10.71 11.88 11.63 17.88 17.16 17.52 16.11 15.78 15.11 15.44

Top 0.5% 7.70 8.22 7.75 10.34 10.11 10.24 10.64 10.65 11.05 11.50
Top 2.5% 5.98 6.27 5.68 8.69 8.46 8.53 9.06 8.84 9.32 9.08
Top 10% 4.29 4.75 3.89 7.08 7.02 6.98 6.91 6.64 7.06 6.66
Top 25% 3.01 3.68 2.57 5.89 5.94 5.85 5.53 5.22 5.59 4.75

50% 
median)

1.67 2.55 1.43 4.52 4.67 4.66 4.20 3.84 4.16 3.08

Bottom 
25%

0.40 1.10 0.36 2.30 2.87 2.85 2.09 1.89 1.86 1.24

Bottom 
10%

0.02 0.09 0 0.33 0.61 0.62 0 0 0 0

Bottom 
2.5%

0 0 0 0 0 0.06 0 0 0 0

0.50% 0 0 0 0 0 0 0 0 0 0
0% 

(minimum)
0 0 0 0 0 0 0 0 0 0

Mean 1.95 2.54 1.72 4.18 4.35 4.34 3.95 3.70 3.93 3.28
Std Dev 1.72 1.77 1.60 2.45 2.31 2.29 2.47 2.41 2.58 2.51
Std Err 
Mean

0.02 0.02 0.02 0.03 0.02 0.02 0.03 0.03 0.03 0.03

Transcript 
number

9126 9126 9126 9129 9129 9129 9129 9129 9129 9129

Gluc, glucose; Sph, sphorose; Cel, cellulose.
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Table 2: The transcription strength and ratios for transcripts involved in glycolysis/fermentation and terpenoid  
biosynthesis pathway

Gluc, glucose; Sph, sphorose; Cel, cellulose.
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Interestingly, when other carbon sources were used and compared to glucose, the gene 
expression patterns for glycolysis/fermentation and terpenoid biosynthesis were different. 
Except for the fact that several fermentation pathway genes from acetaldehyde to both ethanol 
and acetate were upregulated, nearly all glycolysis pathway genes and fermentation pathway 
genes from pyruvate to both acetaldehyde and acetyl-CoA were downregulated. Instead, the 
differentially expressed terpenoid biosynthesis pathway genes were upregulated when carbon 
sources other than glucose were used (Figure 2, Table 2).

The integration of transcriptomic data into the metabolic pathway thus provides additional 
information to identify genetic targets for strain improvement. For example, four genes 
(Trire2|122,653, Trire2|109,078, Trire2|124,222, and Trire2|22,093) encoding three enzymes 
involved in three metabolic reactions were upregulated, and two of them had more abundant 
transcripts than other terpenoid biosynthesis pathway enzymes (Figure 2, Table 2). Because 
these reactions are competing for the same substrate of farnesyl-PP for farnesene production, 
it is a reasonable strategy to divert the reactions from these reactions to increase farnesene 
production. Because the products of these two reactions (squalene and S-farnesyl protein) 
may be involved in essential metabolism, a potential knockdown instead of knockout of these 
four genes may help channel the farnesyl-PP to farnesene production while maintaining 
viable cellular growth. Comparing the RNA-Seq results with microarray data that contain 
more conditions, Trire2|122,653 and Trire2|109,078 were also highly expressed with strong 
intensity, whereas Trire2|22,093 was less abundant than Trire2|122,653 and Trire2|109,078 
(Figure 4). Therefore, Trire2|122,653 and Trire2|109,078 could be the first two targets for 
knockdown.

Moreover, because genes involved in the terpenoid biosynthesis pathway generally had low 
transcript abundance, overexpression of several genes channeling acetyl-CoA to farnesyl-PP 
with less transcripts (e.g., Trire2|75,589, Trire2|59,887, and Trire2|120,106) may also help 
drive the key metabolite acetyl-CoA to farnesene production instead of other metabolic 
reactions, such as fatty acid biosynthesis (Figures 2 and 4, Table 2).

Investigate Transcriptional Regulators

Cellulase production in T. reesei is a secondary metabolism controlled by a complex 
regulatory network responding to various environmental stimuli, such as carbon and 
nitrogen sources, temperature, light, and pH.64 Several global regulators involved in 
cellulase production have been identified and characterized, including the global carbon 
regulator CRE1 (Trire2|120,117) mediating carbon catabolite repression,25–27 nitrogen 
regulator AreA (Trire2|76,817)28 cellulase, and hemicellulase regulators of ACE1 
(Trire2|75,418) and XYR1 (Trire2|122,208)29,30 cellulase gene regulator ACE2 
(Trire2|78,445)31 and a Zn(II)2 Cys6-type beta-glucosidase regulator BglR 
(Trire2|52,368).32
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Because other carbon sources (e.g., straw biomass, cellulose, Avicel) were used to induce 
cellulase production in the recent two RNA-Seq studies,56,57 the induction of terpenoid 
biosynthesis pathway genes under these conditions may indicate the competition between 
cellulase production and terpenoid biosynthesis. The expression profiles of these global 
regulators were investigated, and the results indicated that these regulators were induced 
when switching from glucose to biomass, and XYR1 was induced when either biomass or 
Avicel was used as carbon source compared to glucose, which is consistent with a previous 
report.65 Further investigation is needed to understand the regulation of secondary metabo-
lism to keep both excellent cellulolytic capability and high secondary metabolite 
productivity.

Identify Promoters with Different Strength for Metabolic Engineering

Except for several promoters related to cellobiohydrolase genes (e.g., cbh1 and cbh2) and 
glycolysis pathway (e.g., GPD, PDC),66–70 few works have been carried out to identify and 
characterize the T. reesei promoters systematically. The gene expression abundance data can 

Figure 4
Hierarchical clustering the expression intensity of terpenoid biosynthesis pathway genes in different 

microarray experiments.
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also be used to help identify inducible promoters, or constitutive promoters with strong, 
medium, or weak intensity. The expression abundance in terms of log2-based values for all 
microarray or RNA-Seq experiments were combined, and hierarchical clustering analyses 
were carried out for RNA-Seq datasets or array datasets separately (Figure 5). To exclude the 
discrepancy between sequencing platforms (Table 1), the log2-based RPKM values were 
normalized for hierarchical clustering analyses (data not shown). The common ones between 
two sets of datasets were chosen as candidates.

It will be straightforward to identify the inducible promoters depending on the conditions of 
the available transcriptomic datasets. For example, we can select the ones highly expressed in 
Avicel or even biomass to select the candidate promoters for gene expression under these 
conditions. The promoter candidates with different strength of strong, medium, or weak were 
selected from the common ones between both microarray and RNA-Seq data hierarchical 
clustering results. Forty-nine promoters could be potential candidates as strong promoters 

Cluster 3: Weak

Cluster 2: Medium

Cluster 1: High(a)

Figure 5
Hierarchical clustering the expression intensity of all T. reesei genes in different microarray (a) and 

RNA-Seq (b) experiments.
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(Figure 6), and actually some of these are consistent with previous literature report (e.g., the 
promoters of Trire2|119,735: gpd, glyceraldehyde-3-phosphate dehydrogenase and 
Trire2|23,200: fructose-bisphosphate aldolase) using qPCR to confirm the constitutive strong 
promoter for xylanase overexpression in T. reesei.70 Compared to strong promoter candidates, 
there are many more candidates for weak promoters (Figure 6). The promoters with artificial 
medium strength are less obvious, among which potentially two clusters consistently have 
medium transcript abundance in different conditions, which make the numbers of promoter 
candidates with medium strength to be either 64 or 139 (Figure 6).

Conclusions and Perspectives

Although public genomic and systems biology datasets have heterogonous characteristics in 
terms of strain background, carbon source, culture method, growth condition, and sequencing 

Cluster 3: Weak

Cluster 2-1: Medium

Cluster 1: High

Cluster 2-2: Medium

(b)

Figure 5—cont’d
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platform that may compromise accurate investigation, they do provide valuable information 
for the research community, especially for datasets retrieved from community-recognized 
data repositories. In this work, we clearly demonstrated the potential to identify genetic 
targets for farnesene production improvement in T. reesei using public genomic and tran-
scriptomic datasets. The results indicate that T. reesei likely uses a mevalonate pathway for 
terpenoid biosynthesis, and heterogonous farnesene synthase(s) are needed for farnesene 
production. Several genetic targets were proposed to improve farnesene production based on 
genomic and transcriptomic pathway gene analyses. In addition, promoters with different 
strength were identified, while cautions for metabolic engineering based on genomic and 
transcriptomic analyses were also raised to deal with enzymes with multiple subunits or with 
multiple paralogous genes. Finally, the understanding of the regulation network controlling 
the biosynthesis of the secondary metabolites of terpenoids could help future efforts to 
increase the farnesene productivity, which needs further experimental work to compare the 
transcriptional profiles of farnesene synthase gene expression in different conditions.
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Introduction

The traditional biochemical pathway for conversion lignocellulosic biomass includes pretreat-
ment,1,2 saccharification to convert the sugar polymers in the biomass into fermentable 
monomeric sugars, and finally fermentation of the sugars to ethanol using various organisms, 
such as Saccharomyces cerevisiae,3–6 Zymomonas mobilis,7,8 or Escherichia coli.9,10 Cur-
rently, Trichoderma reesei is the source for all the hydrolytic enzymes used for the biomass 
saccharification process. Clearly, the economics of ethanol production would improve if some 
of the steps of the process could be eliminated or combined with other steps of the process. 
Significant efforts have been made in developing organisms for consolidated bioprocessing 
(CBP) in which the saccharification and fermentation step are performed by one organism.11,12 
Such an organism would produce cellulases and hemicellulases to produce monomeric sugars 
from pretreated biomass, but would then also ferment the resulting sugars into ethanol.

There are two technology paths discussed today for the development suitable CBP organisms. 
One is the convert an organism, such as Clostridium thermocellum or T. reesei, which pos-
sesses powerful cellulolytic systems, into an ethanologen. Conversely, the other path is to 
convert an outstanding ethanologen, such as S. cerevisiae, into an effective cellulolytic 
organism. To convert a cellulolytic organism into a CBP organism, the metabolic pathway for 
ethanol synthesis must be introduced and/or enhanced if it exists in the wild type strain. In 
addition, the ethanol tolerance of these organisms usually needs to be improved. To convert 
an ethanologen into a CBP organism, expression systems for various cellulases and hemicel-
lulases must be introduced, such that active forms of these enzymes are produced in sufficient 
amounts and ratios to convert the polysaccharides in biomass to monomeric sugars efficiently.

Considerable effort has been made to develop the industrial ethanologen, yeast, into a com-
mercially viable CBP organism. Expression systems for several cellulase-encoding genes, for 
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example T. reesei cbh1 and cbh2, have been introduced into yeast. Although engineered yeast 
strains show some ability to produce glycoside hydrolases, these activities have not been 
sufficient for efficient hydrolysis of lignocellulosic biomass for use in commercial bioethanol 
production processes.13–15 However, recent progress in engineering yeast into a better CBP 
organism remains promising.16 To convert the already cellulolytic C. thermocellum into a 
commerical CBP organism, its ethanol yield and tolerance must be improved. Recent identifi-
cation of a mutations that enhanced ethanol tolerance in this organism is a promising develop-
ment.17 Another cellulolytic bacterium, Thermoanaerobacterium saccharolyticum also offers 
promise as a possible CBP organism.18,19

In this chapter, we explore the prospect of developing the cellulolytic fungus, T. reesei into a 
suitable CBP organism. It is noteworthy that almost all hydrolytic enzymes currently being 
used for the saccharification of biomass for ethanol production are produced by T. reesei. This 
organism uses all primary biomass sugars (glucose, xylose, arabinose, mannose, and galac-
tose) for growth; it has the basic pathway to produce ethanol from these sugars and, data 
presented here strongly suggest that the native ethanologenic fermentation pathway can be 
augmented and improved.

Trichoderma reesei Produce Ethanol from Biomass Sugars

We tested the wild-type strains of T. reesei, QM6a, for ethanol production from various 
biomass sugars. The QM6a strain was grown under aerobic condition for 3 days. The mycelia 
were collected and tested for fermentation of various sugars under anaerobic conditions for 
12 days. As shown in Table 1, this strain is capable of fermenting glucose, galactose, man-
nose, and cellobiose and, to a lesser extent, also xylose and arabinose.

Fermentations were done in Vogel’s medium.20 Mycelia from 100 mL cultures, started from 
approximately 106 spores, were collected, washed with the Vogel’s medium, and then anaero-
bically incubated in the same medium with various sugars. Two percent xylose and arabinose 
were used for growth and fermentation; all other sugars were used at 3%. Following the 
fermentation, the samples were analyzed for various products by HPLC using Aminex 

Table 1: Fermentation of biomass sugars by Trichoderma reesei QM6a

Sugar

Products (g/L)

Acetic Acid Glycerol Xylitol Ethanol

Glucose 0.31 0.10 0 4.25
Mannose 0.14 0 0 4.22
Galactose 0.28 0.07 0 3.33

Xylose 0.55 0.05 0.01 0.49
Arabinose 0.23 0 0 0.16
Cellobiose 0.17 0.06 0 3.17
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HPX-87 column (Bio-Rad, Richmond, Calif). The values reported are average of two 
determinations.

As can be seen from the data in Table 1, the major byproduct made during this fermentation is 
acetic acid. We measured the kinetics of conversion of glucose to ethanol during a 16-day 
fermentation using the sugar at starting concentration of 5%. As seen in Figure 1, there is a 
steady increase in ethanol and a corresponding decrease in glucose concentrations during the 
course of the experiment. Maximum conversion efficiency achieved was 0.42 g ethanol/g of 
consumed glucose.

Under these fermentation conditions, we did not observe significant effects from the glucose 
concentrations used on ethanol production (Figure 2); glucose was varied from 3% to 15%.

The pH during Fermentation Affects Ethanol Yield

We conducted fermentation experiments at six different pH values varying from 2.5 to 7.0. It 
appears that very low pH conditions are detrimental to ethanol fermentation, and the optimum 
pH is 4.5–5.0 (Figure 3). The pH of the fermentation broth decreased in most cases due to the 
generation of acetic acid (Table 1). It is possible that other acids, not detected in our analysis, 
are also produced during the fermentation process.

Figure 1
Time course of glucose consumption and ethanol production.
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Sugar Used during Growth Phase Affects Xylose Fermentation

We determined whether or not the carbon source used during growth of mycelia, and subse-
quently used for fermentation experiments, affected ethanol yields. The parental strain, 
QM6a, was aerobically cultivated on d-glucose, d-galactose, d-mannose, d-xylose, l-arabi-
nose, and glycerol. Equivalent amounts of mycelia (5 g) were obtained from each carbon 

Figure 2
Ethanol yields from various amounts of glucose.

Figure 3
Effect of pH on ethanol production.
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source and used for the fermentation of 2% d-xylose under anaerobic conditions. The myce-
lial growth was collected by centrifugation. We found that the mycelia grown on d-glucose, 
d-galactose, d-mannose, d-xylose, and glycerol produced very little ethanol (Figure 4). 
However, the mycelia that were obtained on arabinose cultures produced comparatively 
higher levels of ethanol.

Although absolute amounts of ethanol from all carbon sources are low, the mycelia from 
arabinose cultures are clearly different in ethanol fermentation from all others. Surprisingly, 
xylose-grown mycelia performed similar to mycelia grown on glucose, mannose, galactose, 
and glycerol for fermentation of xylose.

Direct Conversion of Cellulose to Ethanol

The eventual goal of our experiments was to evaluate whether or not T. reesei could be 
developed into a CBP organism that would not only produce the hydrolytic enzymes to 
produce monomeric sugars, but would also further metabolize those sugars to ethanol or other 
advanced “drop-in” biofuels. We tested whether the T. reesei could produce ethanol directly 
from cellulose. In these experiments, conducted using the T. reesei strain QM9414, we also 
monitored cellulase activity both during the aerobic growth phase and during the anaerobic 
fermentation phase.

Figure 4
The effect of carbon source during aerobic mycelia growth on d-xylose fermentation.
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Cellulase induction during growth phase was done as described by Juhasz et al.21 In brief, 
approximately 4 × 107 T. reesei QM9414 spores were inoculated into 20 mL of Mandel’s 
medium supplemented with 0.7% Solka Floc 200 and grew for 3 days at 30 °C and 200 rpm. 
The culture was then mixed with 100 mL of Mendel’s containing 1.5% Solka Floc 200. The 
medium also contained 0.1 M maleic acid to stabilize pH at 6.0. The cultures were grown 
aerobically for 6 days and then transferred to anaerobic condition for fermentation at 30 °C for 
12 additional days. Periodic samples were taken for cellulase activity and ethanol 
measurements.

As shown in Figure 5, and as expected, the cellulase activity steadily increased during the 
growth phase, and there was no detectible ethanol during this phase. During the anaero-
bic fermentation phase, the ethanol levels steadily increased during the 10-day fermenta-
tion period, and there was barely a detectible amount of ethanol toward the end of this 
phase. In fact, the cellulase activity slightly declined during the fermentation phase. It is 
possible that this modest decrease in cellulase activity is due to inactivation of the protein 
on biomass itself and the result of protease action in the culture broth. It is in any case 
not surprising that cellulase levels did not increase during fermentation, because there is 
little or no cell growth during the anaerobic fermentation phase. It should be noted here 
that we envision that T. reesei would grow and produce the cellulolytic enzymes needed 
during the aerobic growth phase, and these levels would be sufficient for subsequent 
hydrolysis of the biomass polymers to produce sugars for ethanol or other biofuel 
production.

Figure 5
Direct conversion of cellulose to ethanol.
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Enhancing Ethanol Synthesis by Metabolic Engineering

It is obvious that the current yield and rate of ethanol production by the wild-type strain of T. 
reesei are not sufficient for its use as a CBP organism, and thus improvements in yields and 
rates are required. However, these and other studies22 have established that this organism has 
the essential pathways to use biomass sugars and to ferment them to ethanol. There is no 
obvious reason that the fermentation capacities of T. reesei cannot be increased. It follows 
that because the organism uses pentose sugars for growth, it has a complete and functioning 
pentose metabolic pathway. T. reesei also produces ethanol from various C6 sugars, and it 
thus possesses the complete and functioning glycolytic pathway. We have conducted experi-
ments to explore whether or not we can improve ethanol fermentation in T. reesei by intro-
ducing genes from other established and robust fermentative organisms.

We next introduced two key ethanol fermentation pathway genes from S. cerevisiae into T. 
reesei and tested the resulting transformants for ethanol fermentation. For this purpose, we 
chose the primary pyruvate decarboxylase gene, ScPDC1 (accession number: NP_013145), 
and the primary alcohol dehydrogenase gene, ScADH1 (accession number: DAA10699), from 
S. cerevisiae. We synthesized codon-optimized versions of these genes for expression in T. 
reesei. We designed and constructed an expression plasmid, pTRScADH1-ScPDC1 (Figure 6), 
in which the expression of the S. cerevisiae genes is driven by the T. reesei pgk1 promoter.

The plasmid also has an expression system for E. coli hph gene coding for hygromycin B 
phosphotransferase, which confers resistance to the antibiotic, hygromycin B. The T. reesei 
strain, QM6a, was then transformed with this plasmid, and hygromycin B resistant transfor-
mants were selected. The transformants were purified by two rounds of sporulation and single 
colony isolation. Six independent colonies from one transformant and the parent strain QM6a 
were evaluated for their ethanol fermentation performance from glucose, as described earlier. 
Two important points may be made from the data summarized in Table 2.

Trichoderma reesei spheroplasts were prepared and transformed with slight modifications of 
various published methods.23–25 Spheroplasts were generated by 3–4 h of incubation of fresh 
mycelia in 0.6 M KCl containing 4 mg/mL Glucanex (Sigma, St Louis, Mo.) and 2 mg/mL 
lysozyme (Sigma, St Louis, Mo.). After 7 h of recovery period in rich medium without 
hygromycin B, the transformants resistant to hygromycin B were selected by mixing the 
transformed spheroplasts with 10 mL of potato dextrose agar containing 1.0 M sorbitol and 
100 mg/L hygromycin B and pouring over petri dishes containing the same medium. Trans-
formants were purified by at least two rounds of sporulation and testing of single spores.

All transformants tested were found to produce more (11–38%) ethanol compared to the 
parent strain. Also, all transformants tested produced less (21–65%) of the byproduct, acetic 
acid, than the parent strain.
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Discussion

The preliminary studies described in the article show that T. reesei, which naturally pos-
sesses a potent cellulolytic system, also has the biochemical pathway needed to produce 
ethanol from biomass sugars. Furthermore, the ethanol-producing capacity may be 
enhanced by expression of appropriate heterologous genes. Trichoderma harzianum was 

Figure 6
Plasmid for expression of Saccharomyces cerevisiae genes in Trichoderma reesei.

Table 2: Engineered strains produce higher levels of ethanol and lower levels of acetic acid

Acetic Acid Ethanol

Strain Yield (g/L) Percent Decrease Yield (g/L) Percent Increase

Parent (QM6a) 1.56 0 3.87 0
TRf5-1-1 0.80 48.5 4.50 16.2
TRf5-4-1 0.66 57.4 4.66 20.4
TRf5-9-1 1.24 20.8 4.87 25.9

TRf5-10-1 0.54 65.6 4.30 11.1
TRf5-13-1 0.95 39.0 4.97 28.5
TRf5-14-1 0.58 62.5 5.34 38.0
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previously shown to produce ethanol from cellulose at low levels.26 The ethanol production 
in T. harzianum may also be increased by appropriate genetic engineering, as we have 
shown here, for T. reesei. However, we feel that T. reesei is more promising for such 
engineering to produce a CBP organism, because it possesses a much more effective 
cellulase system than does T. harzianum.22,26 Other reasons for considering T. reesei for 
development into a CBP organism include: (1) it is already grown at large scale for cellu-
lase production and therefore more likely to be more readily accepted and adapted by 
industry; and (2) useful systems for gene manipulation and expression have been developed 
for T. reesei.27–29

Figure 7 identifies some of targets for metabolic engineering to enhance ethanol yields.

We demonstrated that providing additional pyruvate decarboxylase and alcohol dehydro-
genase activities improved ethanol formation relative to the wild type state. These strains 
also produced less acetic acid than the wild type strain, which suggests that the activity 
of alcohol dehydrogenase is not sufficient and leads to accumulation of acetaldehyde, 
which is subsequently converted to acetic acid. If we determine that acetic acid produc-
tion, because of the build-up of acetaldehyde, remains a contributing factor in the 
observed stalling of ethanol fermentations, additional targets for improvement include 
deletion of one or more aldehyde dehydrogenase genes to prevent accumulation of the 
this substrate.

Figure 7
Possible targets for metabolic engineering to enhance ethanol fermentation.
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Although our work suggests that developing T. reesei as a CBP organism is promising, there 
are some issues that must be addressed before its use as an ethaologen becomes practical. 
T. reesei is an obligate aerobe, and fermentation conditions need to be determined such that, 
after the production of cellulases during the aerobic growth stage, the organism has sufficient 
enzyme activities for glycolysis and ethanolic fermentation. It may be necessary to alter or 
eliminate oxygen-dependent transcriptional control of the glycolytic pathway30,31 by appro-
priate genetic engineering. Improvement of ethanol tolerance of the organism needs to be 
improved to use it to produce ethanol at economical and commercially feasible concentra-
tions. It is hoped that the mechanism of ethanol tolerance in this ascomycete is similar to that 
found in efficient ascomycete, S. cerevisiae,32–34 and therefore approaches similar to those 
used to enhance ethanol tolerance of S. cerevisiae may also be used for T. reesei. It is likely 
that partial cause of low ethanol yields in T. reesei compared to other established ethanolo-
gens such as Z. mobilis and S. cerevisiae is redox imbalance.35 This limitation may be over-
come by appropriate modifications of appropriate metabolic steps.36,37
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Introduction—Yeasts as the Catalyst for Biomass Consumption  
and Biofuel Production

Yeasts naturally possess many metabolic and physiological traits that make them advanta-
geous organisms of choice for economical production of biofuels from biomass. These 
unicellular fungi are often found on live and decomposing plants, thus many species have 
already solved key challenges inherent in metabolizing lignocellulosic biomass. Additionally, 
many yeast species naturally produce metabolic byproducts that can be used as potential 
biofuels, such as alcohols or lipids.1,2 Furthermore, yeasts possess several attractive industrial 
characteristics such as nearly ambient optimal growth temperatures, a dearth of lethal viruses 
like phage, facile separation due to large size and ability to flocculate, and tolerance to low 
pH values.3 As eukaryotes, yeasts are complex—their cellular functions are compartmental-
ized into organelles4—and are more robust than prokaryotes like Escherichia coli due to their 
ability to mate and create more stable diploids.5 As unicellular organisms, they are simpler 
than most higher eukaryotes, grow relatively quickly, and are easier to manipulate geneti-
cally.6 This collection of qualities makes fungi and yeasts some of the most attractive living 
catalysts for the conversion of biomass to biofuels.

However, the immediate use of these organisms is limited without engineering. Production of 
energy-poor biofuels, low titers, and a mismatch between the natural timescale of digestion 
and desired biotechnological batch time are some of the factors that reduce the economics of 
the process. For example, with current technology, the yeast Saccharomyces cerevisiae is 
perhaps the most attractive and amenable host organism among the fungi clade. S. cerevisiae 
readily ferments glucose to carbon dioxide and ethanol. As such, S. cerevisiae is the catalyst 
for industrial production of such commodities as bread, wine, and beer. This fermentative 
ability also makes S. cerevisiae an attractive host for corn, sugar cane, and sugar beet ethanol 
production, because these feedstocks are primarily glucose. While glucose is also the primary 
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constituent of lignocellulosic hydrolysates, many pentoses, other hexoses, and complex 
organic molecules are present in significant fractions. S. cerevisiae does not natively consume 
the pentose fraction due to the lack of robust pentose sugar metabolism,7,8 and many of the 
complex organics are toxic. Furthermore, ethanol, the major byproduct of fermentation in 
 S. cerevisiae, is not ideal for a transportation fuel.9 Ethanol is not energy dense, it evaporates 
easily, and is hygroscopic—it readily absorbs water. Advanced biofuels, superior to ethanol, 
are not natively produced by S. cerevisiae. Other organisms in the fungi clade have been 
explored for use instead of S. cerevisiae; yet, to date, all have certain suboptimal qualities. 
For example, the yeast Scheffersomyces stipitis can efficiently convert pentoses, but does not 
produce much ethanol. The lack of a fungal host with the ideal combination of desirable 
characteristics limits the profitable industrial production of biofuels from lignocellulosic 
biomass.

Metabolic engineering has the potential to deliver an ideal strain. By rewiring the reactions 
that occur in a cell, the optimal living catalyst can be constructed. Beneficial characteristics 
from multiple organisms can be combined into a single host, overcoming the limitations of 
any individual yeast. As a result of years of research, it is possible to engineer S. cerevisiae 
more extensively than other organisms, making it an attractive host in which to import 
beneficial properties.6 In this regard, many advances have already been made. S. cerevisiae 
has been engineered to consume xylose and arabinose and to be more tolerant to toxins 
present in lignocellulosic hydrolysates. Additionally, it should be noted that significant strides 
are enabling the engineering of many other yeasts that may prove to be useful hosts. By 
building on these advances, metabolic engineering has the potential to deliver a yeast strain 
that produces high-value biofuels from biomass in a profitable industrial fermentation 
process.

To summarize, S. cerevisiae seems a highly attractive host for economical lignocellulosic 
biomass conversion to fuels, but it must be altered and adapted from its wild type state. As a 
model organism for studying biology and metabolic engineering, many powerful biological 
tools already exist for altering and adapting S. cerevisiae. To date, metabolic engineering has 
improved S. cerevisiae by importing necessary traits for lignocellulosic biofuel production. 
However, the state of the art still remains suboptimal, preventing economical biofuel produc-
tion from lignocellulosic biomass.

Therefore, this chapter will start by discussing the potential of metabolic engineering and then 
outline the major remaining challenges in fungi for going beyond glucose and beyond ethanol 
in a quest for an engineered organism that produces next generation biofuels from lignocellu-
losic biomass. The main focus of this chapter will be metabolic engineering of S. cerevisiae, 
because it currently seems to be the most attractive host for biofuel production with the 
longest industrial track record. Yet, as mentioned previously, other yeasts possess unique 
features and also serve as possible hosts for future biofuel production, and we will discuss 
those briefly.
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Metabolic Engineering—An Overview

Metabolic engineering confers necessary traits to an organism by reconstructing metabolism. 
The success of metabolic engineering is dependent on how we study, design, and optimize 
metabolism in an organism. Advances in microbiology and biotechnology have built a strong 
foundation for understanding cellular processes and metabolism. Application of design and 
optimization principles, long the core of engineering disciplines, has helped provide a frame-
work for developing tools to understand and alter metabolism.10

The basic premise of biological function, and thus biological engineering, is the central 
dogma of biology (Figure 1). The central dogma of biology states that DNA is the source of 
the biological information necessary to make proteins and more DNA. The DNA sequences 
that encode for proteins are referred to as genes. Proteins are made by the processes of 
transcription into RNA, followed by translation into the encoded protein (Figure 1). In 
transcription, regulatory sequences in a region of DNA called a promoter interact with 

Figure 1
The central dogma of biology. Simplified diagram of gene expression in yeast. Transcription: 

transcription factors, a promoter, and RNA polymerase all interact to initiate synthesis of mRNA. 
Translation: The mRNA is read by the ribosome, which produces a polypeptide chain of amino 

acids. These amino acids then fold into the finished protein.
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regulatory proteins, called transcription factors, to recruit RNA polymerase to produce 
messenger RNA (mRNA). In translation, mRNA is read by another set of interacting proteins 
and RNA, called the ribosome, which creates the encoded protein. Collectively, these pro-
cesses give rise to cellular function and metabolism. Individually, each of these steps is a 
point of intervention to improve cellular traits, discussed further in the section on gene 
expression engineering.

Metabolism is, at its core, the series of reactions by which an organism extracts chemical 
energy from molecules (catabolism) to construct molecules necessary for its survival and 
growth (anabolism). Catabolism and anabolism are organized into pathways and cycles, 
which consist of specific enzymes catalyzing individual reaction steps. For central pathways, 
like the TCA cycle, the enzymes that catalyze the component reactions are always present—
they are constitutively expressed. For other pathways, like galactose catabolism or antibiotic 
production, cells only express the genes in response to certain environmental or cellular 
conditions. These genes are inducible, in that a set of conditions will cause or cease their 
expression. The ability of the cell to alter the composition of expressed metabolic enzymes 
gives rise to a variety of possible metabolic states. Taken as a whole, the hundreds of possible 
interacting pathways in a cell form a complex and regulated network system.

Fundamental understanding of individual proteins, the reactions that enzymes catalyze, and 
the regulatory network controlling gene expression are critical for metabolic engineering. In 
light of this fundamental knowledge, a multitude of tools can be used to alter and optimize 
metabolism. A short synopsis is included in the following sections. It is important to note that 
the continued development of fundamental knowledge enables the construction of ever more 
sophisticated and effective tools for metabolic engineering. Although the type of tools used 
may change, the underlying goal of optimization remains, and will remain, the same.

Enzyme and Pathway Engineering

Enzymes are the fundamental unit of metabolism. Several enzymes often work in sequence to 
form a pathway. Therefore, enzyme and pathway engineering are major components of meta-
bolic engineering. The simplest approach to pathway engineering is to add or remove and 
enzyme or enzymes. For example, additional enzymes must be expressed in S. cerevisiae to 
enable the organism to consume lignocellulosic derivatives like xylose. In other cases, an organ-
ism may have unwanted or unnecessary pathways, in which case removal of enzymes would be 
advantageous. In this regard, tools for adding and removing pathways have been developed to 
enable metabolic rewiring. As the central dogma dictates, one must be able to alter DNA to add 
or remove an enzyme or an entire pathway to an organism. We discuss some of these tools here.

To add genes, extrachromosomal DNA in the form of plasmid vectors, cosmids, or yeast 
artificial chromosomes (YACs) can be transformed into the nucleus of the yeast. In the 
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nucleus, these DNA constructs express genes and replicate independently of the host genome. 
Vectors are circular loops of DNA that have been designed for foreign, or heterologous, gene 
expression in a host organism.11 Vectors were some of the first tools to be developed in the 
biotechnological revolution.12,13 As a result, there are many such vectors available for use in 
S. cerevisiae,14,15 making S. cerevisiae an amenable host for addition of genes. Cosmids and 
YACs are constructs that enable large sections of DNA to be expressed in yeast. However, 
these constructs, especially those expressing nonessential genes, must be selected for at all 
times to ensure propagation as a culture grows. This can be done using antibiotics or restora-
tion of auxotrophy, but these selections limit application in industrial contexts because of the 
additional costs in the form of expensive additives or formulations.

Genomic integration does not require continuous selection and is therefore more stable than 
extrachromosomal DNA addition techniques. Therefore, genomic integration is preferable in 
industrial contexts, especially for final strains. In S. cerevisiae, integration takes place via 
homologous recombination, in which flanking sequences identical to a location in the genome 
are placed around the gene expression cassette to be integrated.16 When this cassette contains 
a selectable marker, S. cerevisiae will readily integrate the foreign DNA construct into its 
genome at the location of the homology. Recently, homologous recombination has been used 
not only to express an individual gene, but also to assemble complete metabolic pathways.17,18

Pathway construction may be relatively straightforward, if the enzymes that catalyze the desired 
reaction are known. However, if the desired enzyme is unknown, assembling the pathway is a 
challenge. In this case, inverse metabolic engineering can be used to search for the best candi-
date enzymes performing the specific function in the target pathway.19,20 In this approach, a 
library of potential genes is expressed in a host organism with an incomplete metabolic path-
way. Strains that possess a functioning metabolic pathway conferred by a gene from the library 
are then selected, and the gene that is responsible for the required function is identified. This 
approach can also be used to improve existing pathways by providing additional genes that 
resolve imbalances in metabolic flux or co-factors.21 Pathway construction may also be difficult 
when multiple homologs of an enzyme are present in many different organisms. Combinatorial 
methods must be used to sample this diversity and choose the best enzyme.

Beyond gene addition, restructuring metabolism through pathway engineering sometimes 
requires the deletion of genes or pathways. Gene deletions operate on the same principle as 
genomic integration, but will not include an additional gene in the knockout construct. In 
some cases, gene knockouts can be intuitive, such as a branched pathway in which a reactant 
can be converted by different enzymes into either a desired or undesired product. The enzyme 
that catalyzes the branching reaction can be knocked out, thereby eliminating the undesired 
product and likely increasing the titer of the desired product. However, because of the com-
plexity of the metabolic network, not all gene knockouts may be intuitive. In addition, some 
genes are essential for cell survival and should at least be minimally expressed instead of 
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being deleted. Therefore, tools to measure and model metabolic fluxes have been devised to 
help identify gene knockout targets.22 Each of these tools provides a method for altering the 
composition of pathways within cells.

Gene Expression Engineering

Even if the organism possesses all of the necessary pathways, the rate at which these reac-
tions occur and the balance within the overall network may not be optimal for maximizing 
production of a desired molecule. In this case, metabolic engineering tools are needed that 
will change the rate at which a reaction occurs. This can be done in several ways. One may 
change an enzyme itself so that it is more efficient, or one may change the amount of the 
enzyme present, which affects overall rate of conversion.

Changing an enzyme itself requires changing the gene sequence. A gene sequence may be 
altered for a variety of reasons. In some cases, the enzyme that is encoded by the gene does 
not have the desired stability, reaction rate, or function. Protein engineering has provided a 
variety of tools to improve these characteristics. Directed evolution, a method of mutating a 
gene sequence and then selecting for improved mutants, has proved one of the most powerful 
tools in this regard.23–26 There are a variety of methods of mutation. A gene sequence can be 
randomly mutated at any point,27–29 switched by targeted mutagenesis based on understand-
ing of essential amino acids,30,31 altered by using a variety of techniques to limit library 
size,32–34 or manipulated by using gene shuffling that recombines gene fragments into 
hybrids.35–43 Often, these gene fragments are derived from homologs or similar genes from 
different organisms that have undergone moderate to extensive evolutionary change. Whether 
the method of mutation is random or rational, a screen must be applied to select for improved 
enzymes.44 This is often the most difficult part of improving an enzyme, for a screen may not 
select for exactly the characteristics that are desired. However, with an effective screen, large 
improvements in protein structure and function can be achieved to offer more functionally 
efficient enzymes.

Aside from optimizing the enzyme itself, one may optimize the amount of enzyme present. 
This can be done by tuning the processes of gene expression, transcription, and translation. 
Perhaps the most robust tool for modulating transcription is promoter engineering.45–49 A 
promoter is a sequence of DNA that attracts proteins for the initiation of transcription. By 
changing promoters and transcription factor binding sites within promoters, one can change 
how much mRNA, and therefore how much protein, is made. Tuning gene expression in this 
manner can overexpress proteins that catalyze desired reactions and decrease expression of 
genes that encode undesirable but essential reactions.

In terms of tuning translation, the best developed tool is codon optimization.50–54 A gene 
sequence is altered to improve enzyme expression. While most organisms use the same 
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genetic code for amino acids, which are building blocks of an enzyme, the redundant nature 
of the code makes certain codons more frequent than others, and this frequency can change 
from organism to organism. Optimizing this frequency for a specific host organism can ensure 
faster translation, and therefore better enzyme expression. Codon optimization is especially 
necessary if the organism from which the gene is derived and the host organism use different 
genetic codes. However, the codon optimization algorithms in use today are not entirely 
accurate, because they are based on broad averages of codon usage across the genome. It may 
be that these algorithms are refined to ensure consistent, predictable levels of gene expression 
in the future.

Engineering the Metabolic Network—Classical Strain Engineering  
and Systems Biology

Outside of pathway engineering, there are several metabolic engineering tools that take a 
broad view of metabolic networks. These tools are important for developing characteristics 
for which the genes are unknown or are the result of complex interactions among many genes.

One of the most effective tools for engineering multiple or complex trait is evolutionary 
engineering. Specifically, organisms are adapted toward a desired phenotype either through 
natural drift or forced mutagenesis. Evolutionary engineering is perhaps the most ancient 
metabolic engineering tool; it has been used in agriculture for eons, with farmers choosing the 
best animals and crops for breeding. In much the same way, the first industrial evolutionary 
engineering success was penicillin production from Penicillium chrysogenum. Over time, 
strains of P. chrysogenum that produced higher amounts of penicillin were selected, until yield 
was increased several orders of magnitude. In fact, S. cerevisiae is itself a product of long-term 
evolutionary engineering due to selection over time in ethanol fermentations of brewing and 
winemaking. This evolutionary process made S. cerevisiae the most attractive host for ethanol 
fermentation at industrial scale. This age-old selection method can be applied in almost any 
context. In fact, evolutionary engineering has been used to improve growth of S. cerevisiae on 
pentoses, as well as to build tolerance to toxins in lignocellulosic biomass derivatives.55–60

Another tool centered on normal biological processes is mating. As eukaryotes, yeasts are 
capable of sexual reproduction. This can be used for trait selection and combination among 
parental strains of yeast. In this regard, hybrid yeast can be more robust and can evolve more 
rapidly due to sexual exchange of genetic information.5 This property of mating in yeasts is a 
chief advantage over simpler organisms such as bacteria in industrial contexts.

In addition to the above classical approaches, advances in basic science and computing have 
led to more rational and targeted tools to restructure the regulatory network. One of these 
advances is the development of the field of systems biology. Systems biology is a discipline 
that is intent on elucidating the regulatory network of many organisms and is capable of 
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constructing large-scale interactome maps to discover key gene regulators.22,61–64 By modify-
ing these gene regulators, all the genes that the regulator affects are modified. To do this, one 
may use a technique such as global transcription machinery engineering (gTME). This tool can 
change the expression of multiple genes in an organism by mutating individual transcription 
factors, causing improvements in such complex phenotypes as tolerance to toxins.65,66 Further-
more, the field of synthetic biology is endeavoring to construct ever more complicated biologi-
cal circuits that could prove useful for designing de novo metabolic pathways and regulatory 
structures.67–75 The increasing number of complex phenotypes made available by these modern 
techniques could greatly aid efficient biofuel production from lignocellulosic biomass.76

Computational Tools—Predictive Models for Metabolic Engineering

Beyond experimental tools, computational modeling and information databases can inform 
and design metabolic engineering solutions. Systems biology and metabolic network model-
ing, mentioned previously, rely heavily on large-scale data collection and computation. Maps 
of gene regulatory and signaling networks enable design of advanced gene control circuits. 
Models of metabolism enable determination of desired gene additions and gene knockouts by 
giving a complete picture of the metabolic network. However, large datasets are not confined 
to these two fields. Databases such as the KEGG (Kyoto Encyclopedia of Genes and 
Genomes) database catalog all of the known metabolic reactions to occur in nature. Simple 
cataloguing of genome sequences enables facile discovery of homologs via BLAST (Basic 
Local Alignment Search Tool).77 Analysis of such homologs can be performed by engines such 
as Clustal, a multiple sequence alignment.78,79 Furthermore, predictive models can prove to be 
a powerful tool from thermodynamically modeling mRNA stability, to creating a cell in silico. 
All of these tools aid in the design of experimental approaches for metabolic engineering.

In summary, metabolic engineering, with the above tools, has the potential to design and 
optimize yeasts such as S. cerevisiae for the purpose of constructing the ideal lignocellulosic 
biofuel producing organism.

Beyond Glucose

As mentioned previously, S. cerevisiae fermentation is currently the industry standard for corn, 
sugar cane, and sugar beet to ethanol processes. Very little design of metabolism is necessary, 
since S. cerevisiae is already well adapted to high glucose feedstock and high titer ethanol 
production. With high yields (>90%) and titers (up to 160 g/L) in ethanol production on starch 
and simple sugars, industrial bioethanol production is more than 15 billion gallons per year.80 
However, S. cerevisiae remains suboptimal for lignocellulosic biomass fermentation.

While glucose is the most common sugar in lignocellulosic biomass (32–50%), large quanti-
ties of other hexose sugars such as galactose and mannose (2–14%) and pentose sugars such 
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as xylose and l-arabinose (11–25%) exist in varying fractions depending on the sources of 
lignocellulosic biomass.1,7,81,82 Additionally, lignocellulosic biomass derivatives contain  
other molecules besides monomeric sugars generated from prior processes of pretreatment 
and hydrolysis for fermentation. Phenolic lignin derivatives are present in large fractions  
(10–20%), partial depolymerization during hydrolysis produces small carbohydrate polymers 
such as cellobiose, and harsh reaction conditions can degrade sugars to furfurals. Traditional 
metabolic engineering has relied on the conversion of readily consumed carbon sources. 
However, the composition of lignocellulosic biomass demands the development of pathways 
to consume non-native, or exogenous, carbon sources in S. cerevisiae.

Naturally, organisms are well adapted to take up and metabolize a wide variety of carbon 
sources, but few are adapted to consuming the above combinations of carbohydrates all at 
once. The simplest explanation is that these combinations of degradation products do not exist 
in nature at high titers, therefore no natural selection could bring about this characteristic. In 
addition, many organisms in nature are specialists that have evolved and adapted to a particu-
lar niche environment. Therefore, the challenge for metabolic engineers is to implement 
broad-sugar specificity and metabolic capability into a host organism and optimize the 
organism for the unique environment of an industrial process in a bioreactor.

As the first step, building and optimizing pentose metabolic pathways into S. cerevisiae has 
been the focus. Pentose sugars such as xylose and arabinose constitute significant portion of 
lignocellulosic biomass; especially xylose is the second most abundant sugar in lignocellulosic 
biomass constituting up to 22% of dry mass.82 For the last few decades, two types of pentose 
pathways have been constructed in yeast, the oxidoreductase pathway and the isomerase 
pathway (Figure 2). Both xylose and arabinose can be metabolized through each of these 
pathways, although arabinose assimilation involves additional steps in both cases.83 All four 
possible pathway variants have been previously constructed,83–86 and all feed into native  
S. cerevisiae metabolism via d-xylulose or d-xylulose-5-phosphate. Once converted to xylulose-
5-P, these sugars are further metabolized through the native pentose phosphate pathway (PPP).

The pentose oxidoreductase pathways are conserved between certain species of native fungi, 
and use common enzymes and redox cofactors to catalyze substrate conversion. The xylose 
oxidoreductase pathway was the first heterologous pentose pathway constructed in baker’s 
yeast.84 In this pathway, xylose is reduced to xylitol by an aldose reductase (AR), then xylitol is 
oxidized to xylulose by xylitol dehydrogenase (XDH). The AR most commonly used is encoded 
by S. stipitis (formerly Pichia stipitis) XYL1 (xylose reductase, XR), which prefers the cofactor 
NADPH over NADH. The XDH is encoded by S. stipitis XYL2, which is NAD+ dependent.87

The l-arabinose oxidoreductase pathway was also the first variant constructed in baker’s 
yeast for arabinose conversion.88 The two enzymes from the xylose oxidoreductase pathway 
AR and XDH serve as catalysts of the first and last reactions, respectively. The remaining two 
steps have recently been constructed using two genes from the fungus Trichoderma reesei 
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(scientific name of Hypocrea jecorina). The first gene, LAD1, encodes arabinitol 4-dehydro-
genase (ADH), which reduces arabitol to l-xylulose using NADPH as a co-factor.89 The 
second is an l-xylulose reductase (XR) encoded by LXR1, which reduces l-xylulose to 
d-xylulose using NAD+ as a cofactor.88 The d-xylulose from both the xylose and arabinose 
variants is then used by native metabolic steps, culminating in the production of biomass, 
carbon dioxide, and ethanol.

The main challenges in xylose and arabinose oxidoreductase pathways are cofactor imbal-
ances limiting theoretical and actual pentose conversion by yeast.90,91 Recent studies have 
revealed AR and XDH genes from other organisms, such as Rhodototurula mucilaginosa, 
may have more favorable co-factor usage, relieving co-factor imbalance.92 Additional homo-
logs have also been reported.93–98 The pathways constructed from these homologous genes 
showed the potential to function better than the pathway constructed from S. stipitis AR and 

Figure 2
Pentose metabolism in Saccharomyces cerevisiae. Diagram depicting the initial assimilation of pentoses 
in S. cerevisiae. First, xylose and arabinose leak in through hexose transporters at the cell membrane. 
Then a heterologous pathway (the oxidoreductase pathways are shown here) convert the pentoses 
to xylulose. Xylulose is then converted by the pentose phosphate pathway to make all of the neces-
sary compounds for growth, maintenance, and, potentially, biofuel production. Abbreviations: AR, 
aldose reductase; LAD, L-arabinitol dehydrogenase; LXR, l-xylulose reductase; XDH, xylitol dehydro-

genase; XKS, xylulokinase; TKL, transketolase; TAL, transaldolase.
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XDH. Additionally, discovery of more efficient LAD and LXR homologs may enable faster 
rates of l-arabinose consumption. Significant work has gone into discovering more LAD and 
LXR99–105; however, this pathway remains slow and inefficient. Furthermore, there has been 
some disagreement over whether some proteins are in fact LXR.106 This inability to replicate 
the arabinose growth rate of native organisms by constructing the arabinose oxidoreductase 
pathway could indicate that the enzymes are not functioning well in S. cerevisiae or that the 
pathway has not been fully elucidated. Thus, more work is required.

Alternatively, isomerase pathways may be constructed to facilitate the consumption of xylose 
and arabinose. In contrast to the pentose oxidoreductase pathway, the isomerase pathway 
variants require no co-factors. The pathway is native to bacterial species and to rare yeasts. 
The heterologous xylose isomerase pathway minimally consists of one enzyme, xylose 
isomerase (XI), which directly converts xylose to xylulose. Because most XIs are native to 
bacteria, difficulties for heterologous expression in yeast exist,107 yet work has demonstrated 
functional bacterial XI pathways85,108 and yielded functional heterologous XIs isolated from 
rare fungi.109,110 Recently, pathway function and ethanol yields were shown to be improved via 
the directed evolution of xylose isomerase.111 This represents a step forward in xylose pathway 
engineering, especially for the more attractive isomerase-based pathway. Furthermore, as with 
the oxidoreductase pathway, the complementation of a xylulokinase can further improve yields 
and assimilation rates. This pathway has improved ethanol conversion yields over the oxidore-
ductase pathway; however, strains show lower growth and sugar uptake rates, as discussed 
later. Nevertheless, this pathway is attractive because of its lack of cofactor imbalance.

Whereas the xylose isomerase pathway involves one step catalyzed by xylose isomerase, the 
arabinose isomerase pathway consists of three steps requiring three enzymes of arabinose 
isomerase, ribulosekinase, and ribulose-5-P-4-epimerase encoded by araA, araB, and araD, 
respectively. Two variations of this pathway have been constructed in yeast using distinct sets 
of heterologous genes from Bacillus subtilis (araA) and Escherichia coli (araB and araD)86 
and from Lactobacillus plantarum (araA, araB, and araD).112 However, unlike the other 
pathways described above, evolutionary engineering was needed in both cases to isolate a 
yeast strain with an active arabinose isomerase pathway. Thus, only after mutations is a 
functional arabinose isomerase pathway in yeast possible. As a result, more work is necessary 
to describe a fully stand-alone arabinose catabolic pathway.

Whereas the enzymes discussed above alone are sufficient to enable xylose or arabinose 
metabolism in yeast, pentose assimilation remains suboptimal. This has led researchers to 
investigate downstream enzymatic steps in the PPP. The xylulokinase gene from S. stipitis 
(XYL3) is often complemented to further reduce xylitol production.113–118 Transaldolase 
(TAL) and transketolase (TKL) alterations have also been shown to improve pathway func-
tion.21,119,120 Another step to improve pentose assimilation is to optimize a step not typically 
included in metabolic pathways, transport across the cellular membrane. S. cerevisiae pos-
sesses many monosaccharide transporters, but these are almost exclusively hexose 
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transporters.121–125 Due to the broad substrate specificity of many of these transporters, xylose 
and arabinose leak in through several hexose transporters.126 This is not optimal because these 
transporters are not adapted to efficiently uptake pentoses, and glucose can competitively 
inhibit pentose uptake limiting pentose assimilation. Heterologous expression of sugar 
transporters has produced some encouraging results.127–136 However, the most potential likely 
lies in the directed evolution of transporters for pentose efficiency and specificity,29 and there 
is still much improvement to be made for pentose uptake to rival that of glucose uptake.

Additionally, constituents such as lignins and furfurals have gone largely unaddressed in 
metabolic engineering of yeasts, but they represent a potential source of carbon. These 
constituents can be toxic to S. cerevisiae under industrially relevant conditions,137 so most 
research in this area has consisted of engineering tolerance to these compounds. However, if 
these compounds could be metabolized by yeast, an additional source of carbon could be 
made accessible.

If the metabolism of pentose sugars and perhaps other compounds could be increased, then 
faster rates of production could be achieved. As it stands, growth rates of S. cerevisiae on 
glucose are roughly twice as fast as growth rates on xylose, and growth rates on arabinose are 
much slower.76 However, growth rates of wild type yeasts such as S. stipitis on these pentoses 
are much faster than growth rates achieved by metabolic engineering of S. cerevisiae. Even 
so, there are reports of engineered S. cerevisiae that can grow on glucose and the two major 
pentoses.57,138,139 With further improvements, simultaneous and rapid consumption of all 
constituent sugars may yet be achieved.

Suboptimal growth rates on pentoses for recombinant strains of S. cerevisiae is a clear 
indicator that additional metabolic engineering of the pathways and the larger metabolic 
network is necessary to achieve the optimal pathway. Incorporation of these new carbon 
sources causes perturbations in the metabolic network of S. cerevisiae. This is especially 
true for the pentoses, because catabolism creates a large flux of carbon through the PPP, 
which has not been adapted for that purpose. Allowing this network to evolve and adjust 
to the perturbations is necessary. Modeling of the metabolic network for S. cerevisiae 
strains that have been engineered to consume pentoses has recently been done.58,140–142 If 
more work is done in this area, a greater understanding of the state of the metabolic 
network could be uncovered. This work may reveal other pathways or regulatory net-
works that may speed the rate of pentose assimilation. Alternatively, serial subculturing 
in mixed sugar media could select for improved mutants without a priori knowledge of 
what changes need to take place in the metabolic network. This technique, termed evolu-
tionary engineering, is an effective way to improve recombinant strains. However, analy-
sis of the changes that took place in evolutionary engineering experiments is not often 
discussed. Uncovering what is being altered could offer clues for even more powerful 
rational strain engineering methods.
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Current metabolic engineering approaches have not yet achieved industrially relevant con-
sumption rates of non-glucose carbon sources, especially pentoses. The continued study of 
pentose metabolism in other organisms, as well as the continued application of directed 
evolution and evolutionary engineering, is necessary to fully develop a hexose and pentose 
consuming strain of S. cerevisiae. While traditional metabolic engineering has successfully 
constructed pentose utilization pathways, steps remain to be taken to optimize them. While 
many of the tools available to metabolic engineering have been used in this context; an 
optimal solution has not been discovered despite decades of work on yeast pentose metabo-
lism. In summary, the major remaining challenge for the metabolic engineering of yeast to 
consume lignocellulosic derivatives is improving the uptake and assimilation of the non- 
glucose carbon sources.

Beyond Bioethanol

Bioethanol is currently the most common but not the most attractive biofuel, as briefly 
mentioned previously. The low energy content, which is 70% of the energy content of gaso-
line, is a major drawback of bioethanol. The hygroscopicity, which is the tendency to attract 
water molecules, also causes problems with storage and transportation of bioethanol with 
widely distributed conventional infrastructure. In addition, the high miscibility and formation 
of an azeotrope with water makes bioethanol difficult to separate in distillation processes. As 
a result, there has been increasing interest in producing advanced biofuels that are more 
similar to petroleum-derived compounds with high energy content and drop-in capability for 
current infrastructures.

Despite the advantages of using advanced biofuels, production in microorganisms has been 
difficult. Unlike bioethanol, a native byproduct of fermentation for some yeasts including  
S. cerevisiae, most advanced biofuels are not naturally produced in microorganisms, espe-
cially at the industrial scale. This is not surprising considering the formation of petroleum 
over eons, under high temperature and high pressure. In addition, microorganisms have not 
been forced by natural selection to produce large amounts of petroleum-like products in 
nature, so the possession of a complete metabolic pathway for advanced biofuels is rare or 
does not exist. Though some organisms possess a native pathway for certain advanced 
biofuels such as short-chain alcohols, these natural biofuels still have less attractive features 
as transportation fuels than other advanced biofuels that are not produced natively in microor-
ganisms. Therefore, metabolic engineering for advanced biofuel production commonly 
requires novel pathway construction.

To construct a novel pathway for advanced biofuel production, metabolic engineers often use 
bioethanol production pathways as benchmarks. Through metabolic engineering, advanced 
biofuel production is possible in S. cerevisiae (Figure 3). The inherent ability of ethanol 
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production and high tolerance to alcohol makes S. cerevisiae a suitable host for alcohol-based 
biofuels. Butanol production in S. cerevisiae has been demonstrated by rerouting acetyl-coA 
flux away from ethanol and toward butanol. Butanol is a short-chain alcohol with higher 
energy content and lower hygroscopicity than ethanol. By expressing genes from butanol 
producing Clostridium bacteria, S. cerevisiae was able to produce 2.5 mg/L of butanol.143 
Later, rerouting the valine pathway for butanol production improved titers to 143 mg/L,144 
and re-locating valine synthesis enzymes further increased butanol titers in S. cerevisiae to 
630 mg/L.145 While this is one of the leading achievements for advanced biofuels production, 
titer remains a limitation. Therefore, further metabolic engineering is required for pathway 
and metabolic network optimization.

With plentiful precursors, S. cerevisiae seems to be a desirable host for terpenoid (isoprenoid)-
derived biofuels. Isoprenoid-derived biofuels are regarded as potential alternatives to both 
gasoline and diesels due to high octane number and low freezing point. The approaches for 
engineering high isoprenoid production in yeast commonly import metabolic pathways from 
plants, the major producers of isoprenoids. Plant-derived proteins are core parts for construct-
ing metabolic pathways for isoprenoid-derived biofuel production, but are often reported to be 
toxic to when expressed heterologously in bacteria. However, S. cerevisiae is able to withstand 
the expression of these enzymes and thus is a potent host for isoprenoid biosynthesis. For 
example, amorphadiene, one of the precursors of a higher chain isoprenoid biofuel, was 

Figure 3
Advanced biofuel production in engineered S. cerevisiae. Pentose sugar utilization (blue (gray in print 

versions)), butanol, and terpenoid production (yellow (light gray in print versions)) have been 
demonstrated, but require further improvement for industrial scale applications. Fatty acids 

production (red (dark gray in print versions)) has not been successfully demonstrated in S. cerevisiae.
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produced through engineered mevalonate pathway in S. cerevisiae at the high titer of 
40 g/L.146 Bisabolene, another isoprenoid biofuel precursor, recently has been produced in 
yeast with a titer of 5.2 g/L.147 Bisabolene can be converted to bisabolane, a high-performance 
advanced drop-in biofuel, via a simple additional hydrogenation and reduction step.

Despite the possibility of producing these molecules, most alternative biofuels in yeast are 
produced at inferior yields, titers, and rates when compared with bioethanol production. At 
present, these values are not high enough to meet the demand for liquid fuels in the transpor-
tation sector or even to be comparable to those from metabolically engineered E. coli. For 
example, an engineered E. coli strain expressing heterologous genes from Clostridium 
acetobutylicum, the most well-known butanol producing bacteria, produced 30 g/L of buta-
nol.148 The butanol titer of engineered E. coli is 200-fold higher than that of engineered  
S. cerevisiae (0.143 g/L).144 However, the robustness of yeast makes them promising hosts for 
advanced biofuels, especially when we consider using lignocellulosic biomass as feedstocks. 
Yeast strains are commonly more tolerant to products and inhibitors from lignocellulosic 
biomass hydrolysates.80 Therefore, once the yields, titers, and production rates are improved, 
advanced biofuel production will be more feasible, with yeasts as a producing host. Here, 
metabolic engineering could play a role to make yeasts more promising host in producing 
advanced biofuels.

Next-generation biofuel production is necessary to overcome the challenges associated with 
ethanol production. With continued rewiring of carbon metabolism to produce energy-dense, 
drop-in biofuels, this remaining challenge may be overcome. Products such as isobutanol and 
terpenoids have great promise for production in S. cerevisiae. However, the optimal solution 
may not be reached with current capabilities of pathway assembly and common microbial hosts.

Beyond Current Capability

The final goal of metabolic engineering is to develop strains with the necessary traits for 
economical biofuel production from lignocellulosic biomass. In this endeavor, the high 
diversity of natural organisms may possess most of the components needed to reach this goal. 
The challenge remains on the efficiency in the process of searching and evaluating these 
components, and finding the optimal configuration, the best pathway. While metabolic 
engineering has proven proficient at assembling functional pathways, there are fewer tech-
nologies available to determine the optimal pathway. Additionally, with increasing efforts in 
engineering other fungal hosts besides S. cerevisiae, it may be necessary to go beyond the 
accepted host for industrial biofuel production. Therefore, the optimal host and pathway 
combination may require new tools to be discovered.

To uncover the optimal enzyme for a pathway step, a large diversity of homologs or a large 
library of mutants must be searched. In terms of homologs, the ever increasing genomic 
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sequence information and search algorithms provide an enormous candidate pool for finding 
the necessary components, and help narrow down promising candidates without extensive 
experimentation. In terms of libraries, the advance of protein engineering, especially directed 
evolution, has produced more powerful techniques for sampling sequence space to find global 
maximums in enzyme function. However, predictive models for protein behavior do not yet 
exist, making screening of large libraries necessary. Furthermore, it may never be possible to 
predict synergistic effects when combining multiple homologs for multiple enzymes in a 
pathway. Systems biology may help to search and evaluate the possible candidates by predict-
ing possible consequences of introducing certain enzymes and required missing 
components.64

Even now, a blend of computational search and experimentation can now be effective. For 
example, a functional survey of sugar transporters based on BLAST search offered efficient 
xylose transporter candidates.149 There is also still use for nonbiased bioprospecting, as it is 
effective in discovering required components to construct the best pathway if a priori predic-
tive capability is not available.150 For example, bioprospecting of the xylose fermenting fungi 
of S. stipitis found genes necessary for improved xylose use.151 However, these tools need to 
be generalized to much larger libraries and entire pathways to be more effective. In the future, 
more sophisticated search algorithms and better computer annotation of predicted enzyme 
function should yield better and better candidate pools for pathway construction. Improved 
modeling and library creation techniques should provide more effective and efficient optimi-
zation strategies. In this way, the optimal enzyme may be discovered.

Even with the use of search tools that sample the available biodiversity, the best pathway may 
not be discovered. The number of possible enzymatic pathways is not limited to those that 
already exist in nature. In this regard, the methods for finding and constructing new synthetic 
pathways are underdeveloped. Synthetic pathways are commonly constructed based on 
existing pathways from other organisms. Following this model, a microorganism that pro-
duces compounds present in petroleum, like alkanes, would need to be found in nature. 
Alternatively, a synthetic metabolic pathway can be constructed that incorporates disparate 
enzymes from several organisms. This has yet to be achieved with any great success. How-
ever, the de novo assembly of a pathway that performs novel organic chemistry reactions is 
within reach and would represent a major step forward for biological manufacture of chemi-
cals. In this regard, finding and assembling the optimal pathways remains a major challenge 
for advanced biofuel synthesis in yeasts and is not possible with current bioprospecting 
approaches.

Contrary to traditional strategies, a metabolic engineering strategy proven to be promising in 
E. coli may not be a good starting point for engineering yeast. As metabolic pathways for 
advanced biofuels commonly benchmark bioethanol production pathways, metabolic engi-
neering of yeasts for advanced biofuel production often use the same strategies that have been 
applied for E. coli. However, metabolic engineering of yeasts may require different strategies 
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from those for E. coli. As eukaryotes, yeasts have a different cellular environment than E. coli, 
and this may require different properties of enzymes to be functionally expressed in 
yeasts.80,152 As mentioned earlier, introducing a butanol production pathway from Clostridium 
sp. has proven to be a good strategy for metabolic engineering of E. coli. However, the same 
approach was found to be unsuccessful in S. cerevisiae, resulting in less than 1 g/L of butanol 
production, which is about 200-fold less than the titer from E. coli.143 In S. cerevisiae, an 
alternative strategy has derived higher butanol production by targeting the gene overexpres-
sions in the valine pathway.152 Another example includes the pathways for fatty acid-based 
biofuel production. Although S. cerevisiae has the advantage of high tolerance to low pH over 
E. coli, most fatty-acid based biofuels are produced in E. coli rather than S. cerevisiae due to 
the lack of an optimal pathway in yeast.153

Rerouting to nonconventional pathways also offers better design strategies for successful 
production of advanced biofuels. Recent reports on higher alcohol production via amino acid 
pathways in engineered E. coli and S. cerevisiae are good examples of rerouting to noncon-
ventional pathway.154,155 In a strain with a conventional metabolic pathway, sugars are 
converted into alcohols through fermentative pathways. When the butanol pathway was 
rerouted from the fermentative pathway to the valine synthesis pathway, S. cerevisiae was 
able to produce more than 70-fold higher butanol.155 In addition to nonconventional path-
ways, harnessing other strategies of nature would confer desired traits to the host strain in a 
more efficient manner and broaden available approaches beyond the conventional metabolic 
engineering tools. Surface display of cellulosomes156 and hemicellulosome157 on S. cerevi-
siae, which was adapted from a multiple enzyme complex in nature, significantly improved 
ethanol production from cellulose and hemicellulose, 1.4 g/L and 8.2 g/L, respectively, that 
could not be achieved by a single enzyme expression.

Whole pathway and whole cell techniques, aided by advanced computing and experimental 
tools, are necessary to go beyond the current stepwise optimization strategy of metabolic 
engineering. More fully sampling natural diversity and library diversity in a way that selects 
for synergistic effects between enzymes is necessary, as well as thinking outside the box of 
potentially limiting traditional pathways. Whole cell redesign of metabolism has the potential 
to blend both the ability to consume lignocellulosic derivatives and produce next generation 
biofuels with the optimal living catalyst. Metabolic engineering tools need to advance before 
this challenge is overcome.

Beyond Saccharomyces cerevisiae

S. cerevisiae is the most well-studied model yeast for biofuel production. However, there are 
many other yeasts that also hold promise. Not surprisingly, there is ongoing research to 
engineer strains of yeast isolated from lignocellulose-degrading ecosystems, or yeasts that 
produce superior precursors to fuels. Some yeasts with attractive bioprocessing traits include 
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(but are not limited to) S. stipitis (formerly Pichia stipitis158) with its pentose sugar fermenta-
tion, Yarrowia lipolytica with its lipid production, and Trichoderma reesei with its cellulosic 
biomass utilization. Of these, the progress in research with filamentous fungi T. reesei has 
been covered in earlier chapters in this book (Chapters 10 and 11). Therefore, this chapter 
will briefly discuss the recent studies with other representative yeast strains.

S. stipitis is a native xylose fermenting yeast. The capability of xylose fermentation in  
S. cerevisiae was originally conferred by introducing the genes involved in xylose metabolic 
pathway of S. stipitis.76 In addition to xylose fermentation, cellulosic ethanol fermentation has 
been reported by native S. stipitis with high titer of 41 g/L.159 Recently, improved ethanol 
production from cellulolytic hydrolysate has been demonstrated via genome shuffling of  
S. stipitis and achieved titers of up to 140 g/L.160 Although the genome sequence of S. stipitis 
has been available since 2007,161 the lack of metabolic engineering tools for S. stipitis has 
slowed progress in this host. Most biofuel production studies have been reported by using 
either native or randomly modified strains of S. stipitis rather than rationally engineered strains.

Y. lipolytica, one of oleaginous yeasts that produce lipids in wild type state, has also been 
demonstrated as a promising microbial host for advanced biofuels, specifically biodiesel 
alternative fuels. Used extensively in industrial applications such as citric acid, protease, and 
lipase production, the whole genome of Y. lipolytica is fully sequenced and metabolic engi-
neering tools for Y. lipolytica are available.2 However, the recent development of hybrid 
promoters162 and a gene overexpression platform163 enable high expression of native and 
heterologous genes in Y. lipolytica, and thus enable metabolic engineering tools that were 
previously unavailable in this host. Y. lipolytica is of interest chiefly for its free fatty acid, 
precursor to biodiesel, accumulation properties. As an example, a recent study reports 
improved lipid production with a lipid content of up to 61.7% of dry cell weight.163 Further-
more, the specific composition of lipid produced in Y. lipolytica can be adjusted for more 
energy-efficient biofuel production. So far, the composition of lipid produced in Y. lipolytica 
has been predominately modified by changing culture conditions rather than by engineering 
metabolic pathways2 such as desaturases. However, lipid extraction issues remain, because the 
lipids accumulate in liposomes, requiring cell lysis to enable extraction. Additionally,  
Y. lipolytica is not suited for consuming many of the sugars present in lignocellulosic biomass. 
Even so, the ability to accumulate long-chain lipids makes this organism an attractive host.

Beyond these two strains, there are a great number of xylose-fermenting yeasts. Significant 
organisms include Neurospora crassa,164 Hansenula polymorpha,165,166 Pachysolen tannophi-
lus,167 Candida arabinofermentans,168 and Pichia guillermondii.168 A recent report describes 
the progress of and interest in the yeast Spathaspora passalidarum as a unique host for fuels 
production.169 This yeast could potentially serve as a host for lignocellulosic ethanol produc-
tion, because it has been recently shown to be tolerant to toxins and can conferment several 
components of lignocellulosic derivatives.170,171
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It is unclear whether these yeasts will be better hosts for advanced biofuels production from 
lignocellulosic biomass over the model organism of S. cerevisiae. The lack of metabolic 
engineering tools for these yeasts prevents replicating approaches taken in S. cerevisiae to 
compensate for its shortcomings. By extending current metabolic engineering tools to these 
organisms, and potentially developing novel tools, more complex rewiring will become 
possible. Eventually, the ability to evaluate optimized strains of many species of yeast will be 
within reach, and the optimal strain for fuel production selected. In the end, it may be that a 
different organism is suited for production of each different biofuel. However, creating new 
synthetic tools for rapid testing in nonconventional organisms remains a challenge in the 
field.

Beyond Current Yield, Titers, and Production Rates

The advances and challenges in metabolic engineering described above all aim at improving 
the capacity to produce advanced biofuels. However, the yields, titers, and production rates of 
biofuel production are far less than desirable for industrial scale production. Additionally, the 
strains that are used for demonstrating improved carbon source utilization are not the strains 
in which advanced biofuel production has been demonstrated. A challenge remains in com-
bining the ideal carbon source utilizing strain with the ideal biofuel producing strain, once 
both are achieved.

As discussed previously, the suboptimal performance of yeasts is a result of the inefficiency in 
biomass utilization, low carbon flux through an introduced heterologous pathway, cofactor 
and energy imbalance in the cell, and intolerance of the cell to the final product and other 
inhibitors. These difficulties are raised in the entire metabolic network of the host cell. To 
overcome these challenges, classical metabolic engineering tools could be applied to elimi-
nate bottlenecks step-by-step, or new tools targeted to the entire network may be adapted. 
These techniques could be as simple as evolutionary engineering, described previously, or as 
complex as gTME. In the following paragraphs, the remaining challenges for engineering the 
different types of inefficiencies in the metabolic network are discussed.

The abilities to use or to produce biofuels are often conferred by new metabolic pathways 
that are commonly based on the expression of foreign enzymes adapted from organisms 
with desired features. However, integrating new metabolic capability into a whole cellular 
network can prove challenging due to the complexity of microbial metabolism. Often, the 
difficulty rests in managing carbon flux through the new pathway that can cause low titers 
and low production rates. The insufficient carbon flux through the new pathway is associ-
ated with the inefficient enzymatic step. The different gene expression machinery and 
metabolic network of a host strain often results in the failure of proper expression or 
folding of foreign proteins, and both can lead to an inefficient enzymatic step and low 
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metabolic flux. For example, numerous efforts had failed to express bacterial xylose 
isomerases in S. cerevisiae over the last few decades due to the misfolding of this enzyme 
in yeast cell system.76

The functional expression of foreign enzymes in yeasts can be achieved by choosing 
promising candidate genes that encode enzymes.149 The success in the functional expres-
sion of enzymes determines the maximum rate and yield. Even with the importance of 
choosing the proper version of the enzyme, however, the alterative choice for the 
different versions of enzyme is hardly investigated to date. For example, researchers have 
only begun looking into the alternative xylose reductases, a key enzyme in the initial 
metabolism of xylose.97 Sampling this diversity of enzyme variants could be complimen-
tary to directed evolution approaches, because directed evolution approaches typically 
only climb to local maxima, and increasing the number of potential starting points could 
increase the chance of finding the global maximum efficiency for that enzymatic step. 
Direct modifications of foreign genes by codon-optimization50 and directed evolution172 
also improve the fitness of the foreign enzymes in a host cell system leading to an effi-
cient enzymatic step and high metabolic flux toward desired product, thus finally improv-
ing titers and production rates. Gene knockouts, gene overexpression, and changes in 
metabolic regulation are often necessary to increase the metabolic flux toward the target 
product. Balancing enzyme expression levels by using optimal promoters and terminators 
is also important.173 All these methods to force the metabolic flux toward products will be 
necessary for implementing efficient heterologous pathways for next generation biofuel 
production.

In addition, redox cofactor and the conservation of free energy (ATP) should be considered to 
better operate heterologous pathway in a whole cell system. The newly added metabolic 
pathway commonly causes imbalanced redox cofactors or ATP conservation in a host cell 
system. This causes compensation mechanisms to divert metabolic flux toward byproduct 
generation. Though xylose fermentation is possible with S. cerevisiae by successfully 
expressing heterologous xylose catabolic pathway from xylose-utilizing organisms of  
S. stipitis, the co-factor imbalance in this pathway limits the yield of ethanol production 
preventing economical xylose fermentation.174 Changing the co-factor affinities, ATP stoichi-
ometry, and precursor supply of a target product pathway will ease the disproportionate redox 
and energy balances. Recently, rerouting an original pathway to an alternative pathway has 
shown to resolve cofactor imbalance supporting successful production of isobutanol produc-
tion in E. coli and S. cerevisiae.155,175

Economical biofuel production requires high titers, but the high concentration of product can be 
toxic to the cells. Although S. cerevisiae is known to be relatively tolerant to alcohols, cell 
growth is inhibited by high concentrations of alcohol, typically around 6% for ethanol176 and 
2% for butanol.177 In addition, the environmental tolerance has more importance when lignocel-
lulosic biomass is used as a substrate for biofuel production due to the high content of inhibitory 
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compounds preventing cell growth and fermentation performance.80 Therefore, improving 
tolerances should be considered in developing engineered strains for biofuel production.

The mechanisms of environmental tolerance are complex reactions involving numerous 
genes. Until recently, therefore, strain improvements have only been done by adaptive evolu-
tion or random mutagenesis. Without detailed a priori knowledge of cellular networks, 
adaptive evolution can be applied to improve tolerances to products in biofuel produc-
tion.60,178 Recent advances in genomics, transcriptomics, and proteomics and their applica-
tions in adaptive evolution studies offer clues that explain the adaptation processes taking 
place during the adaptive evolution.59 However, more powerful tools or strategies to control 
and predict an adaptive evolution process are required for the use of adaptive evolution as a 
standard procedure for strain development, due to the lengthy time over which evolution 
occurs.

Another approach to improve tolerance is to engineer regulatory systems in S. cerevisiae. 
Unlike E. coli, eukaryotic yeast S. cerevisiae has a well-developed regulatory system that 
can be used to empower the overall control of cell systems for higher tolerance to final 
product or toxic intermediates. gTME is a representative approach for modifying regulatory 
systems in S. cerevisiae in this purpose.179 The focus of regulatory control will be on the 
main pathway toward the target products, the transport systems that import and export 
substrates and final product, and feedback inhibition systems caused by final product or toxic 
intermediates.

With all these metabolic engineering strategies, designing and constructing a new pathway for 
successful biofuel production will be feasible and economical. Eventually, optimization of 
catabolism and anabolism in an optimal host will result in drop-in biofuel production from 
lignocellulosic biomass. However, challenges must be overcome to reach this goal. Chal-
lenges in pathway discovery, optimization, titer, tolerance, and integration into the greater 
metabolic network remain.

Conclusion

The yeast S. cerevisiae, along with other yeasts, has the potential to serve as an industrial 
host organism for converting lignocellulosic biomass into biofuels. Through pathway 
construction, optimization, and integration into the larger metabolic network, the metabo-
lism of S. cerevisiae can be rewired to accomplish this goal. However, remaining challenges 
in pentose utilization, tolerance to compounds found in biomass derivatives, production of 
high energy density drop-in fuels, and integrating advances in these areas with advances in 
the others limit economic viability. Continually, the tools of metabolic engineering are 
being applied to each of these challenges. In the coming years, advances in computational 
and biological tools could make the application of metabolic engineering faster, more 
efficient, and more predictable. These advances will also help enable the engineering of 
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nonconventional yeast strains. We have only begun to harness the power of metabolic 
engineering. As tools continue to advance and develop, the biological production of fuels 
from lignocellulosic biomass will become ever more feasible and efficient. In light of the 
eventual depletion of petroleum, let us hope that these remaining challenges do not remain 
for long.
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Introduction

The genus Clostridium comprises Gram-positive, anaerobic, endospore-forming, rod-shaped 
bacteria of both medical and industrial importance. Clostridium tetani, Clostridium perfrin-
gens, Clostridium botulinum, and Clostridium difficile are of medical significance due to their 
pathogenicity to humans and animals,1–4 whereas the importance of Clostridium sporogenes 
and Clostridium novyi resides with their potential use as anticancer drug-delivery vehicles.5,6 
Industrially important strains for the production of biofuels and commodity chemicals are the 
solvent producers Clostridium acetobutylicum, Clostridium beijerinckii, and Clostridium 
pasteurianum,7–10 the CO/CO2/H2 using acetogens Clostridium ljungdahlii and Clostridium 
carboxidovorans,11–13 and the lignocellulose-degrading microorganisms Clostridium thermo-
cellum, Clostridium cellulolyticum, and Clostridium phytofermentans.14–16

The type strain of the genus, C. acetobutylicum, was isolated in the 1910s by Chaim Weizmann,17 
just a few years before the advent of the molecular biological era in the 1930s.18,19 However, 
despite the longstanding economical importance of the type strain since the first half of the 
twentieth century,20 the genus has been relatively little-studied. This is largely a consequence of 
its challenging genetic accessibility.21–25 Barriers to gene transfer are high nuclease activities, 
thick outer layers, and strong restriction-modification (R-M) systems.26–29 Early milestones in the 
field of clostridial molecular biology were the transfer of exogenous genetic material into a 
number of Clostridium strains by either transformation or conjugation30–37 and the development 
of Escherichia coli/Clostridium shuttle vectors.30,32

In 2001, the first clostridial genome, that of the type strain C. acetobutylicum, was published.7 
However, targeted genetic modifications remained challenging,38,39 despite the ever increas-
ing rise of the medical and industrial profile of the genus. C. difficile had emerged as a major 
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worldwide cause of healthcare-associated disease,40,41 whereas C. perfringens had evolved 
into a major problem in the poultry industry as the causative agent of necrotic enteritis.42 
Last, but not least, dwindling fuel resources, high oil prices, and the need to move toward 
renewable and sustainable energy and fuel resources had revived the interest in Clostridium 
strains for the industrial production of biofuels and/or commodity chemicals.25 Vital for the 
development of robust, efficient, and reliable clostridial genetic tools was the introduction of 
next generation sequencing systems in the early/mid 2000s, allowing the sequencing of whole 
genomes in a cost-effective high-throughput manner.43 Since its implementation, it has 
resulted in the release of genome sequences of all major Clostridium species.44

Accompanied by the renewed interest and research efforts in the genus, substantial progress was 
made, leading to the development of gene knock-down methods based on antisense RNA 
(asRNA),45,46 gene disruption methods on the basis of the bacterial mobile group II intron from 
the ltrB gene of Lactococcus lactis,22,24,47,48 and gene knockout procedures based on homologous 
recombination and the use of replicative and non-replicative vectors.27,38,39,49–54 Clostridium 
shuttle plasmids were improved and standardized,55 attempts made to increase homologous 
recombination frequencies through the use of the Bacillus subtilis resolvase gene recU,56–59 
protocols for the transformation of exogenous genetic material revised for both higher efficien-
cies and application in previously genetically recalcitrant Clostridium strains,27,29,60 counter 
(negative) selection methods developed to improve gene deletion efficiencies and to select for 
double-crossover events,38,39,61–64 and inducible gene expression (IGE) systems established to 
regulate gene expression.21,65–68 Progress was also made in the field of forward genetics. In 
addition to the well-known and well-characterized conjugative transposons Tn916 and Tn5397, 
new mutagens, EZ-Tn5 and the mariner-transposable element Himar1, were established to 
ensure a more effective and random mutagenesis.69–72 This chapter will summarize recent 
achievements and give an overview of the new genetic tools developed for the genus Clostridium. 
The main focus will be on the industrially valuable strains. However, new genetic tools were 
developed to be applicable in a broad range of Clostridium species, making it often impossible to 
distinguish between tools for pathogenic and non-pathogenic clostridia.

Transfer of Exogenous Genetic Material

The pivotal first step in the genetic modification of an organism is the physical transfer of the 
exogenous genetic material into the target cell. In Clostridium, the presence of strong R-M 
systems, high nuclease activities, and thick outer layers can present a formidable barrier to 
DNA transfer27 and have to be examined on a case-by-case basis.26,29,60 DNA transfer is most 
often achieved using electroporation or through conjugation.30 One or both procedures have 
been established for all major Clostridium species. However, for some industrially important 
clostridia, such as Clostridium saccharoacetobutylicum, Clostridium saccharobutylacetoni-
cum, Clostridium saccharoperbutylicum, and Clostridium klyveri, the successful application 
of either procedure has yet to be reported.
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In the past, transformation was in some cases performed by PEG-induced DNA uptake into 
protoplasts. It resulted in varying transformation efficiencies of 28 to 104–105 transformants 
per μg DNA.33,73,74

Electroporation

Due to varying transformation efficiencies, often complex and time-consuming protocols for the 
generation of protoplasts and the need for protoplast regeneration in specially formulated, species-
specific regeneration media, protoplast transformation became unpopular, especially with the 
manifestation of electroporation technology.30,31,33,37 Electroporation increases the cell membrane 
permeability to ions and macromolecules by exposing the cells to an external and short high 
electric field pulse.75,76 Once set up for a specific organism, electroporation offers a rapid and easy 
to apply protocol, small-scale operation (DNA concentration and cells), and high efficiencies.77 
Studies on E. coli showed that 80% of the cells received the exogenous DNA.78 However, if not set 
up appropriately, electroporation can cause cell damage and rupture. The transport of material into 
and out of the cell during the pore formation is unspecific and can cause ion imbalance and cell 
death.79,80 The development of a successful and efficient electroporation procedure is reliant on a 
number of factors, including cell growth (medium, growth phase), composition of the electropora-
tion buffer (ion strength, osmolarity), temperature during the procedure, number of washes, pulse 
parameters (time, voltage, field strength, resistance), cell:exogenous DNA ratio, quality and 
characteristics of the exogenous DNA (e.g., origin of replicon, circularity, linearity, size), recovery 
conditions (time, medium, temperature), and quality of the water and cuvette.78,79,81–83

Electroporation procedures have been reported for many of the major Clostridium species, such as  
C. acetobutylicum,84,85 C. beijerinckii86 (formerly C. acetobutylicum), C. pasteurianum,29 Clostridium 
tyrobutyricum,87 C. ljungdahlii,27 C. thermocellum,60 C. cellulolyticum,26 C. botulinum,88,89  
C. perfringens,90,91 and C. sporogenes.92 Transformation efficiencies vary. For C. ljungdahlii, trans-
formation efficiencies of up to 104 transformants per μg DNA were reported,27 for C. thermocellum 
up to 105,60 and for C. acetobutylicum up to 102,55 105,84 and 106.85 High-efficiency transformations 
are desirable for effective suicide (conditional, nonreplicative; Clostridial Vector Systems section) 
vector-based allelic exchange or transposition procedures (Random Mutagenesis By Biological 
Mutagens and Recombination-Based Methods (Allelic Exchange) Sections). Because the suicide 
plasmid is unable to replicate in the transformed cell, but will on transformation (rarely) insert into the 
chromosome by homologous recombination or directly deliver the transposon, mutagenesis rates are 
highly dependent on transformation efficiency.93 Consequently, even established electroporation 
protocols are constantly reviewed for higher efficiencies.

Conjugation

Conjugation, the transfer of genetic material from one bacterial cell (donor) to another 
(recipient) by direct cell-to-cell contact94,95 has been reported for a number of Clostridium 
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species. These include C. beijerinckii35 (formerly C. acetobutylicum), C. cellulolyticum,26 
Clostridium phytofermentas,96 C. sporogenes,97 C. novyi,97 C. difficile,98,99 C. botulinum,100 
and C. perfringens.101 For some of these species, conjugation is either the only documented 
way of plasmid transfer to date (e.g., C. difficile) or the most efficient (e.g., some C. botuli-
num strains). In the past, B. subtilis, Lactococcus lactis (L. lactis subsp. lactis, formerly 
Streptococcus lactis), or Enterococcus faecalis102,103 were used as donor strains. Today, the 
preferred donor is E. coli (for review see references above). However, independent of the 
donor strain used, conjugation requires not only close cell-to-cell contact, but also a cis-acting 
nick side (oriT, origin of transfer) and a number of trans-acting functions (Tra-functions). No 
mating pair formation, DNA processing, and plasmid transfer to the recipient cell will occur 
without these elements.104 In the case of an E. coli donor and a Clostridium recipient, the 
cis-acting oriT of the broad host range IncP family of plasmids (e.g., RP4, RK2) is incorpo-
rated into the E. coli/Clostridium shuttle vector and used to mobilize it.35 The Tra-functions 
are provided by the E. coli donor (Tra+) and are either plasmid-encoded (e.g., IncP type 
helper plasmid R702 in E. coli CA434)35 or integrated into the chromosome (e.g., E. coli 
SM10).105

The advantages of plasmid transfer by conjugation are the simplicity of the method, the 
needlessness of specialized and expensive equipment, the minimal disruption of the cell 
membrane of the target organism, the prevention of extracellular nuclease activities due to the 
close cell-to-cell contact,106 and potentially higher plasmid transfer frequencies.55,88,89 
However, certain Clostridium species/strains are unable to receive DNA via conjugation from 
an E. coli donor. One instance is C. acetobutylicum. For this organism, a successful conjuga-
tional plasmid transfer with E. coli as a donor has never been demonstrated. The reason for 
this is unclear, especially given the fact that the organism accepts DNA via conjugation from 
B. subtilis, L. lactis, and E. faecalis donors.102,103 Conjugation of other clostridia, such as  
C. cellulolyticum, proved to be problematic due to the different growth requirements of the 
donor and recipient strain.26 Furthermore, conjugation can also be affected by the strong R-M 
systems of the recipient strain.99 To account for these barriers, more labor-intensive measures 
are compulsory to equip the E. coli donor with the necessary methylase gene(s) or to develop 
different conjugation procedures (e.g., the use of two donor strains and one recipient).

Restriction-Modification Systems

The successful transfer of exogenous DNA into Clostridium can depend considerably on the 
presence of one or more endogenous R-M systems.26,28,29,107 R-M systems are commonly 
used by bacteria to protect themselves against foreign DNA, most obviously phage DNA, and 
consist typically of a restriction endonuclease (R) and a modification (M) enzyme of identical 
specificity. Generally, the restriction endonuclease cleaves DNA at a specific recognition 
sequence, whereas the modification enzyme, usually a methyltransferase, prevents restriction 
at this site.108 Based on sequence analysis, four types of endonucleases (REases, type I, II, III 
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and IV) are recognized. Type II REases are subdivided (A, B, C, E, E, G, H, M, S, and T) due 
to the characteristics of their recognition sequence.109 With the advent of cost-effective 
high-throughput sequencing procedures and, hence, the availability of an increasing number 
of Clostridium genomes, numerous clostridial R-M systems have been identified in silico. An 
overview of predicated and confirmed R-M systems is given in the database REBASE®110  
(http://rebase.neb.com/rebase/rebase.html). It is noteworthy that all four types of endonucle-
ases (I, II, III, and IV), most prominently type II systems, are described or postulated for 
Clostridium. A good in silico prediction is a powerful tool to achieve DNA transfer into 
Clostridium. The predicted methyltransferase can be cloned and expressed in E. coli and used 
to equip the exogenous genetic material with the right methylation pattern.

Experimentally, appropriate methylation of the vector DNA was shown to be vital for suc-
cessful DNA transfer into C. acetobutylicum ATCC 824,28,107 C. pasteurianum ATCC 6013,29 
C. cellulolyticum ATCC 35319,26 C. ljungdahlii DSM 13528,27 C. botulinum ATCC 25765,88 
and C. difficile CD3 and CD6.99 Interestingly, except for C. ljungdahlii, in which the applied 
in vivo methylation proved to be disadvantageous, identified R-M systems were class II 
systems. In other instances, restriction has not been a problem. Examples include C. beijerinckii 
NCIMB 8052,28 C. perfringens strain 13,111 C. difficile strains CD3799 and CD630,112 and C. 
botulinum ATCC 3502.31 Although endonucleases and/or methyltransferases are annotated in 
the genomes of these strains,110 they, especially the endonucleases, might not be functional or 
lack their R-M system partner (orphan methyltransferases). The potential effect of type I R-M 
systems has not been analyzed yet in detail for Clostridium.

Clostridial Vector Systems

Several Clostridium species have been described to possess native plasmids.99,113–117 This 
section will, however, describe vectors/plasmids that were developed to genetically manipu-
late clostridial species. Their development for forward and reverse genetics was a necessity 
because Clostridium cannot be transformed with linear DNA. In the past three decades, many 
of these manipulation plasmids were generated, shown to be transferable into Clostridium 
cells and be maintainable by antibiotic selection.30,32,55 Because many other plasmids desig-
nated to modify Gram-positive organisms, the clostridial vectors are constructed in the 
genetically more amenable organism E. coli and are subsequently (ready-to-use), with or 
without prior methylation, transferred into the clostridial target strain (Transfer Of Exogenous 
Genetic Material Section). The replicative E. coli/Clostridium shuttle vectors developed to 
date minimally comprise a selectable marker, a Gram-positive and a Gram-negative replicon, 
and, if needed for conjugational plasmid transfer, a cis-acting nick side (oriT).30,32,55 The 
selectable markers used almost exclusively encode positively selectable antibiotic resistances 
ideally functional in both, E. coli and Clostridium.30 Genes encoding resistances against 
erythromycin and/or lincomycin (erm) or chloramphenicol/thiamphenicol (cat) proved to be 
of greatest value.22,26,55,118 Spectinomycin (aad) and tetracycline (tet) resistance genes are 

http://rebase.neb.com/rebase/rebase.html
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useful in a selected number of clostridial species.55 Beside these, choices for antibiotic 
selection markers are limited which can complicate manipulation strategies or even restrain 
the development of new genetic tools.

Gram-positive replicons of the shuttle plasmids are either of clostridial origin or are derived from 
the plasmids of other Gram-positive bacteria. Clostridial origins of replication are usually the 
replicons of the C. perfringens plasmid pIP404,119 the Clostridium butyricum plasmids pCB102 
and pCB101,120,121 the C. botulinum plasmid pBP1,122 or the C. difficile plasmid pCD699. 
Nonclostridial but Gram-positive replicons are typically the replicons of the B. subtilis plasmid 
pIM13,123–125 the L. lactis pWV01126 (L. lactis subsp. cremoris formerly Streptococcus cremoris), 
the Staphylococcus aureus plasmid replicon pUB110127 or the E. faecalis plasmid pAMβ1.26 
Most of these replicons enable plasmid replication via the rolling circle replication (RCR) 
mechanism (RCR; Table 1). This mechanism involves highly recombinogenic single stranded 
DNA (ssDNA) and is thought to account for structural and segregational plasmid instability.32,140 
Interestingly, plasmids harboring the replicons of pUB110 and pIM13 were found to be thermo-
stable and applicable to C. thermocellum.60,127 The plasmids pCB102, pCD6, pIP404, and 
pAMβ1 do not replicate via the RCR. pCB102 replicates via an unknown mechanism. The small, 
single open reading frame (ORF) that potentially encodes the replication protein does not exhibit 
any homologies to known genes of this function.55 pIP404 and pCD6 replicate via a similar 
mechanism involving a large polypeptide (RepA) and repeat elements (iterons) located down-
stream of the RepA.99,128 Replication of pAMβ1 occurs via a unidirectional theta 

Table 1: Gram-positive replicons typically used in Clostridium

Progenitor 
Plasmid/Replicon Host Application Ina

Replication 
Mechanism References

pIP404 Clostridium 
perfringens

C. perfringensb RepA, iterons 128

pCD6 Clostridium difficile C. difficileb RepA, iterons 99
pCB101 Clostridium butyricum Clostridium RCR 113,120,121
pCB102 C. butyricum Clostridium beijerinckiib Unknown 55,120,121

pBP1 Clostridium botulinum Clostridium Unknown 55
pAMβ1 Enterococcus faecalis C. beijerinckii, Clostridium 

cellulolyticum
Unidirectional theta 129,130

pIM13 Bacillus subtilis Clostridium acetobutylicum b RCR 131
pUB110 Staphylococcus aureus C. acetobutylicumc

Clostridium thermocellumd
RCR 132,133

pWV01 Lactococcus lactis Broad host range d RCR 134–136

127.
aApplication-specific reference for target strain.
b137.
c73.
d138,139.



New Tools for the Genetic Modification  247

mechanism,129,130 which is thought to account for its high segregational stability.134 All clostridial 
shuttle plasmids constructed to date exhibit varying degrees of segregational instability and are 
lost from the cell and population in the absence of selective pressure.55 A list of the replicons, 
their origin, their mechanism of replication and their usual target strain is shown in Table 1. As 
for the Gram-negative replicon of the generated shuttle plasmids, requirements are modest. 
Widely used are the high-copy number replicon ColEI of the plasmid pMTL20141 and the 
low-copy number replicon p15a.142 Both replicons are compatible and can be maintained in the 
same cell if necessary.55 In the case of required conjugational transfer, the conjugational transfer 
function (oriT) of the plasmid RK2 is most widely used35 (Conjugation Section).

Until recently, generally available E. coli/Clostridium shuttle plasmids did not share a com-
mon structure. They were typically designed ad-hoc with little or no emphasis on a standard 
format. Standardization, however, would allow the modification of plasmids for application-
specific needs in a straightforward, targeted, and time-saving way and facilitate the direct 
comparison of the functional properties of various plasmid components. Hence, a more 
rational approach to vector design was undertaken and the pMTL80000 modular shuttle 
plasmid series was created.55 Specifications for the design and implementation were: (1) a 
modular component format to provide combinatorial freedom in the construction of new 
plasmids; (2) a fast and facile realization of any changes to a given combination of modules; 
(3) reversibility of executed changes; and (4) the possibility to extend the system for new 
modules or applications. To realize these specifications, a standard arrangement was defined, 
in which every plasmid contains exactly one of each of four distinct modules which were 
always arranged in the same order and always flanked by the same four rare 8-bp-type II 
restriction enzyme (RE) recognition sites (AscI, FseI, PmeI, SbfI; Figure 1). The four modules 
comprise a Gram-negative replicon with or without the oriT, a Gram-positive replicon, a 
selectable marker, and an application-specific module. They are numbered and, thereby, in 
number and position, determine the precise nomenclature of the modular pMTL80000 
plasmid (Table 2). The modules were chosen to provide different properties, be relevant in a 
broad range of Clostridium species and to be useful for various applications55 (Table 2). For 
example, the Gram-positive replicons supplied with the system exhibit variable mechanisms 
of replication (Table 1) and, therefore, different segregational stabilities in different clostridial 
species55,134 (Table 3). Furthermore, by choosing different application-specific modules or 
further modifying them, the modular vector series is more than just a series of shuttle plas-
mid. It can be used (1) as a reporter gene system to test the strengths of different promoters, 
(2) to overexpress genes heterologously, and (3) to modify the clostridial genome via homolo-
gous recombination55 (Table 2). As a reporter gene, the versatile chloramphenicol/thiamphen-
icol resistance gene (catP) of C. perfringens was chosen.145–147 For the heterologous 
expression of genes, the strong promoter and ribosome binding site of the C. acetobutylicum 
thiolase gene (thl)66,148 or the C. sporogenes ferredoxin gene (fdx)144 were used. Shuttle 
plasmids have been used in the past as reporter systems66,145,146,148–150 or to heterologously 
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Figure 1
Schematic of the pMTL80000 modular vector series55 modified. In the standard arrangement, the 
four plasmid modules (Gram-negative replicon +/− oriT, Gram-positive replicon, selection marker, 
application-specific module) are always arranged in the same order and flanked by the same four 
rare type II restriction enzyme (RE) recognition sites (8 bp, AscI, FseI, PmeI, Sbf I). The modules are 

numbered and determined with their position and combination the nomenclature of the particular 
plasmid (Table 2).

Table 2: Numeric module assignment and nomenclature of the pMTL80000 vector series137,557

Modular Plasmida

Gram-Positive 
Replicon Marker

Gram-Negative 
Replicon

Application-Specifc 
Module

pMTL80110 0. spacer 1. catP 1. p15a 0. spacer
pMTL82254 2. pBP1 2. ermB 5. ColE1 + oriT 4. catP Reporter
pMTL83353 3. pCB102 3. aad9 5. ColE1 + oriT 3. Pf dx + MCS
pMTL84422 4. pCD6 4. tetA 2. p15a + oriT 2. Pthl + MCS
pMTL85141 5. pIM13 1. catP 4. ColE1 1. MCS

aThe shown five plasmids represent the core set and include all 18 standard modules available to date. These plasmids 
facilitate the easy and quick construction of all possible 395 plasmid variations in just a few cloning steps by the use of the 
REs AscI, FseI, PmeI, and SbfI and, if needed, for the provision of the oriT, ApaI. The position and combination of the modules 
determine the nomenclature of the modular plasmids, e.g., plasmid pMTL82353 carries the Gram-positive replicon of the 
plasmid pBP1, the spectinomycin adenyltransferase gene (aad9) from Enterococcus faecalis,143 the Gram-negative replicon 
ColE1141 with the pRK2 derived oriT region,35 and the promoter and ribosome binding site of the Clostridium sporogenes 
ferredoxin gene (fdx)144 followed by a multiple cloning site (MCS). Annotated sequences of any modular pMTL80000 
plasmid can be downloaded from www.clostron.com. Requests for the purchase of the core set are handled via the same 
website.

http://www.clostron.com/


N
ew

 Tools for the G
enetic M

odification 
249

Table 3: Characteristics of selected modular plasmids137,55

Plasmid Replicon

Clostridium acetobutylicum ATCC 824 Clostridium botulinum ATCC 3502 Clostridium difficile CD630

Transfer 
Frequencya

Segregational 
Stability (%)b

Transfer 
Frequencya

Segregational 
Stability (%)b

Transfer 
Frequencya

Segregational 
Stability (%)b

pMTL82151 pBP1 1.38 × 102 99.4 ± 0.9 1.01 × 10−3 99.9 ± 0.3 3.36 × 10−6 87.3 ± 1.3
pMTL83151 pCB102 2.45 × 102 76.5 ± 6.0 2.90 × 10−4 99.4 ± 0.3 2.23 × 10−6 76.2 ± 0.5
pMTL84151 pCD6 8.47 × 101 82.4 ± 9.6 5.71 × 10−6 81.6 ± 3.7 7.00 × 10−6 77.4 ± 2.1
pMTL85151 pIM13 2.92 × 102 81.6 ± 8.6 7.80 × 10−6 89.6 ± 0.7 4.18 × 10−7 69.0 ± 1.1

aValues shown are for C. acetobutylicum ATCC 824 transformant colonies per μg plasmid DNA, for C. botulinum ATCC 3502, and C.difficile 630 transconjugant colonies per 
Escherichia coli donor colony forming units.55

bSegregational stability per generation has been calculated using the formula . Thereby, R equals the portion of cells that feature the plasmid at the latest point its 
existence that could be verified; n are the generations of growth without selection at that particular time.55
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express genes30,151 or asRNA.46,148,152 However, the modular vector series, offers a systemati-
cally designed and standardized approach to these applications.55

Recently, modular pMTL80000 plasmids have been used as pseudosuicide vectors to modify 
the clostridial chromosome by transposon-mediated random mutagenesis69 (Random  
Mutagenesis by Biological Mutagens Section) or double-crossover homologous recombina-
tion (allelic exchange, ACE; Recombination-Based Methods (Allelic Exchange)  
Section).39,61,63 Due to their (if applicable) replicative but segregationally highly unstable 
nature, they are most suitable to deliver a transposon or allelic exchange cassette into a vast 
number of chromosomes, but are readily lost in the absence of selective pressure when no 
longer required.69 A further powerful application of the modular vectors series is their poten-
tial use as suicide (conditional, nonreplicative) plasmids, i.e, plasmids that cannot replicate in 
the target strain to which they have been transferred.93 These plasmids either lack the neces-
sary replicon27,153 or require specific conditions for the replicon to be functional.154 Typically, 
they possess sequences (homologous sequence[s], transposon) that facilitate their integration 
into the bacterial chromosome during or just after the transformation. By omitting the Gram-
positive replicon between the AcsI and FseI sites (Figure 1) and the integration of a transpo-
son or homologous sequences into the application-specific module39,63,69 or the plasmid 
backbone,61 modular plasmids can be easily converted into suicide plasmids. The fact that 
primary transformants are exclusively integrants is the great advantage of their use in transpo-
son-mediated random mutagenesis or allelic exchange. It facilitates and quickens the isolation 
of the desired mutant.93 Beyond that, no efforts have to be undertaken to determine plasmids 
with pseudosuicide function.69,154 The broad application of suicide plasmids, especially in 
allelic exchange, is, however, impeded by the low frequency of directly obtainable double-
crossover mutants. This has only been reported for a limited number of organisms.155,156 To be 
applicable for genetically intractable organisms, such as Clostridium, counter (negative) 
selection markers (Counter (Negative) Selection Markers Section) and high transformation 
efficiencies (Electroporation Section) are essential.93 The identification of suitable counter 
selection markers including appropriate selection strategies and conditions and the develop-
ment and improvement of electroporation protocols is, however, challenging.93 Nonreplicative 
(nonstandardized, nonmodular) plasmids have been used in the past to genetically modify 
clostridial genomes. However, these plasmids lacked appropriate counter selection markers 
and only resulted in the isolation of unstable single-crossover mutants49,50,56,153,157–159 
(Recombination-Based Methods (Allelic Exchange) Section).

Forward Genetics by Random Mutagenesis

Forward genetics addresses the identification of a genotype responsible for a particular 
phenotype. Random and (if needed) extensive mutagenesis is one of several means to achieve 
forward genetics. Combined with selective breeding, it is a powerful tool to generate mutants 
randomly, select for the desired phenotype, and finally determine the genotype related to the 
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observed phenotype. In addition, random mutagenesis allows the engineering of complex and 
highly regulated metabolic or regulatory pathways in which rational design fails due to 
inadequate knowledge of the pathway and consequently, a lack of well-defined and well-
understood targets.160 Genetically intractable organisms with high medical or industrial value 
are, under certain conditions, approachable by random mutagenesis as well. Randomly acting 
chemical, physical, or biological agents are the key to an effective random mutagenesis 
approach because they increase the frequency of mutations significantly above the normal 
background level and, therefore, grant the subsequent selective isolation of the desired 
phenotype. Mutagens either act directly on the DNA or interfere with the replication machin-
ery or chromosomal partitioning. In some cases the mutagen (promutagen) is not mutagenic 
itself, but its metabolites are. To date, much emphasis has been placed on the development of 
random mutagenesis methods, for example, to investigate the mechanisms of pathogenicity or 
to generate metabolically improved strains for industry. The following section will give an 
overview of the most common approaches.

Random Mutagenesis by Chemical and Physical Mutagens

In early days, physical mutagens such as ultraviolet radiation and ionizing radiation (e.g., 
X-rays, γ-rays, β-rays) were used to promote mutations in C. acetobutylicum.161 However, 
physical agents were concluded to be poor mutagens in Clostridium due to the lack of 
error-prone repair mechanisms.162 Alternatively, chemical mutagens, mostly alkylating 
agents, which act directly to induce base substitutions, deletions, or frameshift mutations in 
DNA, were reported to be significantly more effective in Clostridium species.163–167 The 
mutagenesis of C. acetobutylicum and related saccharolytic clostridia was mainly accom-
plished by the use of the mutagen, N-methyl-N’-nitro-N-nitrosoguanidine 
(MNNG).163,168,169 MNNG remains the mutagen of choice to date and has recently led to 
the isolation of the hypersolvent producing C. acetobutylicum strains EA2018168 and 
BKM19170 and the hyperbutanol producer C. beijerinckii BA101.169 The strain C. beijerinckii 
BA101 was selected in the presence of the glucose analogue 2-deoxyglucose and showed 
increased amylolytic activity. It has been licensed for commercial use to TetraVitae Biosci-
ence (http://www.tetravitae.com).171 Similarly, the C. acetobutylicum strain EA2018, which 
produces higher butanol-to-solvent ratios (0.7) than its parental strain (0.6)168 has been 
licensed to numerous commercial producers in China.171 Despite these advances, it has to 
be noted that chemical mutagens should be used with caution, because it has been reported 
that they can lead to strain degeneration.114,172

Random mutagenesis as a result of genome shuffling173,174 is another reported method used 
for the evolutionary engineering of solventogenic clostridia. Using genome shuffling and 
selection in the presence of high butanol concentrations, the C. acetobutylicum Rh8 mutant 
was obtained, which exhibited a higher butanol tolerance and produced more butanol com-
pared to the parental strain C. acetobutylicum DSM 1731.175

http://www.tetravitae.com/
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Random Mutagenesis by Biological Mutagens

Biological mutagens that cause random mutagenesis are reactive oxygen species produced by 
the same or another organism, viruses, and transposons. Transposons are mobile/transposable 
genetic elements (TEs) that can “jump” from one location in the genome to another and 
thereby induce mutations.176 They have been widely used in genetics to alter genome func-
tions.177,178 Based on their mechanism of transposition, transposons are assigned to one of 
two classes, the copy-and-paste (class I TEs) or the cut-and-paste (class II TEs).179 To date, 
class II DNA transposons have been the mutagen of choice in clostridia.69,71,72,180,181 These 
transposons never use RNA intermediates. They move on their own by inserting and excising 
(cut and paste) themselves from the genome. Typically, they consist of a transposase gene and 
terminal inverted repeats (TIRs) at each end of the sequence (Figure 2(a)). The TIRs are 
recognized by the transposase, which subsequently catalyses the movement of the transpo-
sons to another part of the genome. On integration, the TIRs are duplicated, resulting in 
target-site duplications, a unique hallmark of each DNA transposon.178,179 Depending on their 
delivery vehicle, TEs are subcategorized into conjugative or nonconjugative transposons. 
Conjugative transposons encode their own cell-to-cell transfer machinery beside modules for 
regulation, integration, and excision.182 Nonconjugative transposons rely on multicopy 
plasmids or bacteriophages and high electroporation efficiencies for their transfer.183 Transpo-
somes, another subcategory, are in vitro preassembled synaptic transposition complexes that 

Figure 2
Schematic view of (a) a class II DNA transposon178 modified and (a) a transposome190 Epicentre®, 

modified. (a) The class II transposon consists minimally of a gene encoding the transposition-mediating 
transposase and terminal inverted repeats (TIRs) that act as recognition sites for the transposase.  

(b) Transposomes are in vitro assembled synaptic complexes of a transposase and transposon DNA in 
the absence of cations such as Mg2+. A selectable marker (SM) located between the TIR sequences 

enables the rapid isolation of cells with transposon integrations.
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consist of a transposase and the transposon DNA184 (Figure 2(b)). In vivo, these complexes 
are formed transiently during transposition. But, in vitro, in the absence of divalent cations 
such as Mg2+, they can be formed and maintained stably. After their transfer into the target 
strain by electropration, they become active due to the presence of divalent cations such as 
Mg2+. This results in the integration of the transposon DNA into the genome. Typically, 
transposons contain a selectable marker for the rapid isolation of cells with transposon 
integrations.184–189

Conjugative transposons

Conjugative transposons or integrated conjugative elements are typically integrated into the 
chromosome or endogenous host plasmid. However, they are able to excise themselves from 
it and, subsequently, form a covalently closed circular transposable intermediate that can 
either reintegrate into the chromosome of the same cell (intracellular transposition) or be 
transferred by conjugation to another cell of the same or a different species. In the recipient, 
they integrate into the genome or endogenous host plasmid (intercellular transposition).183,191 
Conjugative transposons vary widely in size (18–500 kbp) and contribute as much as plasmids 
to the distribution of antibiotic resistance genes, for example in C. difficile.3,192–195

The best characterized conjugative transposons in clostridia are Tn5397 and Tn916. Both 
are members of the large Tn916/Tn1545 family of conjugative transposons, of which 
almost all members carry the tetracycline resistance gene tetM.180,196 Despite high similar-
ity, Tn5397 and Tn916 differ in their integration/excision system.197,198 Particularly, Tn916 
has been widely used as a mutagenic tool in both pathogenic and nonpathogenic Clostrid-
ium species. The earliest demonstrations were reported in C. botulinum and C. perfringens 
and resulted in the generation of a pleiotrophic199 or several auxotrophic mutants.200,201 In 
both strains, an observed decrease in toxin production was caused by large Tn916-mediated 
deletion events. Analyses of the mutants confirmed that the transposition occurred at 
different sites201,202 and randomly in single copy or multicopy.200 Initial attempts at using 
Tn916 in the nontoxinogenic C. difficile strain CD37 indicated the presence of a chromo-
somal “hot spot,” at which the transposons inserted.203,204 This strong target site preference 
was later concluded to be strain specific. When a different conjugative transposon, Tn5397, 
was tested in the same strain, it inserted at a “hot spot” (attBCd) as well, whereas it inte-
grated at multiple sites in B. subtilis.198 Subsequently, it was demonstrated that Tn916, and 
its derivative Tn916ΔE, integrate at random positions in the genome of other C. difficile 
strains.3,205,206

In nonpathogenic clostridia, the use of conjugative transposons has principally focused on 
acquiring mutants defective in solvent production or sporulation. The Tn916 transposon was 
initially used in two model organisms, C acetobutylicum and C. saccharobutylicum P262 
(formerly C. acetobutylicum).207–209 However, the mutants obtained still remain largely 
uncharacterized to this day. In addition, Tn916 and Tn1514 transposons were tested in the 
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solventogenic species C. beijerinckii NCIMB 8052 (formerly C. acetobutylicum).103 Tn916 
was found to insert at a preferred “hot spot,” whereas Tn1545 (encoding antibiotic resistance 
genes aphA-3, ermAM, tetM) integrated at multiple sites in the chromosome. Of the C. 
beijerinckii mutants generated by Tn1545, one was deficient in “degeneration” (the loss of the 
ability to produce solvents in for example prolonged cultures),210 and others exhibited 
increased butanol tolerance.211 The phenotype of the antidegeneration mutant is thought to be 
a result of the Tn1545 integration into the peptide deformylase encoding gene fms. This 
causes a reduction of the growth rate and eventually leads to enhanced stability in solvent 
production. The antidegeneration mechanism can be mimicked in the wildtype by reducing 
the growth rate.212 The butanol-tolerant mutants were postulated to be a result of reduced 
glycerol dehydrogenase (GDH) activity due to the chromosomal insertion of Tn1545 adjacent 
to gldA and the production of outwardly directed RNA. This RNA acts as gldA asRNA and 
inhibits the expression of GDH.211

In summary, the major drawbacks encountered by using conjugative transposons for random 
mutagenesis in Clostridium species are their: (1) large size,191 (2) low efficiency of transposi-
tion, (3) limitation to bacterial strains that can be conjugated (Conjugation Section), (4) 
existence of (a) chromosomal “hot spot(s),”103,203,204 and (5), most unfavorably, their predilec-
tion to insert in multiple copies (probably attributed to a high rate of vector retention), which 
significantly complicates the association of genotype with phenotype.103,201

Nonconjugative transposons and transposome mutagenesis systems

The first random nonconjugative transposon mutagenesis systems were developed for C. 
perfringens due to its routinely achieved high electroporation efficiencies.111,181 The very first 
systems were based on the delivery of preassembled transposomes, namely Mu bacteriophage 
and Tn5 transposon-based systems. The bacteriophage Mu-based transposition system, 
consisting of the MuA transposase and Mu transposon DNA with an erythromycin-resistance 
cassette,190,213 resulted in 239 and 134 transposon insertions per μg of DNA in a laboratory 
strain (JIR325, a derivative of strain 13) and a field isolate (strain 56) of C. perfringens, 
respectively.181 Although this system allowed it to generate single-insertion transposon 
mutants, it showed a high preference for the integration of the transposon at a few “hot spots,” 
for example an rRNA gene (43%) or a certain intergenic region (12.5%). This hot spot 
preference, therefore, limits the practicability of the system. In another study, the EZ-Tn5 
random mutagenesis system (Epicentre®), comprising a hyperactive Tn5 transposase and a 
Tn5-derived transposon,184 was used in C. perfringens strain 13. Compared to the Mu phage-
based system, this system exhibited two important advantages, a higher transposition fre-
quency and the highest degree of randomness.72 The use of EZ-Tn5 led to the identification of 
a regulatory network (homologous to the accessory gene regulatory [agr] system in staphylo-
cocci) responsible for early production of both alpha toxin and perfringolysin O. All EZ-Tn5 
mutants were shown to possess a single, random transposon insertion, with a significantly 
lower insertion frequency into rRNA genes (18%) compared to the Mu phage-based system. 
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In comparison to conjugative transposons, both mutagenesis systems, Mu and EZ-Tn5, 
represent a considerable improvement because they allowed the generation of single-insertion 
mutants. However, both systems exhibit a preference toward the insertion into rRNA genes. 
To date, it is unknown why. Furthermore, both systems rely on high transformation efficien-
cies. For C. perfringens, such high frequencies are of no concern,111 but they are for other 
Clostridium species (Electroporation Section).

Due to these limitations, other nonconjugative plasmid-based transposable mutagenesis 
systems are under investigation. In particular, the mariner transposable element Himar1 has 
recently found broad application and has been shown to insert randomly into the genomes of 
many different bacterial species.214–218 As a member of the Tc1/mariner superfamily, the most 
widely distributed family of TEs,178 Himar1 requires no other factors for its cut-and-paste 
transposition than its self-encoded transposase and the TIR sequences at either end of the 
transposon. A noticeable bias for insertion at “bent” or “bendable” DNA sequences and TA 
target sites has been reported.219,220 The latter is of advantage if random mutagenesis libraries 
are to be generated in species with low GC content such as Clostridium. To date, Himar1 has 
been used in the clostridial species C. difficile69 and C. perfringens.71 In both studies, a 
plasmid-based approach was taken to ensure transposition in every transformed cell. The 
transposase was placed under the control of either a native (PtcdB, transcription reliant on 
sigma factor TcdR) or an inducible (PbglA, lactose inducible) promoter (Inducible Gene 
Expression Section) to prevent transposase expression and activation of the system in the  
E. coli strain used to assemble the transposome encoding plasmid. A selection marker (catP, 
ermBP) was placed between the TIR sequences to select for transposition events after the 
transformation. In C. difficile, R20291 transposon insertions arose at a frequency of 4.5 
(±0.4) × 10−4 per cell.69 Nucleotide sequencing of the insertion sites of 60 mutants demon-
strated that insertions occurred randomly at a “TA” di-nucleotide target site in the plus (+) 
and minus (−) strand, with no evidence for a “hot spot.” With one exception, all isolated 
mutants were single-insertion mutants. The utility of the system for forward genetic studies 
was demonstrated through the isolation of a mutant defective in sporulation/germination and 
an auxotrophic mutant. The only drawback of this study was the lack of a counter selection 
marker and, therefore, the need to use segregationally unstable pseudosuicide plasmids and a 
more laborious screening approach. To eradicate the plasmid backbone and the Himar1 C9 
transposase gene from the population, subculturing in the absence of the plasmid backbone-
encoded selection was required. In case of high-throughput mutagenesis strategies subcultur-
ing would become time and labor intensive and considerably restrict the implementation of 
the system. This limitation was addressed in a follow-up study, and galactokinase (galK) was 
used as a counter selection marker (selection for loss of plasmid backbone and Himar1 C9 
transposase gene from the population after transposition occurred) in the C. perfringens strain 
HN13, a derivative of C. perfringens strain 13 with a deletion of the genes galK and Gal-
1-phosphate uridylyltransferase (galT)71 (Inducible Gene Expression Section). The study 
confirmed the ability of the Himar1 mariner transposon to generate single and random 
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mutations in the genome. The suitability for forward genetics was demonstrated by screening 
for mutants with altered gliding motility. Of 10,000 mutants, 24 showed the desired pheno-
type, but only one showed the expected genotype. It was argued, that this might be due to the 
fact that the number of mutants screened was below the number necessary to reach saturation 
mutagenesis.71,221 The drawback of this system is the use of an endogenous counter selection 
marker (Counter (Negative) Selection Markers Section), which required the use of a galKT 
deletion mutant. Deletion of genes involved in carbohydrate use might cause unnecessary 
pressure on cell survival or other unwanted effects, especially in combination with random 
mutagenesis.

However, both studies demonstrated the value of the mariner-based transposon system to 
generate random mutagenesis libraries. It is expected, with appropriate adaptations, such as 
higher electroporation efficiencies (Section 2.1), that this system will also be applicable in 
industrially important Clostridium species.

Reverse Genetics

In contrast to forward genetics, in which an observed phenotype is linked to a specific geno-
type, reverse genetics investigates the effect(s) a targeted modification of a genetic sequence 
has on the phenotype. After a gene or sequence of interest (target gene/sequence) has been 
identified, its nucleotide sequence is altered (disruption, deletion, insertion, base-exchange), 
and subsequently, phenotypic consequences are analyzed. Reverse genetics is a very impor-
tant complement to forward genetics, but requires: (1) sufficient knowledge of the pathways 
and regulatory networks, which are under investigation, to pinpoint a well-defined target gene 
(rational design); (2) the availability of at least the nucleotide sequence of the gene/sequence 
of interest; and (3) the existence of reliable techniques to alter its sequence. This section will 
discuss two techniques currently available in clostridial reverse genetics, mobile group II 
introns and allelic exchange. Both techniques allow the alteration of chromosomal genetic 
sequences. However, group II introns are mainly used to insertionally disrupt genes, whereas 
allelic exchange is used to disrupt, delete, or insert genes or alter their nucleotide sequence by 
base substitution(s).

Recombination-Independent Methods (Group II Introns)

One method of gene inactivation that has proven to be highly successful is based on the use 
of group II introns. These introns, in their active form, are catalytic RNAs, found frequently 
in organelles of plants and lower eukaryotes, but also in bacteria. Bacterial group II introns 
differ significantly from their eukaryotic counterparts; they generally are exon-less (resid-
ing outside of structural genes) and are in most cases associated with mobile elements.222 
Mobile group II introns carry an ORF encoding an intron-encoded protein (IEP). The IEP is 
responsible for both RNA splicing and insertion. RNA splicing is accomplished by the 
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reverse transcriptase activity of its N-terminal domain, integration by the endonuclease 
acitivty of its C-terminal domain that is involved in mobility. The L. lactis Ll.LtrB intron, 
found within the ltrB gene of conjugative plasmids, is used as a model system for these 
kinds of introns. The specificity for a certain insertion site is, for the largest part, deter-
mined by the intron RNA, which base-pairs with the DNA nucleotides of the target site. 
The sequences in the intron RNA that determine its insertion site have been elucidated.223 
These finding led to the formulation of an algorithm that allowed the reliable prediction of 
the necessary changes to the intron RNA sequence, so that it would target the intron to a 
new, desired, location instead of the native insertion site.224,225 Because a few of the nucleo-
tides around the insertion site are recognized by the IEP and not by the intron RNA, DNA 
sequences shorter than 400 bp may not contain an insertion site in which it can integrate 
with high efficiency. Another important finding was that the ltrA gene, which encodes the 
IEP of the intron and is natively present within the intron II sequence, can be provided in 
cis or in trans. This allows it to be positioned on the backbone of the intron delivery 
plasmid. Loss of this plasmid following successful integration of the intron II in the target 
site prevents a continuing mobility of the inserted intron due to the loss of the splicing-
mediating LtrA. Re-targeted introns resulting from this work are called “TargeTrons,” and 
the system has been commercialized under that name and is sold by Sigma Aldrich.226 The 
commercially available kit supplies the uses with a template that can be used to generate a 
small DNA fragment (c. 350 bp) by PCR. The resulting product is cloned into the TargeT-
ron plasmid in place of the native sequence that targets the L1.LtrB intron. The primers 
used in this amplification introduce the desired intron sequence changes “retargeting.” 
Software for the prediction of the primer sequences is at hand online on a “pay-per-click” 
basis (http://www.sigma-genosys.com/targetron).

TargeTron-mediated gene inactivation

The first exemplification of the TargeTron technology within the clostridial genus was 
reported for C. perfringens.47 The basic vector available at the time, pACD3, needed exten-
sive modifications because most of the elements did not function in Clostridium. A new 
clostridial replicon was necessary, as was a selectable marker (both from plasmid pJIR750). 
The T7 promoter, responsible for the transcription of the Ll.LtrB group II intron, was 
replaced with a clostridial promoter region, namely of the beta-2 toxin gene (cpb2) from a  
C. perfringens type A isolate. The final vector (pJIR750ai) was, after retargeting, shown to be 
able to successfully insert into the alpha toxin targeted gene plc. PCR screening showed that 
two of the 38 individual colonies screened contained a mixture of wildtype and mutant. 
Restreaks from these colonies for phenotypical screening revealed that approximately 10% of 
the colonies formed were pure mutants. Since this demonstration, TargeTrons have been used 
to generate mutants in four nonpathogenic clostridia, C. acetobutylicum, C. beijerinckii,  
C. cellulolyticum, and C. phytofermentans, affecting solvent production, substrate use, and 
restriction enzymes.24,107,227–232

http://www.sigma-genosys.com/targetron
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ClosTron-mediated gene inactivation

Although TargeTron-based mutagenesis in clostridia is possible, there are certain drawbacks. 
The rational alteration of intron sequences is not an exact science, and integration frequencies 
vary widely between target sites. As a consequence, if insertional inactivation of a target gene 
does not result in a readily detectable phenotype, substantial screening efforts may be needed to 
isolate the desired mutant. To circumvent this deficiency, a retrotransposition-activated marker 
(RAM) was developed,226,233 but it needed a modification of the marker to be suitable for the 
use in a wide range of clostridia. In the clostridial system, the RAM consists of an ermB gene, 
which confers resistance to erythromycin, interrupted by a group I intron.22 Essential for the 
functioning of a RAM is the orientation the group I intron and the ermB gene relative to the 
group II intron in which they are present. Group I introns are capable of self-catalytic splicing 
from messenger RNA (mRNA) transcripts, but only when transcribed in the correct orientation. 
When the group II intron is transcribed, the group I intron is orientated correctly and will 
remove itself, thereby restoring a functional ermB gene, once it is integrated and retrotrans-
cribed in the target site. Because the ermB gene with its promoter is activated when the group II 
intron is inserted in the DNA target site, resistance to erythromycin is acquired by the inser-
tional mutant. The plasmid that introduced the group II intron also gives rise to ermB transcripts, 
but as the orientation of the group I intron present in there is incorrect, it cannot splice itself out, 
and no resistance is conferred by the plasmid-derived transcript.

A further modification of the TargeTron plasmid was the use of a segregational unstable 
Gram-positive replicon (pCB102; pseudosuicide plasmid69; Clostridial Vector Systems 
Section). The advantage of using such a replicon is that after obtaining the integrant, which is 
identified though the obtained erythromycin resistance, the plasmid is rapidly lost on omis-
sion of the backbone-encoded chloramphenicol/thiamphenicol (catP) resistance and thus 
avoids extensive rounds of restreaking. The constructed plasmid, pMTL007, was applicable 
in a wide variety of pathogenic and nonpathogenic Clostridium species and transferable into 
the clostridial cell by electroporation or conjugation.22 An improved version of the ClosTron, 
plasmid pMTL007C-E2, became available recently and features, besides its: (1) conformity to 
the standards of the pMTL80000 modular vector series55 (Clostridial Vector Systems Sec-
tion); (2) easier intron retargeting through blue white screening; (3) improved group II intron 
expression; and (4) marker recycling by flanking the ermB RAM with short yeast FLP 
recombinase target sites (FRT).54,234 After isolation of the desired disruption mutant, the 
selection marker can be removed from the genome by introduction of an FLP recombinase 
expressing plasmid into the cell. The FLP recombinase recognizes its FRT target sites and 
excises any DNA flanked by these sites.235,236 Consequently, the markerless disruption mutant 
can be subjected to another round of ClosTron-mediated mutagenesis, allowing multiple 
mutations in one strain.237 Further improvements of the ClostTron technology included:  
(1) the incorporation of alternative Gram-positive replicons (e.g., pCD6), which allowed the 
application of the pseudosuicide vector approach69,238 and other selection markers (e.g., aad9, 
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ermB)239 to extend the number of Clostridium species the system can be used in; (2) the 
provision of an easily accessible intron design tool; and (3) the outsourcing of the construc-
tion of the retargeted plasmid.237 The new free-of-charge intron design tool was based on the 
algorithm and data described earlier225 and is available via a publicly accessible website 
(www.clostron.com). To reduce the labor and costs associated with the retargeting of the 
plasmid, the website also provides instructions on how to have the retargeted region synthe-
sized and cloned into a modular ClosTron plasmid such as pMTL007C-E2 by a DNA synthe-
sis company. Compared to the conventional in-house preparation, this commercial approach 
is favorable in terms of costs, labor-intensity, failure rate, and time from start-to-finish. 
Company-based plasmid retargeting can be carried out within two weeks (order to deliver 
time). If one still opts for the more classical SOE PCR approach, two plasmids are available 
(pMTL20IT1 and pMTL20IT2) that can be mixed together and used as the template for the 
SOE PCR, negating the need for the template supplied with the Sigma kit.

Besides its default use for insertional gene disruption, the group II intron mutagenesis system 
has been tested for its feasibility to insert additional exogenous DNA sequences (other than the 
RAM and the flanking native intron sequences) at a chosen chromosomal target site. In C. 
perfringens, such an application of the Ll.LtrB intron was demonstrated.240,241 Sequences to be 
integrated in the genome should be placed in domain IV of the intron, a region which in the 
ClosTron is already occupied by the ermB RAM, and in the native Ll.LtrB intron contains the 
ltrA gene. The amount of additional sequences that could be delivered by the system, besides 
the ermB RAM, was evaluated in a systematic study using fragments of phage lambda DNA.237 
Phage lambda fragments of 1.0, 2.0, and 2.3 kb were tested using C. sporogenes NCIMB 10696 
as the host organism. Each intron variant containing the additional fragment was targeted to a 
previously validated target site in the pyrF gene. No integrant colonies were observed using 
introns containing the larger two fragments, but integrants were reproducibly obtained that 
contained the 1.0 kb fragment. An intriguing approach for targeted deletions was the use of the 
cargo region of the ClosTron to introduce a sequence into the chromosome of C. acetobutylicum 
DSM1731 homologous to a neighboring chromosomal region.53 The idea behind the approach 
was to screen for deletion mutants resulting from a homologous recombination event that would 
occur between the native chromosomal sequence and the one introduced by the intron. The 
method was exemplified by deleting the chromosomal operon cac1493-cac1494 encoding for 
polypeptides of unknown function and the megaplasmid-based ctfAB operon involved in acetone 
formation. Although deletion mutants were found for both targets (two of 648 colonies for 
cac1493/1494 and one of 1998 colonies for ctfAB), extensive screening was required to identify 
the desired mutants. Other drawbacks of the approach are the dependency on the intron inser-
tion site and the remainder of a scar upstream of the cargo domain.

The advantages of the ClosTron technology are the speed and the ease with which mutants 
can be generated. At least for C. acetobutylicum, it has been demonstrated that the resistance 
marker can be removed by the FLP recombinase-based system.237 However, mutations are 

http://www.clostron.com/
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insertional gene disruption events which are not in-frame and can cause polar effects on 
adjacent genes upstream or downstream of the target site.242,243 If, as is usually the case, the 
marker cannot be removed from the genome, its presence might cause so-far unknown effects 
on, for example, metabolism or growth. Furthermore, additional modifications in the same 
genome are complicated due to the limited availability of clostridial selection markers  
(Clostridial Vector Systems Section). The size of exogenous DNA that can be introduced into 
the chromosome besides the RAM and the intron sequences is limited. The mobility of the 
Ll.LtrB intron is severely impeded if additional DNA sequences of >1 kbp are inserted.237,241 
Taken together, TargeTron and ClosTron technologies are less suitable to create multiple, 
markerless, scarless, in-frame deletions in the clostridial genome or to integrate whole 
pathways or more complex genetic arrangements. Here, recombination-based methods such 
as allelic exchange are more promising.

Recombination-Based Methods (Allelic Exchange)

In applied genetics, allelic exchange, the movement of a mutated gene (allele) typically from a 
plasmid onto the chromosome by double-crossover homologous recombination, is a very 
powerful tool. It enables the alteration (deletion, disruption, insertion, base exchange) of any 
genetic material (genes, intergenic regions, gene parts) located on a chromosome or plasmid 
without leaving scars behind or exhibiting polar effects (insertion/deletion frameshift, non-
sense/antisense disruption) on adjacent genetic material.93 For organisms that can be effi-
ciently transformed with linear DNA, such as yeast,244 Mycobacterium tuberculosis,245 
Bordetella pertussis,246 or naturally competent B. subtilis,247 allelic exchange can be achieved 
in one step. However, most bacteria are not transformable with linear DNA. For allelic 
exchange, the mutated gene and/or further region(s) of homology have to be placed onto a 
circular DNA molecule, a plasmid. Commonly used plasmids for allelic exchange are: (1) 
pseudosuicide,69 (2) suicide (conditional, nonreplicative), or (3) incompatible plasmids93,248 
(Clostridial Vector Systems Section). However, due to their circularity, a single homologous 
recombination event (single-crossover) by a Campbell-like mechanism will lead to the integra-
tion of entire plasmid between the target sequence of the chromosome and create direct repeats 
of the homologous sequence on either end of the inserted plasmid.249–252 This arrangement 
makes the chromosomal locus an active substrate for a second intramolecular recombination 
event (double-crossover) and, therefore, extremely unstable. Without a selective pressure, the 
occurring double-crossover will result in the excision of the plasmid and the reversion to the 
wildtype genotype. If, however, a second homologous sequence and an appropriate second 
selectable marker are provided by the plasmid, the second recombination event can occur at a 
different site, resulting in the desired stable double-crossover mutant genotype (allelic 
exchange). The latter recombination event is rare, and the selection is laborious if the desired 
allelic exchange does not cause a selectable phenotype. Selection can be facilitated by the use 
of the second selectable maker, preferably a counter (negative) selection marker (Counter 
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(Negative) Selection Markers Section). In fact, most effective allelic exchange methods rely on 
robust counter selection markers and were only possible after they had been developed for the 
particular organism.93 Combined with counter selection, allelic exchange can be carried out 
not only scarless, in-frame, and without any polar effects, but also efficiently and markerless. 
If double-crossover frequencies are low and the desired allelic exchange is not directly select-
able, most commonly a double-selection strategy is used93 (Figure 3). In brief, in the first step 
transformants that have integrated the entire plasmid into the chromosome by single-crossover 
are selected due to the presence of a (positive) selection marker provided by the plasmid. 
Subsequently, cells are grown to allow the desired double-crossover (allelic exchange) to 
occur. Cells that have excised and lost the plasmid and therefore, the counter selection marker 
encoded on the plasmid backbone are identified by plating on counter selection medium.93 A 
summary of recently developed counter-selection markers for the use in Clostridium is given 
in Counter (Negative) Selection Markers Section.

Figure 3
Double-selection strategy using a selectable and a counter selectable marker93 modified. The 

strategy is most commonly used for the isolation of allelic exchange mutants that cannot be directly 
selected because the mutated gene does not exhibit a selectable phenotype, for example auxotro-
phy. Abbreviations: SM, selection marker; CM, counter selection marker, wt, wildtype allele; mut, 

mutant allele.
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For Clostridium, early reports on the generation of mutants by homologous recombination 
described the use of nonreplicative (suicide; Clostridial Vector Systems Section) plasmids to 
insertionally inactivate chromosomal genes by single-crossover.49,50,157,159 Organisms used 
were the solvent producers C. acetobutylicum and C. beijerinckii and genes that encoded 
enzymes that participate in acid or solvent formation or sporulation. The generated single-
crossover mutants were segregationally unstable due to the duplication of the homologous 
sequence and could only be maintained in the presence of an appropriate antibiotic. The 
presence of an antibiotic can have unknown effects on the metabolism and growth. The 
industrial application of such a strain is most unlikely due to costs and the release of high 
quantities of (an) antibiotic(s). Furthermore, generated strains are difficult to engineer further, 
because the number of available selection markers is limited for Clostridium (Clostridial 
Vector Systems Section). The first reports on the generation of clostridial double-crossover 
mutants were published for C. perfringens253 and C. acetobutylicum.51 In C. perfringens, a 
suicide plasmid was used to inactivate the genes coding for the Θ- or α-toxin by the insertion 
of a gene-encoding erythromycin resistance. In C. acetobutylicum, spo0A was insertionally 
inactivated by a macrolide, lincosamide, and streptogramin B (MLS) resistance encoding 
gene and the use of a replicative plasmid. Although the generated mutants were the result of a 
double-crossover, they were not markerless and therefore featured the same disadvantages as 
described above. In the case of C. acetobutylicum, the double-crossover was not as intended 
and arose as the result of an unexpected recombination event.51 Recently, several efficient 
allelic exchange methods were developed in both pathogenic61–63 and industrially important 
clostridial species.27,38,39,54,64,254 These methods use replicative, pseudosuicide or suicide 
plasmids and make use of positive (cat, erm) and exogenous or endogenous counter selection 
markers (codA, mazF, galK, hpt/tdk, pyrF, pyrE, upp) or couple a promoterless antibiotic 
resistance (erm) or orotate phosphoribosyltransferase (pyrE) gene with a constitutively 
expressed chromosomal promoter.39 An overview of the methods is given in Table 4; details 
on the counter selection markers are described in Counter (Negative) Selection Markers 
Section. The following section discusses significant features, such as multiple use (marker 
recycling), markerless, scarless, and in-frame of selected methods.

The first advanced method for the generation of stable markerless double-crossover mutants 
was described for C. acetobutylicum and based on the use of a replicative plasmid carrying 
two homologous sequences and two selection markers (catP, mlsR), of which one (mlsR) was 
placed between the homology arms and flanked on either site by short Saccharomyces 
cerevisiae FRT.54 The desired double-crossover was selected due to its erythromycin resis-
tance (mlsR) and thiamphenicol sensitivity (catP). The remaining mlsR marker was, if 
needed, removed from the genome by transforming an FLP recombinase-expressing234–236 
plasmid into the cells. Expressed FLP recombinase recognized its FRT target sites and 
removed the mlsR marker from the genome. Loss of the FLP-expressing plasmid was stimu-
lated by two successive subcultures without selective pressure. The resulting double-crossover 
mutants were markerless, but retained a scar, because removal of any DNA by flanking FRT 
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sites and FLP recombinase typically causes scars of 82–85 nucleotides.255 Hence, double-
crossover mutants generated by this method either retain the mlsR marker in the genome or 
exhibit scars. The retention of an antibiotic marker compromises the use of the engineered 
strain in industrial applications and complicates the introduction of further mutations into the 
same strain, because the number of selection markers available for Clostridium is limited. The 
generation of a scar impedes most likely with the generation of in-frame modifications. A 
variation of the method describes for the first time the use of an (endogenous) counter selec-
tion marker in a clostridial species (uracil phosphoribosyltransferase, upp; Counter (Negative) 
Selection Markers Section). The two-antibiotic resistance strategy was successfully used to 
determine the role of PerR in the oxygen tolerance of C. acetobutylicum.256 Recently, two 
other allelic exchange procedures have been developed for C. acetobutylicum. The method 
established by Al-Hinai et al. (2012)38 features the use of the wildtype strain and uses a 
thiamphenicol resistance (Thr) marker for positive selection and an (exogenous) toxin (mazF) 
marker for counter selection (Counter (Negative) Selection Markers Section) in a one-step 
screening procedure. Briefly, Thr was placed onto the plasmid between the homology arms, 
while the expression of mazF on the plasmid backbone was controlled by a lactose-inducible 
promoter.67 Double-crossover events were selected directly by plating cells onto medium 
containing thiamphenicol and lactose. Only cells that had integrated the allelic exchange 
cassette (Thr ± exogenous genetic material flanked by the homology arms) into the genome 
and excised and lost the plasmid survived. The results were disruption, deletion, or integration 
mutants still containing the Thr marker. However, if required, the marker was removed by the 
FLP recombinase as described previously,54 with one modification, loss of the FLP-express-
ing plasmid was stimulated by the lactose-mediated expression of an asRNA, which targeted 
the plasmid’s Gram-positive origin of replication.38 Despite the novelty of the use of an 
exogenous counter selection marker, this method features the same drawbacks as the method 
previously used.54 In-frame deletions or insertions typically contain the Thr marker. Removal 
of Thr by FRT/FLP generates scars.38 In addition, the method used the B. subtilis resolvase or 
recombinase RecU by positioning its gene onto the plasmid backbone.257 RecU is thought to 
increase homologous recombination frequencies in C. acetobutylicum.56,58,59 However, no 
direct evidence of its superior function over the Clostridium host recombination machinery is 
available.

Another method for the genetic chromosomal modification of C. acetobutylicum was 
described by Heap et al. (2012).39 The method, named allele-coupled exchange (ACE), differs 
from all other methods mentioned so far because it primarily focuses on the integration of 
exogenous genetic material into the chromosome rather than the deletion or disruption of 
genes. Three variations of the method have been established. They use either the chromo-
somal thiolase (thl) or pyrE locus and the wildtype or a pyrE truncation strain. In all cases, a 
two-step selection strategy was applied. Single-crossover mutants were also selected due to 
their gained thiamphenicol resistance. The screening for the double-crossover varied accord-
ing to the strategy applied. Using the wildtype, the thl locus, and a promoterless erythromycin 
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resistance (ermB) gene located between the homology arms, the double-crossover event 
placed the ermB marker under the control of the chromosomal thl promoter and provided the 
mutant strain with erythromycin resistance. Although an effective approach, it is disadvan-
taged by the retention of an antibiotic marker in the genome. Therefore, a variation of the 
method used the thl locus of a ΔpyrE strain and consequently replaced the ermB gene with 
the pyrE gene. Screening for double-crossover involved the isolation of uracil prototrophs.  
A third variation of the method used either the wildtype or the ΔpyrE strain and replicative 
integration plasmids, which truncated or repaired the chromosomal pyrE-enabling screening 
for uracil auxotrophy or prototrophy. By alternating the presence of pyrE with ermB (varia-
tion two) or its state on the chromosome (variation three) and, if needed, the simultaneous 
adjustment of the homology arms, the method enabled it to alternate between uracil prototro-
phy and auxotrophy and, thereby, insert (stepwise) large sequences of exogenous DNA such 
as the lambda phage genome (52.5 kbp) into the clostridial chromosome.39 However, due to 
the use of a promoterless ermB or pyrE marker, which relies on a strong chromosomal 
promoter or the truncation or repair of the chromosomal pyrE, the method is restricted to a 
limited number of chromosomal loci. Besides the chosen loci (thl, pyrE), there is little 
information available about the strength and continuity of other chromosomal promoters that 
could substitute the used thl promoter. Furthermore, the identification of new suitable counter 
and auxotrophy markers such as pyrE can be very challenging. Nonetheless, by combining 
ACE with allelic exchange targeted, markerless, scarless, in-frame gene deletions can be 
combined with the insertion of (extensive) exogenous and endogenous DNA sequences into 
the chromosomal.39,63

In terms of other industrially important Clostridium species, the allelic exchange method 
described by Tripathi et al. (2010)64 and later used by Olson et al. (2010)258 led to the suc-
cessful deletion of a phosphotransacetylase (pta) and a cellulase gene (cel48S) in C. thermo-
cellum ΔpyrF. Within the two-step selection procedure, the first screening targeted 
transformants with restored uracil prototrophy due to the pyrF (orotidine 5′-phosphate 
decarboxylase) marker provided by the plasmid; the second screening targeted clones that 
reverted back to uracil auxotrophy, but gained thiamphenicol resistance. The remainder of the 
antibiotic marker in the genome as well as the growth defects observed for the ΔpyrF strain 
made this method less favorable.254

A more advanced allelic exchange approach for C. thermocellum is the method described by 
Argyros et al. (2011).254 It involves a C. thermocellum Δhpt strain, one selection (cat) and 
two counter selection markers, hypoxanthinephosphoribosyl transferase (hpt) and thymidine 
kinase (tdk), in a three-step selection procedure (Tables 4 and 5; Counter (Negative) Selec-
tion Markers Section). The genes cat and hpt were joined in an operon driven by the C. 
thermocellum gapDH promoter (gapDHp) and located between the two homology arms. 
The tdk gene was positioned on the plasmid backbone. In the first step of the three-step 
selection procedure, transformants were selected that took up the plasmid and/or inserted it 
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Table 4: Allelic exchange methods developed for Clostridium

Strain Plasmid
Selection 
Marker

Counter 
Selection Exemplification Comments References

Clostridium 
acetobutylicum 
ΔCac15Δupp

Replicative catP, 
mlsR

upp Insertional 
inactivation of 

perR

Transformation, 
two-step selection 

(Second step by mlsR 
and if desired upp), 

removal of mlsR by FLP 
recombinase target 
sites (FRT) and FLR 

recombinase (marker-
less, but contains scar, 

not in-frame)

54e

256

C. acetobutylicum 
ATCC 824

C. acetobutylicum 
M5

Replicative Thr mazF Deletion of 
ca_p0167, sigF 

or sigK, 
disruption of 
ca_p0167 or 

sigF, integration 
of fdh

Transformation, 
one-step selection, 

removal of Thr by FRT 
and FLR recombinase 

(marker-less, but 
contains scar, not 

in-frame), in-frame 
possible if FRT/FLR 

not used, use of RecU

38

C. acetobutylicum 
ATCC 824

C. acetobutylicum 
ATCC 824 
ΔpyrE

C. acetobutylicum 
ATCC 824

Pseudosui-
cide

catPa ermBb Insertion of 
ermB and adh

Transformation, 
two-step selection, 

ermB markers remains 
in genome, in-frame

39

pyrEb Insertion of 
pyrE into thl 

locus, insertion 
of lambda 

phage genome

Transformation, 
two-step selection, 

pyrE used as a 
selection marker 

(easing uracil auxotro-
phy on integration 
into the thl locus), 

in-frame, markerless, 
multiple modifications 

in one genome
pyrEc Truncation and 

repair of 
chromosomal 

pyrE

Transformation, 
two-step selection, 

achievement of second 
selection by alternat-

ing between truncated 
and repaired chromo-
somal pyrE, in-frame, 

markerless
Clostridium 

ljungdahlii DSM 
13528

Suicide ermC none Replacement of 
fliA for ermC 

and adhE1 and/
or adhe2 for 

ermC

transformation, 
singlestep selection, 
ermC remains in the 
genome, in-frame 

described for adhE1

27

Continued
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into the chromosome (single-crossover) and, therefore, exhibit thiamphenicol resistance. 
The second selection step screened for clones that had inserted the allelic exchange cassette 
(homology arms with gapDHp-cat-hpt) into the chromosome and excised and lost the 
plasmid (double-crossover). Mutants with these characteristics exhibited thiamphenicol and 
5-fluorodeoxyuridine (FUDR) resistance due to the presence of cat, but the absence of tdk. 
In a third step, cells were selected that had lost the gapDHp-cat-hpt cassette through recom-
bination (third-crossover) between an internal sequence and a chromosomal one and 

Strain Plasmid
Selection 
Marker

Counter 
Selection Exemplification Comments References

Clostridium 
thermocellum 
DSM 1313 
ΔpyrF

Replicative cat pyrFd Exchange of pta 
for cat

Transformation, 
two-step selection, 

after double-crossover 
cat stays in chromo-

some and replaces pta

64

C. thermocellum 
DSM 1313 
Δhpt

Replicative cat hpt/tdk Deletion of ldh 
and pta

Transformation, 
three-step selection 

(cat, tdk, hpt), multiple 
gene deletions in one 

strain, in-frame, 
markerless

254

Clostridium 
difficile R20291
C. difficile 630

Pseudosui-
cide

catPa codA Restoration 
and in-frame 

deletion of tcdC

Conjugation, double-
selection strategy, 

in-frame, markerless

61

C. difficile 
R20291
ΔpyrE

C. difficile Δerm 
ΔpyrE

Pseudosui-
cide

catPa pyrEc In-frame 
deletion of 

spo0A, cwp84 or 
mtlD

Conjugation, double-
selection strategy, 

allelic exchange and 
ACE, in-frame, 

markerless

63

C. difficile M68
C. difficile 630

Pseudosui-
cide

catPa None deletion of 
ermB and fliC

Conjugation, two-step 
selection (second step 
without any plasmid-
based marker, but use 
of selectable pheno-

type), markerless

259

Clostridium 
perfringens 

strain13 ΔgalKT

Suicide catPa galK Disruption of 
α-, θ and 

κ-toxins genes 
or virRS-operon

Transformation, 
double-selection 

strategy, multiple gene 
deletions in one strain, 

in-frame, markerless

62

acatP chloramphenicol/thiamphenicol resistance genes of C. perfringens.145–147

bUsed as a positive and counter (negative) selection marker.39,63

cUsed as a (positive) selection marker.39

dUsed as a (positive) selection and counter (negative) selection marker.64

ePreferred embodiment of the patent.

Table 4: Allelic exchange methods developed for Clostridium—cont’d
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Table 5: Counter selection markers used for Clostridium

Type Marker Marker Gene
Selection 
Criterium

Origin of the 
Markera Application

Host 
Requirements

Medium 
Requirements References

Exogenous Pyrimidine 
metabolism

codA 5-fluorouracil 
resistance

E. coli Clostridium 
difficile

Wildtype FC 61

Programmed 
cell death

mazF Cell survival E. coli Clostridium 
acetobutylicum

Wildtype Lactose 38

Endogenous Pyrimidine 
metabolism

pyrE 5-fluoroorotic 
acid (FOA) 
resistance, 

uracil 
phototrophy

C. acetobutylicumb C. acetobutylicum ΔpyrE FOA, uracil 39

FOA resistance Clostridium 
sporogenes

C. difficile ΔpyrE FOA, uracil 63

Pyrimidine 
metabolism

pyrF FOA resistance Clostridium 
thermocellum

C. thermocellum ΔpyrF FOA, uracil 64

Purine/
pyrimidine 

metabolism

tdk/
hptc

5-fluorodeoxy-
uridine (FUDR) 

and
8-aza-hypoxan-

thine (AZH) 
resistance

T. saccharolyticum/
C. thermocellum

C. thermocellum Δhpt FUDR
AZH

254

Galactose 
metabolism

galK d-galactose 
analog 

2-deoxy-D-
galactose 
(DOG) 

resistance

C. acetobutylicum Clostridium 
perfringens

ΔgalKT DOG 62

aFor endogenous types of markers, the marker in the plasmid backbone complements the chromosomal deletion.
bThe sequence of the plasmid-based homology arms allows it to switch the state of pyre.39

ctdk is an exogenous marker, hpt an endogenous one.
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therefore, exhibited 8-aza-hypoxanthine (AZH) resistance.254 Although this three-step 
selection procedure is more laborious than a two-step one, it has been shown to generate 
multiple markerless in-frame deletions in one strain, namely of the lactate dehydrogenase 
(ldh) and the phosphotransacetylase (pta).

Of the procedures described for pathogenic clostridia, each applies the selection and counter 
selection marker in the classical double-selection strategy (Figure 3). The method established 
by Nariya et al. (2011)62 was shown to facilitate multiple markerless in-frame deletions in one 
strain. The procedure developed by Ng et al. (2013)63 combines two approaches. By using a 
C. difficile pyrE deletion mutant, a C. sporogenes pyrE gene can be used as a plasmid-based 
counter selection marker for allelic exchange. On the other hand, the chromosomal C. difficile 
pyrE mutant allele can be restored by ACE,39 allowing the complementation of previously 
performed allelic exchange deletions at the chromosomal level or the concomitant integration 
of (extensive) exogenous genetic material into the chromosome.

Of all the recently developed allelic exchange methods, the ones described by Faulds-
Pain and Wren (2013)259 and Leang et al. (2013)27 for C. difficile and C. ljungdahlii get 
by with the use of just one selection marker (catP, ermC) and no counter selection 
marker. In C. difficle, generation of an ermB deletion mutant by alleleic exchange was 
described to be facilitated by longer homology arms.259 The longer the homology arms 
(300 bp, 600 bp, 1200 bp), the higher the frequency of double-crossover events inclusive 
of the desired one and the less the need to apply counter selection markers. However, the 
generated C. difficile ΔermB mutant exhibited an easy selectable phenotype and therefore, 
did not call for the use of a second (counter) selection marker. Consequently, the genera-
tion of a mutant with a less easy-to-select phenotype, such as the flagellin deletion mutant 
ΔfliC, required an increased number of nonselective subcultures and a more extensive 
screening approach.259 In addition, the application of long homology arms might hamper 
the integration of exogenous DNA into the chromosome of the target strain. In C. ljung-
dahlii, transfer of an allelic exchange suicide plasmid into the clostridial host resulted in 
30% of all cases in the desired disruption of fliA by double-crossover.27 The gene fliA 
encodes a sigma factor that is involved in the regulation of flagellar biosynthesis and 
motility. The disadvantage of the method is the retention of the antibiotic-resistance 
marker in the genome. The marker cannot be easily removed and therefore, complicates 
future modifications.

The development of allelic exchange methods and their related counter selection markers 
within the last couple of years is one of the major breakthroughs in the molecular biology of 
Clostridium. It allows the targeted generation of stable markerless and scarless in-frame 
double-crossover mutants. It is expected that the methods described here will, in the near 
future, lead to the generation of Clostridium strains with superior biofuel and/or chemical 
commodity production.
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Other Advanced Genetic Tools
Counter (Negative) Selection Markers

In contrast to (positive) selection markers (Clostridial Vector Systems Section), counter (negative) 
selection markers are used to remove unwanted plasmids or cells from a given population. They 
are particularly of value if only a limited number of selection markers are available and multiple 
markerless mutations in a gene or chromosome are required. In reverse genetics, especially of  
genetically more intractable organisms, they greatly facilitate the identification of rare recombina-
tion events and the generation of double-crossover homologous recombination (allelic  
exchange) mutants.93 Commonly used counter selection markers provoke, for example, sensitivity 
to otherwise tolerable compounds (e.g., tetAR,260 sacB,261 ura3,262 codA,263,264 hpt,265 incorpora-
tion of toxic analogs into cell components (e.g., pheS,266 sensitivity to antibiotics (e.g., rpsL267) or 
are part of toxin-antitoxin systems (e.g., ccdB,268 mazF269). Counter selection can also be obtained 
by using auxotrophic mutants (e.g., ura3,262 upp,270 trp1271). The latter markers allow both 
positive and negative selection (see below, pyrE/pyrF). In general, counter selection markers can 
be classified into two groups, exogenous and endogenous markers.61 Exogenous markers are 
derived from another species and do not have chromosomal counterparts in the host strain. 
Endogenous markers are closely related orthologs or copies of chromosomal genes. Their func-
tion is well known in the target strain. Consequently, they can only be used in a mutant back-
ground in which the original gene has been inactivated or deleted. Due to the variety of counter 
selection markers and their application for allelic exchange, various selection strategies have been 
described (Recombination-Based Methods (Allelic Exchange) Section). The most frequently used 
selection strategy follows a two-step protocol and is always used when the mutated gene cannot 
be directly selected (i.e., does not cause a selectable phenotype)93 (Figure 3). The main challenge 
for a broad application of counter selection markers is their identification and the development of 
appropriate selection strategies and conditions.93

For Clostridium, the development of such markers, especially for allelic exchange, has only 
recently been reported (Table 5). Exogenous markers used to date are the E. coli genes codA61 and 
mazF.38 E. coli codA encodes for cytosine deaminase (CodA), an enzyme involved in the pyrimi-
dine metabolism by converting cytosine into uracil. Its substrate specificity is reasonably relaxed to 
allow the conversion of the harmless fluorinated pyrimidine analogue 5-fluorocytosine (FC) into 
the uracil analog 5-fluorouracil (FU).272 Subsequently, FU is metabolized into several active highly 
toxic compounds, which lead eventually to: (1) the inactivation of the thymidylate synthase (ThyA 
or TS), a key enzyme of the nucleotide biosynthesis; (2) the misincorporation of fluoronucleotides 
into RNA and DNA; and (3) cell death273,274 (Figure 4). In the case of C. difficile, FU can be 
metabolized, but not generated. The provision of codA on a plasmid backbone will lead to cell 
death in the presence of FC. Applied in allelic exchange, double-crossover mutants can be identi-
fied due to their ability to grow in the presence of FC. These clones have excised and lost the 
plasmid including codA in the second recombination event.61
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The E. coli mazE-mazF genes encode a toxin-antitoxin system involved in the programmed 
cell death under nutrient deprivation. The toxin MazF, an mRNA interferase with ACA-specific 
endoribonuclease activity, is stable; the antitoxin MazE is not. Inactivation or omission of 
MazE will leave active MazF behind and cause cell death.269,275,276 To facilitate counter 

Figure 4
Metabolism of 5-Fluorouracil (FU)274 modified. Fluorinated pyrimidine analogs 5-fluoroorotic acid 
(FOA) and FC are converted by the endogenous markers orotate phosphoribosyltransferase (OPRT, 

pyrE) or orotidine 5′-phosphate decarboxylase (OMPD, pyrF) or the exogenous marker cytosine deami-
nase (CodA) to FU. FOA, FC and FC are not metabolically active. They exhibit their cytotoxic effect 

through their active highly toxic fluorinated metabolites fluorodeoxyuridine monophosphate (F-dUMP), 
fluorodeoxyuridine triphosphate (FdUTP) and fluorouridine triphosphate (FUTP). These compounds 

cause the inactivation of thymidylate synthase (ThyA or TS; key enzyme of the nucleotide biosynthesis), 
miscomposition of RNA and DNA and cell death.273,274 In detail, activation of FU occurs via three 

pathways: (1) the direct conversion to 5-fluorouridine monophosphate (FUMP) by the action of orotate 
phosphoribosyltransferase (OPRT) and the cofactor phosphoribosylpyrophosphate (PRPP); (2) the 

indirect conversion to FUMP via 5-fluorouridine (FUR) and the activity of uridine phosphorylase (UP) 
and uridine kinase (UK); and (3) the catalysation to 5-fluorodeoxyuridine (FUDR) by thymidine phos-

phorylase (TP). FUMP is phosphorylated to 5-fluorouridine diphosphate (FUDP) which is either further 
phosphorylated to the cytotoxic compound FUTP or metabolised to 5-fluorodeoxyuridine diphosphate 

(FdUDP) by ribonucleotidereductase (RR). FdUDP is phosphorylated or dephosphorylated to the 
cytotoxic compounds FdUTP or FdUMP. Conversion of FU to FUDR by TS is followed by the phosphory-

lation of FUDR to FdUMP by thymidine kinase (TDK or TK). Conversion of FU to dihydrofluorouracil 
(DHFU) is mediated by dihydropyrimidine dehydrogenase (DPD).
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selection in C. acetobutylicum, mazF was placed onto the plasmid backbone under the control 
of a lactose inducible promoter.38,67 Addition of lactose to the medium permitted a controlled 
induction of mazF and caused death of cells that have not yet excised and lost the plasmid in 
the second recombination event.38

Endogenous markers developed to date for Clostridium are upp,54 pyrE,39,63 pyrF,64 hpt/tdk,254 
and galKT62 (Table 5). Of these, most are involved in pyrimidine biosynthesis, pyrE and pyrF in 
the de novo pathway, upp in the salvage pathway.277 Deletion or inactivation of upp (encoding 
uracil phosphoribosyltransferase) has been shown to create strains, which cannot convert FU 
into one of its highly toxic metabolites273,274 (Figure 4) and are, therefore, able to grow in the 
presence of FU. If incorporated into the plasmid used for allelic exchange cells that have not 
undergone double-crossover and excised and lost, the plasmid can be counter selected in the 
presence of FU.54,270 The use of upp was first been described by Fabret et al. (2002)270 and later 
adapted for use in Clostridium by Soucaille et al. (2006).54 Of the de novo biosynthesis path-
way, deletions of the genes encoding the pyrE and pyrF have been shown to generate strains that 
are resistant to the bactericidal degradation products of the fluorinated pyrimidine analog 
5-fluoroorotic acid (FOA) and auxotroph for uracil.262 Beside their natural substrates, both 
enzymes convert FOA to FU. As mentioned above, the latter is subsequently metabolized into 
several highly toxic compounds, which eventually leads to cell death273,274 (Figure 4).

The beauty of pyrE and pyrF is that they can be used for both positive and negative selection. 
Positive selection is achieved by complementation of the auxotrophic mutant with the photo-
trophic wildtype allele (pyrE, pyrF) and growth on unsupplemented medium, negative 
selection by the use of FOA to counter select the wildtype allele. If needed, the auxotrophic 
mutant can be selected against by growth on defined medium lacking uracil supplementa-
tion.262 The ability of pyrE to serve as both a selection or counter selection marker for  
Clostridium has been extensively explored in the ACE and the allelic exchange method 
developed recently for C. acetobutylicum39 and C. difficile63 (Tables 4 and 5; Recombination-
Based Methods (Allelic Exchange) Section). it is noteworthy that within two variations of 
ACE, pyrE was not used as a plasmid backbone-based (counter) selection marker as is usually 
the case. The state of pyrE and, therefore, uracil auxotrophy/prototrophy was determined 
either by the truncation or repair of its chromosomal gene or by the alternation of its presence 
in the allelic exchange cassette with another selection marker (ermB) in a ΔpyrE strain.

In contrast to C. acetobutylicum, a C. thermocellum ΔpyrF strain has been shown to exhibit a 
growth defect and not be optimal for future genetic manipulations.64,254 Therefore, another 
counter selection system was developed for this organism. The system combines the endog-
enous C. thermocellum hypoxanthinephosphoribosyl transferase (hpt) gene and the exogenous 
Thermoanaerobacterium saccharolyticum thymidine kinase (tdk) gene in a three-step selection 
procedure254 (Recombination-Based Methods (Allelic Exchange) Section). Both enzymes 
catalyze reactions of the nucleic acid metabolism. The HPT or HPRT is involved in the recy-
cling of purines such as adenine, guanine, xanthine, and hypoxanthine.278 Purine analogs like 
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8-aza-2,6-diaminopurine (ADP), 8-aza-guanine (AZG), and AZH are also converted by the 
enzyme, but lead to cell death.254,265 The TDK (or TK) metabolizes deoxythymidine to 
deoxythymidine 5’-phosphate, but can also convert FUDR, an analog of FU, to fluoro-dUMP 
(F-dUMP), an inhibitor of the ThyA or TS274 (Figure 4). Another endogenous counter selection 
system, the GalK/galactose (Gal)-based system developed for C. perfringens used the galK gene 
and the nonmetabolizable d-galactose analog 2-deoxy-D-galactose (DOG).62 GalK catalyzes the 
phosphorylation of galactose to galactose-1-phosphate. Due to its relaxed substrate specificity, it 
can also phosphorylate DOG to 2-deoxy-galactose-1-phosphate (DOGP). DOGP cannot be 
further metabolized and accumulates to toxic levels and causes cell death. Hence, cells express-
ing GalK exhibit sensitivity to DOG,279–281 and a galKT deletion mutant had to be used in this 
approach as C. perfringens possesses an endogenous galKT operon.62

Inducible Gene Expression

Systems for the targeted, regulated, and effective control of gene expression by the use of 
chemical or physical inducers are another powerful tool in genetics.282 They facilitate: (1) 
the investigation of the function(s) of proteins in vitro and/or in vivo; (2) the production of 
high levels of industrially and/or medically valuable proteins; and (3) the genetic modifica-
tion of organisms. Functional in vitro analyses are associated with the heterologous expres-
sion and subsequent purification and characterization of the protein of interest282; in vivo 
analysis is associated with the complementation of mutant phenotype63,283 or the overex-
pression of the target protein in the wildtype strain.151 Genetic manipulation by IGE 
systems can, for example, be achieved by the expression of (key) regulatory or metabolic 
enzymes in the target strain25,284 or the controlled induction of counter selection markers.38 
Efficient IGE systems: (1) work in a variety of organisms; (2) are easy to use and do not 
require temperature shifts, specific media, or expensive inducers; (3) allow a dose-depen-
dent control of the gene expression over a broad range of inducer concentrations; (4) react 
rapidly to the presence of the inducer; and (5) have a low basal gene expression in the 
absence of the inducers.21,67

The development of reliable IGE systems for use in Clostridium has been pursued for many 
years. Early systems equipped the otherwise strong promoters of the thl gene66,148,285 or the C. 
pasteurianum ferredoxin (fdx) gene with lac operator sequences of the E. coli lacZ gene22 to 
endow inducibility by IPTG. However, particularly for the latter promoter (Pfac), low levels of 
induction on addition of the inducer and high levels of basal gene expression in the absence 
of the inducer were reported.237 Two other systems focused on the use of the C. acetobutyli-
cum recA promoter, which is induced by UV-radiation286 or a weakened version of the thl 
promoter.287 However, only low levels of induction were achieved using recA. The use of the 
weakened thl promoter represents a general downregulation of the gene expression, rather 
than a controlled expression.
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The first more advanced IGE system was reported for C. acetobutylicum and based on the xylose 
operon promoter-repressor regulatory system of Staphylococcus xylosus66 (Table 6). In brief, the 
S. xylosus xylose use operon comprises the genes for a xylose isomerase (xylA) and a xyluloki-
nase (xylB).288,289 The repressor of the operon, XylR, is located in direct proximity to the xylA-
xylB operon and transcribed in the same direction. In the absence of xylose, transcription of the 
xylA-xylB operon is repressed due to the binding of XylR to the xylA operator palindrome 
downstream of its promoter. In the presence of the inducer xylose, XylR is inactivated, and 
transcription of the xylA-xylB operon enabled.290 To apply this system for a regulated and targeted 
control of gene expression in C. acetobutylicum, xylR and the xylA promoter-operator sequence 
were localized to a plasmid.66 A 17-fold induction was achieved in the presence of xylose as the 
sole carbon source. However, use of this IGE system is limited because it is potentially affected 

Table 6: Inducible gene expression systems for Clostridium

Inducer
Applied 

Components Origin Application Location Comments References

Xylose xylR-PxylA S. xylosus Clostridium 
acetobutylicum

Plasmid 17-fold induction, 
potentially effected by 

glucose-mediated 
catabolite repression

66

Xylose xylR-PxylB Clostridium 
difficile

Clostridium 
perfringens

Plasmid 10-fold induction, 
not effected by 

glucose, divergent 
transcription system

68

Lactose bgaR-PbgaL C. perfringens C. perfringens Plasmid Up to 80-fold 
induction (strain-
dependent), low 

basal expression in 
absence of inducer, 

not effected by 
glucose or IPTG, 

divergent transcrip-
tion system

67

AHT PtetR-tetR; 
Ptet-gusA

Escherichia coli
Bacillus subtilis

C. difficile Plasmid Approximately 
200-fold induction, 
divergent transcrip-

tion, dose-dependent, 
low basal expression, 
up to 500 ng/mL aTc

65

Pthl-tetR; 
Pcm-tetO1-gusA

C. acetobutyli-
cum, C. 

perfringens,
E.coli

C. 
acetobutylicum

Plasmid 119-fold induction, 
dose-dependent, low 
basal expression, aTc 

toxicity above 
100 ng/mL

21

AHT = anhydrotetracycline hydrochloride.
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by glucose-mediated catabolite repression.66 Using a medium with a carbon source other than 
glucose can compromise growth rates and therefore, expression rates.

More recently developed IGE systems are based on divergently transcribed genes (Figure 5, 
Table 6). Of these, a xylose inducible system was developed for C. perfringens based on the 
directly adjacent divergently transcribed C. difficile genes xylR and xylB-xylA68 (Table 5). The 
intergenic region of the genes contains a divergently transcribed promoter and the putative 
xylO operator sequence, the upstream of xylBA located binding site of the repressor XylR. It 
is assumed that the same regulation pattern occurs as described above for S. xylosus290 or 
Bacillus subtilis.291 To serve as an IGE system in C. perfringens, the chromosomal C. difficile 
xylR-PxylB region was placed on a replicative plasmid. Using the catP of C. perfringens as a 
reporter gene, an almost 10-fold increase in gene expression and a tightly regulated control in 
response to the inducer concentration was demonstrated. Due to the fact that C. perfringens is 
unable to use xylose, the system was not affected by catabolite repression.68

Another IGE system developed for C. perfringens is inducible by lactose and uses elements 
of the divergently transcribed genes bgaR and bgaL67 (Table 6). The gene bgaL encodes a 
β-galactosidase, the gene bgaR an activator for bgaL expression. For the generation of a 
plasmid-based IGE system, the entire bgaR gene, the intergenic divergent promoter region 
(PbgaL), and an N-terminal region of bgaL were placed on an E. coli/C. perfringens shuttle 
vector. Using β-glucuronidase as a reporter, an 80-fold increase in gene expression on lactose 
induction was demonstrated for a C. perfringens strain with low endogenous β-glucuronidase 
activity. In the absence of the inducer, expression levels were only two-fold increased, 
indicating a low basal expression. The IGE system was lactose dose-dependent and unaf-
fected by glucose or IPTG. The same system has been applied in C. acetobutylicum to 

Figure 5
Schematics of divergent transcription. The gene of a regulator R (RegR) and its target genes (genes 1 

and 2) are located in direct proximity but are transcribed in different directions by the use of the 
same or directly adjacent promoters. The RegR controls the transcription of the genes 1 and 2 

either: (1) negatively by binding to the sequence seqR in the absence of the inducer (seqR acts as an 
operator sequence)68 or (2) positively in the presence of the inducer.67 Divergent transcription is a 

known feature in carbohydrate metabolism.67,68,292 Abbreviations: regR/RegR, regulator R; Pdiv, 
divergent acting promoter, seqR, regulatory sequence and binding site of RegR.
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regulate the expression of the plasmid-based counter selection marker mazF.38 Here, reporter 
assays showed a 10- to 15-fold increase of β-glucuronidase activity on lactose addition.

Recently, anhydrotetracycline (aTc) IGE systems have been developed for C. difficile65 and  
C. acetobutylicum.21 Discovered in the E. coli transposon Tn10, the tetracycline (Tc) respon-
sive expression system consists of a tetA gene encoding a membrane spanning Tc-exporting 
protein and a divergently orientated tetR gene coding for a Tc-responsive repressor (TetR).293 
The transcription of tetA is controlled by TetR due to its binding to operator sequences (tetO1, 
tetO2) in the promoter region of tetA. In the absence of Tc, TetR binds tightly to tetO dis-
abling tetA transcription. The presence of Tc leads to conformational changes of TetR, 
rendering it unable to bind to tetO and therefore, releases the repression of tetA transcrip-
tion.294 In IGE systems, the Tc analog anhydrotetracycline (aTc) is usually used as an inducer 
because it exhibits a lower toxicity and higher binding efficiency to TetR.295 The Tc (aTc) 
IGE system has been shown to be one of the most effective systems for a controlled and 
regulated gene expression and has been used in many organisms.296,297 In C. difficile and  
C. acetobutylicum, the β-glucuronidase (gusA) gene was used as a reporter gene to evaluate 
the strength and inducibility of the tetracycline inducible promoter. Expression of gusA was 
controlled by the tet promoter (Ptet) in C. difficile and by the Pcm-tetO1 promoter in C. acetobu-
tylicum. Ptet consists of the strong B. subtilis xylose operon (xyl) promoter equipped with 
Tn10 tet regulatory elements298,299; Pcm-tetO1 comprises the promoter of the C. perfringens 
chloramphenicol acetyltransferase (catP) gene equipped with tet operator (tetO) sequences.21

A further difference between the two studies was the expression of the tetR gene. In C. difficile, 
tetR was divergently expressed using its native promoter, whereas in C. acetobutylicum, the 
expression was driven by the constitutive thl gene promoter (Pthl) in the same direction as the 
gusA gene. In C. difficile, it was demonstrated that the plasmid-based IGE system was aTc 
dose-dependent with a maximum almost 200-fold increased gene expression at 500 ng/mL aTc. 
The Ptet promoter proved to be tightly controlled in the absence of aTc.65 For C. acetobutylicum, 
a maximum 119-fold increased gene expression could be achieved.21 Binding of TetR to tetO in 
the absence of the inducer was stringent.21 The drawback of the C. acetobutylicum system is, 
however, the inhibition of growth at aTc concentrations higher than 100 ng/mL.

Conclusion

The clostridial molecular biology has seen major changes over the last decade. The number of 
sequenced genomes increased drastically. For reverse genetics, new methods for the targeted 
disruption and deletion of chromosomal genes by either mobile group II introns or allelic 
exchange have been described. Homologous recombination also permitted the integration of large 
exogenous DNA sequences into the chromosome. It has been shown that multiple, markerless, 
in-frame, and scarless mutations can be made in one strain using allelic exchange. Besides these 
major achievements, standardized plasmid systems, counter selection markers, and inducible gene 
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expression systems have been developed. For forward genetics, the use of the mariner transposon 
enables effective random mutagenesis for the discovery of new genetic functions. The clostridial 
molecular biology has stepped into a new era, allowing not only the more thorough investigation 
of pathogens and measures to counteract them, but also the targeted modification of industrially 
valuable strains to generate superior biofuel and/or chemical commodities producing strains.
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Outlook for the Production of Butanol from 
Cellulolytic Strains of Clostridia
Jennifer L. Takasumi, James C. Liao
Department of Chemical and Biomolecular Engineering, University of California, Los Angeles, 
California, USA

Introduction

Lignocellulosic biomass is widely accepted as a desirable feedstock for biofuel production 
because it is an abundant, renewable, nonfood carbon source that is an order of magnitude 
less expensive than simple sugars and starches.1 However, industrialization of lignocellulose 
processing has been troubled by plant cell-wall recalcitrance, which necessitates expensive 
thermochemical pretreatment and the production of cellulolytic enzymes to release ferment-
able sugars.2 Consolidated bioprocessing (CBP) offers an economical alternative to current 
multistep processing, in which the capacity for feedstock hydrolysis and fuel production are 
contained within a single microorganism. Cellulolytic Clostridium species are among the 
most promising organisms to serve as CBP hosts because they possess robust lignocellulose-
degrading machinery. Recent efforts have focused on overproduction of ethanol and molecu-
lar hydrogen from cellulolytic hosts, such as Clostridium thermocellum.3–5 Furthermore, 
microbial productions of non-native products such as n-butanol and isobutanol by CBP are 
also of interest.6–8 These C4 alcohols have emerged as prominent advanced biofuels because 
of their favorable fuel properties, compatibility with current infrastructure, and ability to serve 
as chemical feedstocks. Microbial productions of such compounds from sugars have been 
demonstrated with reasonably encouraging yields and productivities.9–11 However, direct 
production of these compounds is still in its infancy, despite the demonstration of feasibility.12 
Production of butanol from cellulosic materials will ultimately be the goal.

Cellulolytic Clostridia and the Cellulosome

Members of the genus Clostridium are strictly anaerobic, spore-forming bacteria. In particu-
lar, cellulolytic Clostridia are of interest for direct microbial conversion of biomass to liquid 
fuels because of their native, robust cellulolytic machinery—cellulosomes. Cellulosomes are 
lignocellulose-degrading, multienzymatic complexes that have been found in anaerobic 
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microorganisms such as Clostridia and Ruminococci. They are composed of scaffoldins; 
cohesins; dockerins; carbohydrate-binding modules (CBMs); and catalytic, sugar-degrading 
subunits.13 The flexible backbone of a cellulosome is formed by scaffoldin subunits, which 
are cohesin-containing moieties. Cohesins form highly specific, calcium-dependent bonds 
with dockerin domains of other subunits, such as catalytic domains and CBMs.13–15 Catalytic 
domains can include cellulases, hemicellulases, and other polysaccharide-degrading enzymes 
and vary between species. Finally, a CBM allows for the attachment of the cellulosome to the 
biomass substrate it is degrading.

These structural and catalytic features of a cellulosome provide many benefits for efficient 
biomass degradation. First, cellulosomes are typically bound to the cell surface and the 
substrate, which provides close proximity between cells and released cellodextrins, thus 
minimizing losses due to diffusion.14,15 In addition, catalytic components of the cellulo-
some are thought to redistribute under different conditions, providing an adaptive struc-
ture.13,16 This concept of synergism among diverse hydrolytic enzymes has demonstrated 
improved efficiency of substrate utilization.15,17 Furthermore, enzyme-microbe synergy has 
been observed, in which cellulosome-cell attachment was found to improve cellulose 
degradation in Clostridium thermocellum as well as a synthetic minicellulosome displayed 
in Bacillus subtilis.18,19 Because the biomass degradation capacity of cellulosomes is 
natively robust, cellulolytic Clostridia provide a promising platform for direct microbial 
conversion of biomass to fuels. Below, the cellulolytic and metabolic features of CBP 
candidates will be discussed as well as the status of genetic techniques and examples of 
metabolic engineering.

Clostridium thermocellum

C. thermocellum is one of the most investigated cellulosome-expressing bacteria and is the 
model thermophilic cellulolytic Clostridium, growing optimally at approximately 60 °C.3 It 
has one of the fastest growth rates on cellulose,15 and its cellulosomes are more complex 
(based on cellulosome size) than mesophilic Clostridia such as Clostridium cellulolyticum.20 
Furthermore, the temperature for optimal cellulosomal activity corresponds to the host’s 
growth temperature, and the cellulosome has demonstrated resistance to inhibitors and 
fermentative products.21 Its thermophilic nature minimizes the chance of contamination and 
facilitates product recovery.3 C. thermocellum produces hydrogen, ethanol, and acetate as 
major fermentative products, and the effects of end product accumulation on metabolism have 
been investigated.22 Metabolic and cellulolytic features have been examined by microarray 
analysis to help elucidate some novel features of this organism.23,24 For example, C. thermocellum 
uses an atypical pathway for synthesizing the central metabolite, pyruvate. Instead of pyruvate 
kinase, which produces pyruvate and ATP from phosphoenolpyruvate, it uses the malate shunt 
(i.e., the transhydrogenase-malate pathway), which directs flux to oxaloacetate and malate 
and is dependent on different cofactors.25,26
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In addition to studies on C. thermocellum metabolism, development of genetic techniques and 
examples of metabolic engineering provide a background for introducing and optimizing 
butanol production pathways. Tyurin et al. demonstrated uptake of plasmid DNA by electro-
transformation, and Guss et al. improved the transformation efficiency to strain DSM 1313 by 
preparing plasmid DNA with a dam + dcm - Escherichia coli strain.27,28 Gene deletions and 
heterologous expression via chromosomal insertion in C. thermocellum have also been 
achieved.26,29,30 Efforts in metabolic engineering have focused on improving bioethanol 
production. For example, Deng et al. overexpressed pyruvate kinase from Thermoanaerobac-
terium saccharolyticum, which, combined with a lactate dehydrogenase deletion, improved 
ethanol production by 3.25-fold.26 Argyros et al. was also successful in redirecting carbon 
flux from biomass by deleting genes from competing fermentative pathways—lactate dehy-
drogenase and phosphotransacetylase. Evolving the strain over 2000 h resulted in improving 
ethanol titers and selectivity.31 Genetic engineering tools have significantly aided progress 
toward C. thermocellum as a CBP host, but additional technologies will be necessary to 
achieve goals of industrialization. Because C. thermocellum is not a native butanol-producer, 
expression of heterologous genes will be necessary. Consequently, development of a depend-
able multigene expression system is one major challenge moving forward. In addition, 
strategies for achieving high titers and yields in this organism must be developed.

Clostridium cellulolyticum

C. cellulolyticum is a model mesophilic cellulolytic Clostridium with a growth temperature of 
34 °C. In addition to its ability to degrade cellulose, the cellulosomes of C. cellulolyticum also 
contain components for degrading hemicelluloses and pectin.20 Techniques for DNA transfer and 
gene deletions have been established32,33 and have been utilized for biofuel production in this 
organism. It is interesting to note that it secretes the central metabolite, pyruvate, in nutrient-rich 
conditions, suggesting an imbalance carbon flow at this node.34 Guedon et al. overexpressed two 
genes from the ethanol-producer, Zymomonas mobilis—pyruvate decarboxylase and alcohol 
dehydrogenase—to metabolize accumulated pyruvate. This improved cellulose consumption and 
ethanol production.35 On the other hand, Li et al. deleted lactate dehydrogenase and malate 
dehydrogenase of competing pathways to improve the ethanol production 8.5-fold from crystal-
line cellulose.33 Higashide et al. recently reported the first instance of cellulose to isobutanol by a 
CBP organism. A recombinant strain of C. cellulolyticum containing five heterologous genes 
produced 660 mg/L isobutanol from crystalline cellulose in 7–9 days.12 This demonstrative work is 
encouraging for continuing research on the CBP of cellulose to non-native products.

Other Cellulolytic Hosts

In addition to C. thermocellum and C. cellulolyticum, other organisms merit consideration 
as native cellulolytic CBP hosts. For example, Clostridium cellulovorans is a mesophilic, 
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cellulosome-expressing Clostridium that can degrade a broad range of substrates such as 
cellulose, xylan, and pectin. It also ferments acetate and butyrate, in addition to ethanol, 
lactate, hydrogen, formate, and CO2.36 Clostridium phytofermentans is another interesting 
mesophilic cellulolytic Clostridium. Unlike other species discussed here, there is no 
evidence of cellulosome expression because it lacks scaffolding and dockerin domains, but 
some catalytic enzymes do adhere to the substrate via CBMs.37 C. phytofermentans is an 
attractive host because it contains the highest number of genes for lignocellulose degrada-
tion among sequenced Clostridia38 and has a broad range of carbon substrates, which 
include diverse polysaccharides, oligosaccharides, and monosaccharides.39

The industrial n-butanol-producer, Clostridium acetobutylicum, has also been considered as a 
CBP host. Although it is unable to grow on cellulose, it contains 11 cellulosomal compo-
nents40 and secretes hemicellulose-degrading enzymes.41 Modifying this inactive system to 
enable cellulolytic capacity presents another promising strategy for butanol CBP. Finally, 
thermophilic cellulolytic species of the genus Caldicellulosiruptor, such as Caldicellulosirup-
tor bescii, are promising hosts because they can efficiently degrade plant substrates that have 
not undergone chemical pretreatments.5,42 Eliminating the biomass pretreatment step in 
lignocellulose processing is an economical benefit that has led to continued research in 
organisms of this genus. Their cellulolytic systems are composed of noncellulosomal, multi-
domain cellulases.43 Furthermore, the recent ability to transform DNA to C. bescii may soon 
enable metabolic engineering for biofuel production.44

Microbial n-Butanol- and Isobutanol-Producing Pathways

Microbial production of higher alcohols has become of increasing interest in the past decade 
for use as transportation fuels and chemical precursors.7 Native and synthetic pathways have 
been constructed in microorganisms to utilize central metabolites such as pyruvate and 
acetyl-coenzyme A (CoA) and direct flux to desired chemical products. n-Butanol and 
isobutanol are desirable substitutes for liquid transportation fuels because of their comparable 
octane number and heating value to gasoline.6 In addition, their low hygroscopicity makes 
them compatible fuels for storage and distribution9. This section will introduce enzymatic 
pathways for producing either n-butanol or isobutanol, present metabolic engineering of these 
pathways into desirable hosts, and outline general and species-specific challenges leading to 
industrialization of such microbial processes.

Microbial n-Butanol Pathways
CoA-Dependent n-Butanol Production in Solventogenic Clostridia

n-Butanol production by solventogenic Clostridia was industrialized in the early 1900s and has 
recently regained attention.45 This group of Clostridia natively produces acetone, n-butanol, and 
ethanol in what is known as ABE fermentation. Growth occurs in two phases: acidogenesis, in 
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which organic acids such as acetate and butyrate are produced with ATP, and then solventogen-
esis, in which the acids are reassimilated to produce acetone, butanol, and ethanol at a ratio of 
3:6:1, respectively.46 Recent efforts in optimizing native butanol production have aimed at better 
understanding key gene regulation as well as improving titers and butanol selectivity against 
other fermentative products.45

The CoA-dependent butanol pathway proceeds in six steps from acetyl-CoA. First, two 
molecules of acetyl-CoA are converted to butyryl-CoA by thiL, hbd, crt, and bcd/etfA/etfB in 
a pathway analogous to fatty acid biosynthesis. Butyryl-CoA is then converted to butanol by 
an aldehyde dehydrogenase and alcohol dehydrogenase, such as the bifunctional aldehyde-
CoA/alcohol dehydrogenases encoded by adhE or adhE1, which catalyze both reactions.45,47 
Alternatively, butyrate can be converted to n-butanol by CtfAB and AdhE1 while producing 
the acetone precursor, acetoacetate. The schematic in Figure 1 shows the pathways for 
Clostridial butanol production.48

Butanol titers exceeding 15 g/L have been achieved in C. acetobutylicum,49,50 Clostridium 
beijerinckii,11,51 and Clostridium saccharoperbutylacetonicum.52 Genetic manipulations have 
focused on C. acetobutylicum with strategies such as knocking out competing pathways49,53 
and overexpressing butanol production genes.48,49,53 In addition, Nair et al. demonstrated a 
successful regulatory strategy. They identified a repressor, SolR, which acts on the sol locus 
to downregulate expression of solventogenic genes (aad, ctfA, ctfB, and adc). Inactivating the 
solR gene led to significant improvement in butanol and acetone titers.50 It is worth noting 
that all of these productions occurred in acidic conditions because it is a trigger for solvento-
genesis.46 Although much has been revealed about the metabolism of solventogenic Clos-
tridia and effective ways to manipulate it, research continues in improving genetic techniques, 
understanding biphasic regulation, and improving solvent tolerance.

n-Butanol Production in Non-Native Hosts

In the past 5 years, heterologous expression of clostridial CoA-dependent pathways has 
enabled butanol production in many non-native hosts. Strategies, such as deleting competing 
pathways and increasing expression of pathway genes, have been implemented, as well as 
investigating homologous enzymes and utilizing host-specific driving forces.

As a highly investigated bacterial host with well-developed genetic techniques, E. coli serves 
as an attractive host for heterologous butanol production. Atsumi et al. were the first to 
produce n-butanol in E. coli with this pathway. They expressed C. acetobutylicum butanol 
genes (hbd, crt, bcd/etfA/etfB, adhE2), but they replaced thiL with a native E. coli thiolase 
gene, atoB. To improve butanol production, they knocked out genes from competing fermen-
tative pathways (ΔadhE, ΔldhA, ΔfrdBC, Δpta) and the anaerobic regulator, Fnr. The best 
strain microaerobically produced 550 mg/L butanol from 20 g/L glucose.54 Inui et al. also 
introduced the C. acetobutylicum butanol pathway, including thiL, to anaerobically produce 
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Figure 1
Fermentative pathways of Clostridium acetobutylicum. Schematic of (a) acidogenic fermentative 

pathways and (b) solventogenic pathways. thiL = acetyl-CoA acetyltransferase, hbd = 3-hydroxybutyryl-
CoA dehydrogenase, crt = 3-hydroxybutyryl-CoA dehydratase, bcd = butyryl-CoA dehydrogenase, 

etfAB = electron transfer flavoprotein, eutD = phosphotransacetylase, askA = acetate kinase,  
ptb = phosphate butyryltransferase, buk = butyrate kinase, ctfAB = butyrate-acetoacetate CoA-transferase, 

adc = acetoacetate decarboxylase, ALDH = aldehyde dehydrogenase, ADH = alcohol 
dehydrogenase.
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1.2 g/L of butanol from 40 g/L glucose.47 The most successful examples of high-titer, high-
yield butanol productions were achieved by replacing bcd/etfA/etfB with ter from Treponema 
denticola55,56 and increasing pathway flux with NADH and acetyl-CoA driving forces.56 Shen 
et al. knocked out fermentative pathways that consume acetyl-CoA and NADH (Δpta, ΔadhE, 
ΔldhA, ΔfrdBC) and overexpressed a formate dehydrogenase from Candida boidinii to direct 
carbon flux from acetyl-CoA through the butanol pathway. Anaerobic growth on glucose 
generates NADH, a product of glycolysis, which could not be recycled to NAD+ because all 
of the native fermentative pathways in the host were deleted. The synthetic pathway, which 
requires four NADH-consuming reactions, allowed the strain to regenerate the NAD+ neces-
sary for continued glucose consumption. The deletion of the acetyl-CoA-consuming pathway 
mediated by pta further boosted the production. Utilization of these driving forces enabled 
anaerobic production of 15 g/L of butanol, or 30 g/L with continuous product removal, 
yielding 70–88% of the theoretical maximum (see Figure 2).10

The clostridial CoA-dependent butanol pathway has been introduced to other hosts including 
Saccharomyces cerevisiae,57 Pseudomonas putida,58 B. subtilis,58 Lactobacillus brevis,59 and 
Synechococcus elongatus, a cyanobacterium60,61; however, production in these organisms lags 

Figure 2
Fermentative pathways of Escherichia coli. Schematic of fermentative pathways. ppc = phosphoenol-

pyruvate carboxylase, mdh = malate dehydrogenase, fumABC = fumarase, frdABCD = fumarate  
reductase, pyk = pyruvate kinase, pflB = pyruvate formate-lyase, ldhA = lactate dehydrogenase, 

pta = phosphate acetyltransferase, ackA = acetate kinase, adhE = acetaldehyde/alcohol dehydrogenase, 
ldhA = lactate dehydrogenase.
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behind native Clostridia and E. coli. In many of these cases, metabolic engineering principles 
were applied to improve butanol production from initial pathway introduction, such as using host 
enzymes or other homologs to replace activities of the clostridial enzymes or by designing 
host-specific driving forces. Berezina et al. selected the lactic acid bacterium, L. brevis, for its 
butanol tolerance and native expression of a thiolase, aldehyde dehydrogenase, and alcohol 
dehydrogenase. Recombinant introduction of five clostridial genes (hbd, crt, and bcd/etfA/etfB) 
resulted in production of 300 mg/L butanol.59 Lan and Liao demonstrated a 4-fold improvement 
in photosynthetic butanol production in S. elongatus by requiring irreversible ATP-consuming 
reactions and selecting enzymes that used the cofactor NADPH instead of NADH.61 These 
instances of heterologous butanol pathways demonstrate promise for use in cellulolytic Clos-
tridia, but they also illustrate the common challenge of increasing production to industrial levels.

In addition to CoA-dependent synthesis, n-butanol production has also been successful from 
2-keto acid intermediates of amino acid biosynthesis. Atsumi et al.9 demonstrated that these 
metabolites can be utilized for alcohol production via two steps: decarboxylation and reduc-
tion. The expression of a keto acid decarboxylase (Kdc) and alcohol dehydrogenase (Adh) in 
E. coli enabled microbial production of n-butanol as well as other alcohols such as n-propanol, 
2-methyl-1-butanol, and isobutanol, which will be discussed later.

Butanol production by the keto acid pathway, (i.e., amino acid pathway) stems from synthesis of 
the unnatural amino acid, norvaline (see Figure 3). From threonine, a deaminase (ilvA) produces 
2-ketobutryate, which is catalyzed by the leucine pathway (leuABCD) to form the keto acid 
precursor, 2-ketovalerate. 2-Ketovalerate is then catalyzed by exogenous Kdc and Adh to produce 
butanol. To improve the titer, ilvA and the leucine pathway were overexpressed and ilvD was 
deleted to minimize competitive substrates and flux toward leucine biosynthesis.9 In another 
study, Shen and Liao co-produced n-propanol and butanol in E. coli at about 1 g/L each. Produc-
tion of these alcohols was achieved by a combination of pathway overexpression (ilvA, leuABCD, 
a feedback-resistant thrA of leucine biosynthesis, and kivd and ADH2 of the keto acid pathway) 
and competing pathway deletion (ΔmetA, Δtdh, ΔilvB, ΔilvI, ΔadhE).56 Currently, butanol 
production via this pathway lags behind the clostridial pathway, but its promise remains.

Microbial Isobutanol Pathways

Production of isobutanol by the amino acid pathway uses the valine biosynthesis pathway to 
produce the intermediate, 2-ketoisovalerate (KIV). Two pyruvate molecules undergo conden-
sation and decarboxylation to form 2-acetolactate by an acetohydroxy acid synthase (AHAS). 
Then, reduction and dehydration by IlvC and IlvD yields KIV, the substrate for isobutanol 
production by Kdc and Adh (see Figure 3).

Atsumi et al. overexpressed the valine pathway (ilvIHCD) along with kivd and ADH2 in E. coli 
and removed competing pathways (ΔadhE, ΔldhA, ΔfrdAB, Δfnr, Δpta) to produce 2.3 g/L 



Figure 3
Keto acid pathways for n-butanol and isobutanol production. (a) Production of a primary alcohol 
from a 2-keto acid intermediate by kdc (keto acid decarboxylase) and adh (alcohol dehydrogenase). 
(b) Schematic of keto acid pathways for n-butanol and isobutanol production. ppc = phosphoenol-
pyruvate carboxylase, aspC = aspartate aminotransferase, thrA = aspartate kinase, thrB = homoserine 

kinase, thrC = threonine synthase, ilvA = threonine deaminase, leuA = 2-isopropylmalate synthase, 
leuCD = isopropylmalate isomerase, leuB = 3-isopropylmalate dehydrogenase, ilvE = branched-chain 
amino acid aminotransferase, pyk = pyruvate kinase, ilvIH = acetolactate synthase I, ilvC = acetohy-

droxy acid isomeroreductase, ilvD = dihydroxy acid dehydratase.
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isobutanol.9 Exchanging the AHAS, encoded by ilvIH, with a catabolic enzyme from B. subtilis, 
AlsS, and deleting pflB led to production of 22 g/L microaerobially.9 AlsS has a significantly 
higher affinity for pyruvate than IlvIH, which enhanced flux from the pyruvate node through the 
isobutanol pathway. Moving production to a bioreactor with gas stripping enabled titers to 
exceed 50 g/L.62 Alternatively, an evolutionary approach was used to develop an E. coli strain 
capable of similar isobutanol titers. Multiple rounds of random mutagenesis and selection were 
conducted to evolve strains resistant to norvaline, a branched chain amino acid analog that 
becomes toxic at high concentrations. Introduction of isobutanol pathway genes (alsS, ilvC, 
ilvD, kivd, adhA) to the evolved strain enabled production of 21.2 g/L isobutanol.63

Isobutanol has also been produced by the keto acid pathway in Corynebacterium glutami-
cum,64 B. subtilis,65,66 and S. cerevisiae.67–70 Furthermore, using renewable resources such as 
CO2 in S. elongatus,71 electricity in Ralstonia eutropha,72 and waste proteins in E. coli73 
highlights the potential for renewable advanced biofuels. Similar metabolic engineering 
strategies were used to improve isobutanol production after initial introduction of the path-
way. For instance, expressing genes to increase pyruvate and KIV pools was used in multiple 
hosts, as was deleting competing pathways.

Improving enzymes is another strategy for enhancing microbial fuel production. Bastian et al. 
used in vitro enzyme evolution to improve isobutanol yields in E. coli.74 They improved the 
balance of the cofactor, NADH, which is produced during glycolysis and oxidized during 
isobutanol production, by engineering IlvC to prefer NADH as an electron donor over 
NADPH, the preferred substrate of the wild-type enzyme. They also overexpressed a transhy-
drogenase to transfer electrons between NADH and NADP+. Finally, they improved the 
affinity of AdhA for isobutryaldehyde to achieve 100% of the theoretical yield from glucose 
anaerobically.74 Another approach was used by Matsuda et al., who engineered S. cerevisiae 
to express pathway enzymes in the cytosol instead of the mitochondrion, where it is normally 
expressed. This resulted in doubling production and demonstrates the role that compartmen-
talization may play in microbial chemical production.70

As is the case for clostridial pathway n-butanol production, engineering high-titer, high-yield 
isobutanol production has been most successful in E. coli. Although work in other hosts has 
demonstrated improvements in titer and yield, a more comprehensive understanding of how 
to manipulate metabolism will be necessary to reach industrial levels. Thus, continuing 
research on the level of basic metabolism will be necessary to understand relevant cell 
regulations and enable the design of host-specific driving forces.

Some thermophilic and hyperthermophilic archaea also possess enzymes that offer an alterna-
tive route to isobutanol from KIV. 2-Ketoisovalerate ferredoxin oxidoreductase (VOR) is a class 
of enzymes capable of CoA-dependent decarboxylation of 2-keto acids analogous to the 
reaction of the more common enzyme, pyruvate ferredoxin oxidoreductase. VORs have been 
identified and characterized in Thermococcus litoralis and Pyrococcus sp.,75 Methanobacterium 
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thermoautotrophicum,76 and Thermococcus profundus.77 These multimeric enzymes are 
composed of either three or four subunits and are often sensitive to oxygen. VORs are most 
relevant for isobutanol CBP in the thermophile C. thermocellum because of their activity at high 
temperatures. Biochemical assays have demonstrated their activity in vitro, but heterologous 
expression has not been reported in the literature.

Progress toward Butanol CBP in Cellulolytic Clostridia

Examples of native butanol production in Clostridia and heterologous C4 alcohol production 
in other microbes elucidate a general strategy for enabling and improving production of these 
chemicals. The first step is overexpressing pathway genes in the selected host. Alternative 
enzymes should also be considered for host compatibility, preferable cofactor usage,74 or 
superior activity, such as the pyruvate specificity of B. subtilis AlsS9 or the irreversibility of  
T. denticola Ter.10 Once the pathway is functional, production can be improved by deleting 
competing pathways, overexpressing additional genes to improve pathway flux, or disrupting 
unproductive regulation.50 Finally, optimizing production conditions, developing host-specific 
driving forces, and strain evolution have demonstrated success for achieving goals of high 
titer and yield. In solventogenic Clostridia, controlling pH and the switch from acidogenesis 
to solventogenesis was essential for improved titers.11 Balancing cofactors and providing 
effective driving forces are essential for synthetic pathways. For example, anaerobic NADH 
and acetyl-CoA accumulation in the specific E. coli knockout strain10 provided the necessary 
driving forces for CoA-dependent butanol production. In addition, continuous product 
removal may be used to reduce product toxicity.62 Cellulolytic Clostridia are still in the early 
stages of strain development,12 but this section will outline three promising strategies for 
developing n-butanol or isobutanol CBP strains.

Isobutanol CBP in Clostridium cellulolyticum

CBP of crystalline cellulose to isobutanol in C. cellulolyticum was the first demonstration of 
isobutanol CBP. Five genes from the E. coli pathway were expressed on a plasmid downstream 
of a ferredoxin promoter to produce 660 mg/L isobutanol. Challenges and unexpected results 
that occurred in engineering C. cellulolyticum will help inform future engineering of cellulolytic 
microbes for isobutanol CBP. For example, transformants containing wild-type alsS directly 
downstream of a constitutive promoter could not be obtained. Enzyme toxicity was believed to 
be the cause. However, moving the gene to the third position in the operon enabled successful 
transformation and isobutanol production thereafter. In addition, in vitro assays indicated that 
recombinant strains did not have statistically improved activities for IlvC, IlvD, or alcohol 
dehydrogenase. Thus, native enzymes may be sufficient to manage the pathway flux. On the 
other hand, negative controls demonstrated the absence of AlsS and Kivd activities, which 
implies that these are the most important steps for isobutanol CBP in cellulolytic Clostridia.12
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Toward Isobutanol CBP in Clostridium thermocellum

C. thermocellum is one of the most promising hosts for cellulolytic CBP because of the 
microbe’s rapid growth on cellulose and favorable properties of high-temperature anaerobic 
bioprocessing.3,78 However, engineering a heterologous pathway in this thermophilic organ-
ism has its unique challenges. High temperatures are believed to increase chemical toxicity, 
which may include unnatural pathway products and intermediates.79 Likewise, intermediate 
aldehydes have increased volatility. For instance, the boiling point of pure isobutyraldehyde is 
63 °C. The effect of increased temperature on the viability of cells and preventing loss of 
volatile intermediates should be considered. In addition, the thermostability of heterologous 
enzymes becomes an issue. To our knowledge, C4 alcohol production has not been demon-
strated in thermophiles; therefore, it is necessary to identify thermophilic enzymes. However, 
archaeal CoA-dependent VORs may be promising options because they are from thermophilic 
hosts. Finally, the unique pyruvate metabolism of C. thermocellum25 may factor into the 
success of butanol and isobutanol pathways derived from pyruvate and acetyl-CoA. Develop-
ments in genetic techniques, increasing instances of metabolic engineering, and recent 
findings on native metabolism are encouraging for the future development of CBP strains.

Clostridium acetobutylicum Cellulosome Development

As mentioned earlier, C. acetobutylicum secretes hemicellulose-degradation enzymes and 
possesses cellulosomal genes, although it cannot grow on crystalline cellulose. Combined 
with native n-butanol fermentation, the development of a chimeric cellulosomal system in this 
organism offers another encouraging route to n-butanol CBP. Fierobe et al. demonstrated that 
functional chimeric cellulosomes could be produced by mixing dockerin and catalytic 
domains from C. thermocellum and C. cellulolyticum17 with the previous knowledge that 
cohesin-dockerin interactions are specific to species.80 Perret et al. then demonstrated that 
these heterologous miniscaffoldins could be expressed and secreted by C. acetobutylicum in 
mature and active forms.81 Recently, minicellulosomes containing C. cellulolyticum catalytic 
subunits, including a mannose and some cellulases, were functionally expressed.41,82 Unfortu-
nately, expression of larger catalytic modules was unsuccessful because of secretion prob-
lems. The identification of an additional chaperone protein for proper secretion of larger 
proteins may be necessary for enabling CBP in C. acetobutylicum.41 Although activity of the 
minicellulosomes was demonstrated in vitro, CBP capacity has yet to be reported.

Conclusions

Butanol CBP has emerged as a promising route for producing renewable advanced fuels, 
although the ultimate role that butanol CBP will play among diverse biofuel production 
strategies remains unclear. Several challenges, such as the development of heterologous 
expression systems, limited understanding of metabolic regulation, and toxicity of 
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intermediates and products, still face this field. Nonetheless, the diversity of research and the 
significant progress that has been made over the past 20 years supports a bright future. The 
various strategies discussed here will not only contribute to developing a butanol CBP 
organism, but they will also help shape the general design principles used in the broader field 
of metabolic engineering.

Acknowledgment

The BioEnergy Science Center is a U.S. Department of Energy (DOE) Bioenergy Research Center supported by 
the Office of Biological and Environmental Research in the DOE Office of Science.

References

	 1.	� Chu S, Majumdar A. Opportunities and challenges for a sustainable energy future. Nature 2012;488:294–303.
	 2.	� Himmel ME, Ding SY, Johnson DK, Adney WS, Nimlos MR, Brady JW, et al. Biomass recalcitrance: 

engineering plants and enzymes for biofuels production. Science 2007;315:804–7.
	 3.	� Demain AL, Newcomb M, Wu JHD. Cellulase, clostridia, and ethanol. Microbiol Mol Biol Rev 2005; 

69:124–54.
	 4.	� Levin DB, Carere CR, Cicek N, Sparling R. Challenges for biohydrogen production via direct lignocellulose 

fermentation. Int J Hydrogen Energy 2009;34:7390–403.
	 5.	� Olson DG, McBride JE, Shaw AJ, Lynd LR. Recent progress in consolidated bioprocessing. Curr Opin 

Biotechnol 2012;23:396–405.
	 6.	� Li H, Cann AF, Liao JC. Biofuels: biomolecular engineering fundamentals and advances. Annu Rev Chem 

Biomol Eng 2010;1:19–36.
	 7.	� Mainguet SE, Liao JC. Bioengineering of microorganisms for C-3 to C-5 alcohols production. Biotechnol J 

2010;5:1297–308.
	 8.	� Lan EI, Liao JC. Microbial synthesis of n-butanol, isobutanol, and other higher alcohols from diverse 

resources. Bioresour Technol 2013;135:339–49.
	 9.	� Atsumi S, Hanai T, Liao JC. Non-fermentative pathways for synthesis of branched-chain higher alcohols as 

biofuels. Nature 2008;451:86–U13.
	10.	� Shen CR, Lan EI, Dekishima Y, Baez A, Cho KM, Liao JC. Driving forces enable high-titer anaerobic 

1-Butanol synthesis in Escherichia coli. Appl Environ Microbiol 2011;77:2905–15.
	11.	� Mutschlechner O, Swoboda H, Gapes JR. Continuous two-stage ABE-fermentation using Clostridium 

beijerinckii NRRL B592 operating with a growth rate in the first stage vessel close to its maximal value.  
J Mol Microbiol Biotechnol 2000;2:101–5.

	12.	� Higashide W, Li YC, Yang YF, Liao JC. Metabolic engineering of Clostridium cellulolyticum for production 
of isobutanol from cellulose. Appl Environ Microbiol 2011;77:2727–33.

	13.	� Bayer EA, Belaich JP, Shoham Y, Lamed R. The cellulosomes: multienzyme machines for degradation of 
plant cell wall polysaccharides. Annu Rev Microbiol 2004;58:521–54.

	14.	� Schwarz WH. The cellulosome and cellulose degradation by anaerobic bacteria. Appl Microbiol Biot 
2001;56:634–49.

	15.	� Lynd LR, Weimer PJ, van Zyl WH, Pretorius IS. Microbial cellulose utilization: fundamentals and biotech-
nology. Microbiol Mol Biol Rev 2002;66:506–77.

	16.	� Doi RH, Kosugi A. Cellulosomes: plant-cell-wall-degrading enzyme complexes. Nat Rev Microbiol 
2004;2:541–51.

	17.	� Fierobe HP, Mechaly A, Tardif C, Belaich A, Lamed R, Shoham Y, et al. Design and production of active 
cellulosome chimeras - selective incorporation of dockerin-containing enzymes into defined functional 
complexes. J Biol Chem 2001;276:21257–61.



304  Chapter 14

	18.	� Lu YP, Zhang YHP, Lynd LR. Enzyme-microbe synergy during cellulose hydrolysis by Clostridium 
thermocellum. Proc Natl Acad Sci U S A 2006;103:16165–9.

	19.	� You C, Zhang XZ, Sathitsuksanoh N, Lynd LR, Zhang YH. Enhanced microbial utilization of recalcitrant 
cellulose by an ex vivo cellulosome-microbe complex. Appl Environ Microbiol 2012;78:1437–44.

	20.	� Desvaux M. The cellulosome of Clostridium cellulolyticum. Enzyme Microb Technol 2005;37:373–85.
	21.	� Xu CG, Qin Y, Li YD, Ji YT, Huang JZ, Song HH, et al. Factors influencing cellulosome activity in consoli-

dated bioprocessing of cellulosic ethanol. Bioresour Technol 2010;101:9560–9.
	22.	� Rydzak T, Levin DB, Cicek N, Sparling R. End-product induced metabolic shifts in Clostridium thermocel-

lum ATCC 27405. Appl Microbiol Biotechnol 2011;92:199–209.
	23.	� Raman B, McKeown CK, Rodriguez Jr M, Brown SD, Mielenz JR. Transcriptomic analysis of Clostridium 

thermocellum ATCC 27405 cellulose fermentation. BMC Microbiol 2011;11:134.
	24.	� Riederer A, Takasuka TE, Makino S, Stevenson DM, Bukhman YV, Elsen NL, et al. Global gene expression 

patterns in Clostridium thermocellum as determined by microarray analysis of chemostat cultures on cellulose 
or cellobiose. Appl Environ Microbiol 2011;77:1243–53.

	25.	� Burton E, Martin VJJ. Proteomic analysis of Clostridium thermocellum ATCC 27405 reveals the upregulation 
of an alternative transhydrogenase-malate pathway and nitrogen assimilation in cells grown on cellulose. Can 
J Microbiol 2012;58:1378–88.

	26.	� Deng Y, Olson DG, Zhou J, Herring CD, Joe Shaw A, Lynd LR. Redirecting carbon flux through exogenous 
pyruvate kinase to achieve high ethanol yields in Clostridium thermocellum. Metab Eng 2013;15:151–8.

	27.	� Tyurin MV, Desai SG, Lynd LR. Electrotransformation of Clostridium thermocellum. Appl Environ Microb 
2004;70:883–90.

	28.	� Guss AM, Olson DG, Caiazza NC, Lynd LR. Dcm methylation is detrimental to plasmid transformation in 
Clostridium thermocellum. Biotechnol Biofuels 2012;5:30.

	29.	� Tripathi SA, Olson DG, Argyros DA, Miller BB, Barrett TF, Murphy DM, et al. Development of pyrF-based 
genetic system for targeted gene deletion in Clostridium thermocellum and creation of a pta mutant. Appl 
Environ Microbiol 2010;76:6591–9.

	30.	� Olson DG, Lynd LR. Transformation of Clostridium thermocellum by electroporation. Methods Enzymol 
2012;510:317–30.

	31.	� Argyros DA, Tripathi SA, Barrett TF, Rogers SR, Feinberg LF, Olson DG, et al. High ethanol titers from 
cellulose by using metabolically engineered thermophilic, anaerobic microbes. Appl Environ Microbiol 
2011;77:8288–94.

	32.	� Jennert KCB, Tardif C, Young DI, Young M. Gene transfer to Clostridium cellulolyticum ATCC 35319. 
Microbiology-UK 2000;146:3071–80.

	33.	� Li YC, Tschaplinski TJ, Engle NL, Hamilton CY, Rodriguez M, Liao JC, et al. Combined inactivation of the 
Clostridium cellulolyticum lactate and malate dehydrogenase genes substantially increases ethanol yield from 
cellulose and switchgrass fermentations. Biotechnol Biofuels 2012;5:2.

	34.	� Guedon E, Desvaux M, Payot S, Petitdemange H. Growth inhibition of Clostridium cellulolyticum by an 
inefficiently regulated carbon flow. Microbiology-UK 1999;145:1831–8.

	35.	� Guedon E, Desvaux M, Petitdemange H. Improvement of cellulolytic properties of Clostridium cellulolyti-
cum by metabolic engineering. Appl Environ Microbiol 2002;68:53–8.

	36.	� Tamaru Y, Miyake H, Kuroda K, Nakanishi A, Matsushima C, Doi RH, et al. Comparison of the mesophilic 
cellulosome-producing Clostridium cellulovorans genome with other cellulosome-related clostridial 
genomes. Microb Biotechnol 2011;4:64–73.

	37.	� Tolonen AC, Haas W, Chilaka AC, Aach J, Gygi SP, Church GM. Proteome-wide systems analysis of a 
cellulosic biofuel-producing microbe. Mol Syst Biol 2011;7:461.

	38.	� Jin MJ, Balan V, Gunawan C, Dale BE. Consolidated bioprocessing (CBP) Performance of Clostridium 
phytofermentans on AFEX-treated corn Stover for ethanol production. Biotechnol Bioeng 2011; 
108:1290–7.

	39.	� Zhang XZ, Zhang ZM, Zhu ZG, Sathitsuksanoh N, Yang YF, Zhang YHP. The noncellulosomal family 48 
cellobiohydrolase from Clostridium phytofermentans ISDg: heterologous expression, characterization, and 
processivity. Appl Microbiol Biotechnol 2010;86:525–33.



Production of Butanol from Clostridia  305

	40.	� Nolling J, Breton G, Omelchenko MV, Makarova KS, Zeng QD, Gibson R, et al. Genome sequence and compara-
tive analysis of the solvent-producing bacterium Clostridium acetobutylicum. J Bacteriol 2001;183:4823–38.

	41.	� Mingardon F, Chanal A, Tardif C, Fierobe HP. The issue of secretion in heterologous expression of Clos-
tridium cellulolyticum cellulase-encoding genes in Clostridium acetobutylicum ATCC 824. Appl Environ 
Microbiol 2011;77:2831–8.

	42.	� Yang SJ, Kataeva I, Hamilton-Brehm SD, Engle NL, Tschaplinski TJ, Doeppke C, et al. Efficient degradation 
of lignocellulosic plant biomass, without pretreatment, by the thermophilic anaerobe “Anaerocellum 
thermophilum” DSM 6725. Appl Environ Microbiol 2009;75:4762–9.

	43.	� Kanafusa-Shinkai S, Wakayama J, Tsukamoto K, Hayashi N, Miyazaki Y, Ohmori H, et al. Degradation of 
microcrystalline cellulose and non-pretreated plant biomass by a cell-free extracellular cellulase/hemicellulase 
system from the extreme thermophilic bacterium Caldicellulosiruptor bescii. J Biosci Bioeng 2013;115:64–70.

	44.	� Chung D, Farkas J, Huddleston JR, Olivar E, Westpheling J. Methylation by a unique alpha-class N4-cytosine 
methyltransferase is required for DNA transformation of caldicellulosiruptor bescii DSM6725. PloS One 
2012;7. http://dx.doi.org/10.1371/journal.pone.0043844.

	45.	� Jang YS, Lee J, Malaviya A, Seung DY, Cho JH, Lee SY. Butanol production from renewable biomass: 
rediscovery of metabolic pathways and metabolic engineering. Biotechnol J 2012;7:186–98.

	46.	� Zheng YN, Li LZ, Xian M, Ma YJ, Yang JM, Xu X, et al. Problems with the microbial production of butanol. 
J Ind Microbiol Biotechnol 2009;36:1127–38.

	47.	� Inui M, Suda M, Kimura S, Yasuda K, Suzuki H, Toda H, et al. Expression of Clostridium acetobutylicum 
butanol synthetic genes in Escherichia coli. Appl Microbiol Biotechnol 2008;77:1305–16.

	48.	� Lee JY, Jang YS, Lee J, Papoutsakis ET, Lee SY. Metabolic engineering of Clostridium acetobutylicum M5 
for highly selective butanol production. Biotechnol J 2009;4:1432–40.

	49.	� Harris LM, Desai RP, Welker NE, Papoutsakis ET. Characterization of recombinant strains of the Clostrid-
ium acetobutylicum butyrate kinase inactivation mutant: need for new phenomenological models for 
solventogenesis and butanol inhibition? Biotechnol Bioeng 2000;67:1–11.

	50.	� Nair RV, Green EM, Watson DE, Bennett GN, Papoutsakis ET. Regulation of the sol locus genes for butanol 
and acetone formation in Clostridium acetobutylicum ATCC 824 by a putative transcriptional repressor. J 
Bacteriol 1999;181:319–30.

	51.	� Chen CK, Blaschek HP. Acetate enhances solvent production and prevents degeneration in Clostridium 
beijerinckii BA101. Appl Microbiol Biotechnol 1999;52:170–3.

	52.	� Tashiro Y, Takeda K, Kobayashi G, Sonomoto K, Ishizaki A, Yoshino S. High butanol production by 
Clostridium saccharoperbutylacetonicum N1-4 in fed-batch culture with pH-stat continuous butyric acid and 
glucose feeding method. J Biosci Bioeng 2004;98:263–8.

	53.	� Jiang Y, Xu C, Dong F, Yang Y, Jiang W, Yang S. Disruption of the acetoacetate decarboxylase gene in 
solvent-producing Clostridium acetobutylicum increases the butanol ratio. Metab Eng 2009;11:284–91.

	54.	� Atsumi S, Cann AF, Connor MR, Shen CR, Smith KM, Brynildsen MP, et al. Metabolic engineering of 
Escherichia coli for 1-butanol production. Metab Eng 2008;10:305–11.

	55.	� Bond-Watts BB, Bellerose RJ, Chang MCY. Enzyme mechanism as a kinetic control element for designing 
synthetic biofuel pathways. Nat Chem Biol 2011;7:222–7.

	56.	� Shen CR, Liao JC. Metabolic engineering of Escherichia coli for 1-butanol and 1-propanol production via the 
keto-acid pathways. Metab Eng 2008;10:312–20.

	57.	� Steen EJ, Chan R, Prasad N, Myers S, Petzold CJ, Redding A, et al. Metabolic engineering of Saccharomyces 
cerevisiae for the production of n-butanol. Microb Cell Fact 2008;7:36.

	58.	� Nielsen DR, Leonard E, Yoon SH, Tseng HC, Yuan C, Prather KLJ. Engineering alternative butanol produc-
tion platforms in heterologous bacteria. Metab Eng 2009;11:262–73.

	59.	� Berezina OV, Zakharova NV, Brandt A, Yarotsky SV, Schwarz WH, Zverlov VV. Reconstructing the 
clostridial n-butanol metabolic pathway in Lactobacillus brevis. Appl Microbiol Biotechnol 2010;87:635–46.

	60.	� Lan EI, Liao JC. Metabolic engineering of cyanobacteria for 1-butanol production from carbon dioxide. 
Metab Eng 2011;13:353–63.

	61.	� Lan EI, Liao JC. ATP drives direct photosynthetic production of 1-butanol in cyanobacteria. Proc Natl Acad 
Sci U S A 2012;109:6018–23.

﻿﻿http://dx.doi.org/﻿10.1371/journal.pone.0043844﻿


306  Chapter 14

	62.	� Baez A, Cho KM, Liao JC. High-flux isobutanol production using engineered Escherichia coli: a bioreactor 
study with in situ product removal. Appl Microbiol Biotechnol 2011;90:1681–90.

	63.	� Smith KM, Liao JC. An evolutionary strategy for isobutanol production strain development in Escherichia 
coli. Metab Eng 2011;13:674–81.

	64.	� Smith KM, Cho KM, Liao JC. Engineering Corynebacterium glutamicum for isobutanol production. Appl 
Microbiol Biotechnol 2010;87:1045–55.

	65.	� Li SS, Huang D, Li Y, Wen JP, Jia XQ. Rational improvement of the engineered isobutanol-producing 
Bacillus subtilis by elementary mode analysis. Microb Cell Fact 2012;11:101.

	66.	� Li SS, Wen JP, Jia XQ. Engineering Bacillus subtilis for isobutanol production by heterologous Ehrlich 
pathway construction and the biosynthetic 2-ketoisovalerate precursor pathway overexpression. Appl 
Microbiol Biotechnol 2011;91:577–89.

	67.	� Chen X, Nielsen KF, Borodina I, Kielland-Brandt MC, Karhumaa K. Increased isobutanol production in 
Saccharomyces cerevisiae by overexpression of genes in valine metabolism. Biotechnol Biofuels 2011;4:21.

	68.	� Kondo T, Tezuka H, Ishii J, Matsuda F, Ogino C, Kondo A. Genetic engineering to enhance the Ehrlich 
pathway and alter carbon flux for increased isobutanol production from glucose by Saccharomyces cerevi-
siae. J Biotechnol 2012;159:32–7.

	69.	� Lee WH, Seo SO, Bae YH, Nan H, Jin YS, Seo JH. Isobutanol production in engineered Saccharomyces 
cerevisiae by overexpression of 2-ketoisovalerate decarboxylase and valine biosynthetic enzymes. Bioproc. 
Biosyst Eng 2012;35:1467–75.

	70.	� Matsuda F, Kondo T, Ida K, Tezuka H, Ishii J, Kondo A. Construction of an artificial pathway for isobutanol 
biosynthesis in the cytosol of Saccharomyces cerevisiae. Biosci Biotechnol Biochem 2012;76:2139–41.

	71.	� Atsumi S, Higashide W, Liao JC. Direct photosynthetic recycling of carbon dioxide to isobutyraldehyde. Nat 
Biotechnol 2009;27:1177–U1142.

	72.	� Li H, Opgenorth PH, Wernick DG, Rogers S, Wu TY, Higashide W, et al. Integrated electromicrobial 
conversion of CO2 to higher alcohols. Science 2012;335:1596.

	73.	� Huo YX, Cho KM, Rivera JGL, Monte E, Shen CR, Yan YJ, et al. Conversion of proteins into biofuels by 
engineering nitrogen flux. Nat Biotechnol 2011;29:346– U160.

	74.	� Bastian S, Liu X, Meyerowitz JT, Snow CD, Chen MMY, Arnold FH. Engineered ketol-acid reductoisomer-
ase and alcohol dehydrogenase enable anaerobic 2-methylpropan-1-ol production at theoretical yield in 
Escherichia coli. Metab Eng 2011;13:345–52.

	75.	� Heider J, Mai XH, Adams MWW. Characterization of 2-ketoisovalerate ferredoxin oxidoreductase, a new and 
reversible coenzyme A-dependent enzyme involved in peptide fermentation by hyperthermophilic archaea. J 
Bacteriol 1996;178:780–7.

	76.	� Tersteegen A, Linder D, Thauer RK, Hedderich R. Structures and functions of four anabolic 2-oxoacid 
oxidoreductases in Methanobacterium thermoautotrophicum. Eur J Biochem 1997;244:862–8.

	77.	� Ozawa Y, Nakamura T, Kamata N, Yasujima D, Urushiyama A, Yamakura F, et al. Thermococcus profundus 
2-ketoisovalerate ferredoxin oxidoreductase, a key enzyme in the archaeal energy-producing amino acid 
metabolic pathway. J Biochem 2005;137:101–7.

	78.	� Lynd LR, van Zyl WH, McBride JE, Laser M. Consolidated bioprocessing of cellulosic biomass: an update. 
Curr Opin Biotechnol 2005;16:577–83.

	79.	� Sonnleitner B, Fiechter A. Advantages of using thermophiles in biotechnological processes: expectations and 
reality. Trends Biotechnol 1983;1:74–80.

	80.	� Pages S, Belaich A, Belaich JP, Morag E, Lamed R, Shoham Y, et al. Species-specificity of the cohesin-dockerin 
interaction between Clostridium thermocellum and Clostridium cellulolyticum: prediction of specificity 
determinants of the dockerin domain. Proteins 1997;29:517–27.

	81.	� Perret S, Casalot L, Fierobe HP, Tardif C, Sabathe F, Belaich JP, et al. Production of heterologous and 
chimeric scaffoldins by Clostridium acetobutylicum ATCC 824. J Bacteriol 2004;186:253–7.

	82.	� Mingardon F, Perret S, Belaich A, Tardif C, Belaich JP, Fierobe HP. Heterologous production, assembly, and 
secretion of a minicellulosome by Clostridium acetobutylicum ATCC 824. Appl Environ Microbiol 2005; 
71:1215–22.



Direct Microbial Conversion of Biomass to Advanced Biofuels. http://dx.doi.org/10.1016/B978-0-444-59592-8.00015-4
Copyright © 2015 Elsevier B.V. All rights reserved.

307

CHAPTER 15

Influence of Particle Size on Direct 
Microbial Conversion of Hot Water-
Pretreated Poplar by Clostridium 
thermocellum
John M. Yarbrough1, Ashutosh Mittal1, Yannick J. Bomble1, Jessica Olstad2, 
Edward J. Wolfrum2, Sarah E. Hobdey1, Michael E. Himmel1, Todd B. Vinzant1

1Biosciences Center, National Renewable Energy Laboratory (NREL), Golden, CO, USA;  
2National Bioenergy Center, National Renewable Energy Laboratory (NREL), Golden, CO, USA

Introduction

Particle size has been shown to play a significant role in attaining efficient enzymatic hydrolysis of 
biomass with free cellulase systems from commonly encountered fungal and bacterial enzymes.1–4 
An increase in enzymatic hydrolysis in response to biomass particle size has been interpreted as 
being directly related to the increase in the surface area-to-volume ratio, thereby improving 
enzyme accessibility. This concept has led to several pretreatment processes that incorporate more 
extensive particle size reduction.1–3 However, the effective reduction and optimization of particle 
size is known to represent a significant process cost,5 which suggests that secondary milling after 
pretreatment should be considered more broadly in biomass conversion schemes. It has also been 
suggested that particle size reduction of biomass has the same influence on microbial conversion 
as it does on enzymatic conversion.6–8 For example, in the work reported by Shao et al., AFEX 
pretreated corn stover (PCS) that was knife milled and passed through a 500-μM sieve demon-
strated an increase in cellulose and xylan conversion by Clostridium thermocellum compared with 
larger particles.8 Unfortunately, this increase was attributed to particle size reduction and removal 
of hemicellulose by enzymatic hydrolysis using Multifect Xylanase and Multifect Pectinase 
(Novozymes) before the fermentation by C. thermocellum. Jin and coworkers performed similar 
studies on AFEX PCS for ethanol production using Clostridium phytofermantans and showed a 
correlation between particle size reduction and an increase in glucan and xylan hydrolysis.6 The 
main difference between these two microorganisms is that C. phytofermantans has the native 
enzymatic activities to degrade and utilize cellulose and hemicellulose whereas C. thermocellum 
can degrade hemicellulose but lacks the metabolic machinery to utilize it. However, both studies 
conclude that particle size reduction positively affects direct microbial conversion of biomass.
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Our work revisits the effects of particle size on the microbial conversion of corn stover utilizing 
more cost-effective pretreatment methods that reduce the hemicellulose content of feedstocks. The 
most commonly used pretreatment techniques involve the use of mineral acids such as dilute 
sulfuric acid that is used in a range of concentrations (0.20–2% w/w) at temperatures from 100 to 
200 °C.9–13 Today, steam explosion is often combined with sulfuric acid14 or SO2

15 to enhance the 
subsequent enzymatic hydrolysis of the solid residue. We note that the application of chemicals 
for pretreatment causes corrosion problems in process hardware and requires expensive chemical 
recovery steps; thus, such processes are expensive and not environmentally friendly.16

Thus, more benign pretreatment technologies are sought for the fractionation and utilization of the 
individual components of biomass while maintaining high yields with minimal losses. In this 
context, hot water extraction is considered to be economically attractive because it avoids the use 
of expensive mineral acids to catalyze the hydrolysis reaction and is environmentally friendly.16–19 
In a recent study, Chen and coworkers have shown yields greater than 84% and 77% for glucose 
and xylose, respectively, during enzymatic hydrolysis of PCS using a novel pretreatment process 
utilizing a low-temperature, dilute alkaline deacetylation followed by disc refining under modest 
levels of energy consumption.20 One of the important features of this pretreatment process is that 
it resulted in a significant reduction in biomass particle size and greatly enhanced particle surface 
area, a factor believed to be the most critical affecting the enzymatic digestibility of biomass.

Materials and Methods
Microorganism and Fermentations

Clostridium thermocellum was obtained from ATCC 27,405 and grown on ATCC 1193 
growth medium consisting of 1.5 g/L KH2PO4, 4.2 g/L Na2HPO4, 0.5 g/L NH4CL, 0.18 g/L 
MgCl2.6H2O, 0.5 mL/L of vitamin solution, 1.0 mL/L Resazurin (0.1%), 5.0 mL/L Wolf’s 
modified mineral elixir, and 40.0 mL/L reducing solution (200 mL of 0.2 N NaOH, 2.5 g 
Na2S.9H2O and 2.5 g l-cysteine.HCL). This media was titrated to pH 7.00 with a 1% loading 
of carbohydrate source ranging among cellobiose, Avicel PH101, and hot water-pretreated 
poplar. Bacterial cells were grown under anaerobic conditions in 100-mL serum fermentation 
bottles at a temperature of 60 °C with an orbital rotation of 125 rpm.

Substrate

Avicel PH101 (particle size ∼50 μm) and poplar provided by the BioEnergy Science Center 
were used in this work. The BESC poplar was dry milled down to 6-mm particle size before 
being hot water pretreated at 180 °C for 40 min in a ZipperClave with particle distribution 
between 3 and 6 mm (Figure 1).

After pretreatment, the biomass was wet sieved into four particle fractions consisting of 
particle sizes ranging between 63 and 250 μm, 250 and 500 μm, and 500 and 1000 μm as well 
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as larger than 1 mm (restricted to 6 mm by the inner diameter of the serum bottles)  
(Figure 1(b)). Moisture analysis was performed for each of the particle size distribution 
fractions, and the total weight of biomass is shown in Table 1.

Compositional Analysis

The compositions of the native and pretreated feedstocks, as well as the particle size fractions, 
measured according to National Renewable Energy Laboratory Laps,21 are shown in Table 2. 
All values are given as a percentage of the dry wood weight.

Digestion Assay and Analysis

Digestions were performed on never-dried poplar wood in duplicate in 100-mL serum fermenta-
tion bottles at a temperature of 60 °C with orbital rotation of 125 rpm for 96 h. The entire serum 
bottle was sacrificed for each time point. Clostridium thermocellum was initially grown on 

(a) (b)

Figure 1
Images showing the initial size of the starting material in comparison to the milled material before 

hot water pretreatment.

Table 1: Particle size distribution for each fraction with its corresponding dry weight and per-
centage of the fraction compared with the total weight

Mesh Range
Opening Range 
(μm)

Weight 
(g)

Estimated Dry 
Weight (g) Yield (%)

+18 from large chunks +1000 294.7 44.2 28.7
+18 from 6 mm milled +1000 482.1 87.7 56.9
18–35 500–1000 38.5 11.5 7.5
35–60 250–500 25.6 7.7 5.0
60–230 63–250 10.2 3.1 2.0
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cellobiose and transferred to the serum bottles during log phase. To investigate the effects of  
C. thermocellum growth on the maximum conversion of glucan, gravimetric and compositional 
were utilized. For gravimetric measurements, the wet biomass was washed and then transferred to 
preweighted 50-mL Falcon tubes and then freeze dried. After this process, the Falcon tubes were 
weighed to obtain the mass of the substrate and microbial mass combined. For sugar analysis, 
samples from the compositional analyses were filtered through a 0.2-μm filter and then refriger-
ated until subjected to glucose analysis. Glucose yield was measured by the Carblow method, 
which uses high-performance liquid chromatography with an Aminex 87H column maintained at 
65 °C. The mobile phase used was 0.2 μm filtered 0.01 N sulfuric acid solutions at a flow rate of 
0.6 mL/min. The sample injection volume was 10 μL and the run time was 26 min. Finally, compo-
sitional analysis was performed as previously stated.

X-Ray Diffraction Measurements

X-ray diffraction (XRD) was performed to evaluate the crystalline structure of untreated and 
hot water-pretreated samples by using a Rigaku (Tokyo, Japan) Ultima IV Diffractometer 
with CuKα radiation having a wavelength λ(Kα1)  =  0.15406 nm generated at 40 kV and 
44 mA. The diffraction intensities of air-dried samples placed on a quartz substrate were 
measured in the range of 8–42° 2θ using a step size of 0.02° at a rate of 2°/min. The crystal-
linity indexes (CrI) of the cellulose samples were calculated according to the method 
described by Segal et al.22 using the formula

	
CrI =

(
I002 − Iam

I002

)
× 100

	 (1)

where I002 and Iam are the maximum and minimum intensity of diffraction at approximately 
2θ  = 22.4–22.5° and 2θ  = 18.0–19.0°, respectively. It should be noted that the values obtained 
here are relative, not absolute (i.e., other methods have been shown to give slightly different 
CrI values when compared with XRD).

Growth Studies

Clostridium thermocellum was grown on three different carbon sources (cellobiose, Avicel, 
and hot water-pretreated poplar) and the microbial growth was measured with a standard 
curve of OD600 versus gravimetric weight.

Table 2: Carbon and nitrogen content (percent) for the initial poplar biomass and for  
Clostridium thermocellum with the C:N ratio

Sample Carbon Nitrogen C:N

Poplar 49.04 0.20 245:1
C. thermocellum 44.60 8.55 5.22:1
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Nitrogen Analysis for Carbon:Nitrogen Ratio

The biomass substrates, including microbial mass, were washed to remove the media compo-
nents followed by freeze-drying, and then they were weighed to yield the initial total mass. 
An aliquot of the dried mixture of substrate and microbial mass, mtot, was used for 
carbon:nitrogen analysis. After this determination, the carbon and nitrogen mass fractions of 
the mixture were measured and were given the following values: xC for the carbon mass 
fractions and xN for the nitrogen mass fractions. From these data, the total mass of the carbon 
and nitrogen from the sample are calculated using Eqns (2) and (3):

	 Ctot = xC × mtot	 (2)

	 Ntot = xN × mtot	 (3)

The nitrogen in the mixture is assigned to the microorganism, Nbug = Ntot, and the amount of 
carbon in the organism is calculated from the amount of nitrogen found in the microorganism 
and the C:N ratio of the organism defined by Eqn (4):

	 Cbug = Ntot × C : Nbug	 (4)

Finally, the balance of the carbon is assigned to the substrate by Eqn (5):

	 Csub = Ctot − Cbug	 (5)

Thus, this allows for the loss of substrate to be determined by comparing the current substrate 
carbon content to the initial substrate carbon content. Table 2 shows the amount of carbon and 
nitrogen for the initial poplar sample and C. thermocellum along with the initial C:N ratios 
for both samples.

Results
Optimizing Growth Media for C. thermocellum Growth on Cellobiose,  
Avicel, and Poplar

To consistently grow C. thermocellum from a starter culture, growth studies were performed to 
optimize the media with the intention of transferring a seed culture to fresh media every 24 h. 
From the initial growth studies conducted with a cellobiose concentration of 0.5%, it was deter-
mined that C. thermocellum was entering the lag phase within 14 h after inoculation (Figure 2(a)). 
This situation resulted in a long lag phase before the cells entered into log phase, thus impeding 
our ability to maintain a healthy cell culture and to transfer cells in log phase.

Cellobiose concentration and pH were adjusted to determine their effects on extending the log 
phase past 24 h. Figure 2(a) shows the cells reaching an OD600 of 1.7 within 15 h and entering 
stationary phase. The short log phase is troublesome when trying to maintain an active culture 
and performing transfers every 24 h. From this data set, it was decided to monitor the effects 
of pH and concentration for different carbon sources.
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It was found that the buffering capacity of ATCC 1193 growth media was limited; therefore, 
MOPS buffer was chosen as the secondary buffering system for maintaining the pH close to 
neutrality, which is necessary for the ideal C. thermocellum growth. Three different concen-
trations of MOPS were used—100, 67, and 34 mM—with a cellobiose concentration of 
0.5%; the respective growth curves are shown in Figure 2(b). It was found that 100 mM 
MOPS had the best buffering capacity because it showed just a 13% decrease in the pH 
during culturing as opposed to a 27% drop in pH without MOPS, as seen in Figure 2(b). 
More importantly, C thermocellum growth on MOPS increased by almost 50%, thereby 
doubling the amount of microbial mass produced in comparison to the initial growth in 
Figure 2(a).

A substrate concentration dependence study was performed to identify the optimal concentra-
tion of the carbon source (cellobiose) needed to achieve maximum growth of C. thermocel-
lum. Three different concentrations were chosen: 0.5%, 1.0%, and 2.0% (Figure 2(c)). As this 
figure shows, an increase in the cellobiose concentration from 0.5% to 1.0% resulted in a 27% 

Figure 2
(a) Optimization study with the original Clostridium thermocellum growth reaching stationary phase 

within 15 h, (b) the effects of increasing buffering capacity on the growth, (c) the effects of different 
carbon source loadings, and (d) optimization of substrate loading with the optimal buffering 

capacity to obtain the ability to transfer at 24 h without entering stationary phase.
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increase in the microbial OD600 whereas no increase in the microbial OD600 was observed 
with increasing the cellobiose concentration above 1.0%.

Once the growth conditions were optimized for both substrate loading and buffering condi-
tions (Figure 2(d)), C. thermocellum was grown in triplicate on Avicel to verify that the media 
had been optimized for soluble and insoluble substrates. The reproducibility of C. thermocel-
lum growth on Avicel is shown in Figure 3, which shows that over 90% of total gravimetric 
conversion of Avicel was achieved within 72 h with tight error bars. The question arises: How 
much of an influence does microbial mass play in the total mass of the remaining substrate 
seeing that there was only 90% conversion of Avicel within 72 h and not 100%?

To address this issue, the carbon and nitrogen content was measured from the Avicel digestion 
and the C:N ratios were calculated and subtracted from the initial dry weights of the Avicel or 
microbial mass. Figure 4 shows the mass of Avicel versus time (blue dashed line), the Avicel 
mass with the microbial mass subtracted (blue solid line), and the actual microbial mass 
(solid black line). Here, it can be seen that by 48 h, the microbial mass (as measured by C:N 
ratio) accounts for 23% of the mass of Avicel as measured by gravimetric analysis.

Particle Size Comparison (Poplar vs Avicel)

As previously stated, C. thermocellum does not have the ability to utilize the xylose fractions 
produced during the digestion of plant cell walls, which could result in potential xylose 
inhibition. Therefore, for the efficient digestion of the biomass utilizing C. thermocellum 
alone, pretreatment of the biomass is needed to solubilize and remove the majority of the 
hemicellulose fraction. The composition data shown in Table 3 clearly show that hot water 
pretreatment of poplar was able to reduce the amount of hemicellulose by almost 75%.

Figure 3
Reproducibility of Clostridium thermocellum growth on Avicel.
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To determine the influence of particle size on microbial conversion of biomass, C. thermocel-
lum was grown on four different particle size fractions, ranging between 62 and 250 μm 
(Fraction 1), 250 and 500 μm (Fraction 2), 500 and 1000 μm (Fraction 3), and 1–6 mm (Frac-
tion 4). As shown in Table 3, the compositions of all four fractions were statistically the same. 
During microbial conversion, the samples were taken at different time points by sacrificing 
the entire serum bottle. The dry weight of the remaining biomass was then measured by 
gravimetrical analysis. This practice eliminated any potential sampling errors related to using 

Figure 4
Residual Avicel mass plotted with (dotted blue line (dotted gray line in print versions)) and without 

(solid blue line (gray line in print versions)) correction for the microbial mass calculated via C:N 
ratio and microbial mass (solid black line).

Table 3: Compositional analysis of the native and pretreated poplar in addition to the composi-
tional analysis of the four fractions that have statistically the same composition

Substrate Lignin Glucan Xylan Galactan Arabinan

Native poplar 26.3 44.5 14.0 1.09 0.14
Pretreated 

poplar
30.8 60.4 5.9 1.25 0.28

Fraction 1 
(63–250 μm)

30.4 57.5 7.9 0.73 0.36

Fraction 2 
(250–500 μm)

29.2 60.0 7.2 0.68 0.19

Fraction 3 
(500–1000 μm)

28.7 60.9 6.5 0.68 0.04

Fraction 4 
(1–6 mm)

26.7 61.0 6.9 0.70 0.12

Standard 
deviation 
between 
fractions

1.53 1.63 0.59 0.02 0.14
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a syringe for collecting individual time points. Compositional analyses and C:N ratios were 
determined for the washed, dried biomass samples.

C:N ratios were measured and the microbial mass was calculated for each of the time points. 
The microbial mass accounted for anywhere between 3% and 11% of the total mass. Figure 5 
shows the difference between the gravimetric conversion with and without correction for the 
microbial mass for Fraction 1. We found that microbial mass does, in fact, play a small role in 
the gravimetric measurements for actual biomass, but it can be accounted for by measuring 
the C:N ratio. This technique is also less cumbersome and time-consuming compared with 
classical compositional analysis.

The gravimetric conversion at 24, 72, and 96 h are significantly different between Fraction 1 
and the other three fractions (specifically, a break point between Fraction 1 and Fraction 2 
(Figure 6)). Fraction 1, with particle sizes less than 250 μm, showed the highest microbial 
conversion tested, with smaller and slower microbial conversions obtained using Fractions 2, 
3, and 4. Results from the gravimetrical analysis (Figure 6) show that after 96 h, Fraction 1 
had a total conversion of 50%. However, Fractions 2, 3, and 4 showed total conversions of 
34%, 27%, and 27%, respectively. Compositional analysis performed (data not shown) on the 
biomass residue also showed slower glucan conversion with increasing particle size.

These findings demonstrate that the effect of substrate particle size on overall microbial 
conversion by C. thermocellum is substantial—an observation that is strengthened by the fact 
that all four fractions were statistically identical in composition. These findings are in agree-
ment with the effects that particle size reduction has on free enzyme substrate conversion.1–3 
However, there are two caveats that are related to the most commonly used processes that 

Figure 5
Comparison between the gravimetric weight of Fraction 1 with microbial mass (solid blue bar (gray 
bar in print versions)) and without microbial mass (light blue bar (light-gray bar in print versions)).
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have to be taken into consideration. First, only a small amount of Fraction 1 material could be 
generated after the pretreatment and sieving. Fraction 1 accounted for only 2% of the total 
weight of the material, as shown in Table 1. Fractions 2 and 3 had similar low yields (5% and 
7.5%, respectively) when compared with Fraction 4, which accounts for 57% of the total 
weight. This finding shows that less than 10% of the total mass, when fractionated, allows for 
the fastest microbial conversion. Second, at the highest microbial conversion reached 50% 
(Fraction 1), C. thermocellum lacks the ability to completely utilize biomass as an efficient 
carbon source. In contrast, Avicel, which is a product of pure cellulose derived from wood 

Figure 6
Relationships between substrate particle size and microbial conversion using gravimetric measure-
ments. Fraction 1 had a total conversion of 50%. Fractions 2, 3, and 4 showed total conversions of 

34%, 27%, and 27%, respectively.

Figure 7
Microbial conversion of Avicel and the four biomass fractions.
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pulp, was 100% digested by C. thermocellum within 72 h (Figure 7). Note that Avicel has a 
particle size of 50 μm, which is smaller than the average particle size of Fraction 1 (156 μm), 
and it has negligible amounts of lignin and hemicellulose but has a higher crystallinity than 
native and pretreated poplar as demonstrated in Figure 8.

One would expect higher conversion with lower crystallinity, but the significant differences 
between the microbial conversion on Avicel vs. pretreated poplar is due to the heteroge-
neous nature of pretreated poplar which includes mixed glucans, hemicellulose and lignin. 
Therefore, the overall composition and structure of the biomass may have more of an 
influence on microbial conversion for growing C. thermocellum cells than does the size of 
the biomass particles.

Conclusion

This work shows that the substrate particle size influences the overall biomass conversion by 
C. thermocellum, with particle sizes between 63 and 250 μm allowing the greatest conversion 
(50%) followed by the larger particle sizes. Unfortunately, the complex nature of biomass 
(i.e., composition, structure, porosity, etc.) probably plays a more dominant role in overall 
microbial conversion. This conclusion is supported by our observations that all four fractions 
were statistically the same in composition and that Avicel, which has a significantly higher 
crystallinity compared with cellulose in pretreated biomass, was digested completely within 
48 h by C. thermocellum. It has been suggested that C. thermocellum is deficient in its ability 
to utilize cell wall hemicellulose, a result that is consistent with its known natural inability to 
metabolize C5 sugars. Thus, it is important to pretreat biomass in a way that sufficiently 
removes hemicellulose and yet promotes microbial growth. We conclude that it would be 
advantageous to genetically modify C. thermocellum to permit it to utilize all biomass sugars, 

Figure 8
XRD diffractograms of Avicel (76.4% crystalline), hot water-pretreated poplar (59.7% crystalline), 

and native poplar (46.1% crystalline).
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leading to higher conversion yields. Further work is also needed to understand its hydrolytic 
enzyme complexes to enhance microbial conversion of biomass with C. thermocellum.
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CHAPTER 16

Clostridium thermocellum: Engineered 
for the Production of Bioethanol
Steven D. Brown1,2,3, Kyle B. Sander1,2,3, Chia-Wei Wu1, Adam M. Guss1,2,3

1Biosciences Division, Oak Ridge National Laboratory, Oak Ridge, TN, USA; 2BioEnergy Science 
Center, Oak Ridge National Laboratory, Oak Ridge, TN, USA; 3Bredesen Center for Interdisciplinary 
Research and Graduate Education, University of Tennessee, Knoxville, TN, USA

Biotechnological Interest in Clostridium thermocellum

Plant biomass is a potentially scalable source of feedstocks to produce sustainable fuels and 
chemicals and to displace petroleum products.1,2 Biological fermentation of plant-derived 
biomass is a promising and leading technology route for liquid fuel production, but there are 
many challenges to overcome. Bioconversion of lignocellulose requires difficult deconstruc-
tion of the plant biomass and transformation of the resulting sugars into the preferred fer-
mentation products, presenting a significant challenge to the developing biofuel industry. 
Thermal and/or chemical pretreatment of biomass and subsequent addition of enzymes to 
hydrolyze cellulosic biomass polymers to simple fermentable sugars add substantial process 
economic costs.3 One of the potentially most transformative processing options, termed 
consolidated bioprocessing (CBP), combines all biologically catalyzed steps into one unit 
operation so that enzyme production, biomass hydrolysis, and sugar fermentation occur in a 
single reactor (see reviews3–10). CBP would lower capital and process costs for cellulosic 
biofuel production. Clostridium thermocellum was recognized early on for its efficient 
degradation and utilization of cellulose, and it is a candidate CBP biocatalyst for the produc-
tion of cellulosic ethanol.

C. thermocellum Characteristics

C. thermocellum is a rod-shaped Gram-positive bacterium and a member of the Firmicutes 
phylum that has been studied extensively for its ability to hydrolyze lignocellulosic biomass.3 
It hydrolyzes lignocellulosic material faster than many other microorganisms through the 
synergistic action of hydrolytic enzymes bound to a backbone scaffold protein, collectively 
called the cellulosome, which are tethered to the outer cell wall of the bacteria. The cellulo-
some concept was first conceived from the recognition that C. thermocellum cellulases and 
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associated polysaccharide-degrading enzymes are packaged in organized, high-molecular-
weight, cellulolytic enzyme complexes.11,12 Cellulases and cellulosomes have been reviewed 
extensively.13–18

C. thermocellum naturally produces acetic acid, lactic acid, formic acid, ethanol, CO2, and H2 
as fermentation products. It is an obligate anaerobe and thermophile that grows optimally at 
temperatures near 55–60 °C.19,20 It is of biotechnologic interest because of its native ability to 
hydrolyze cellulose and convert cellodextrins into ethanol. However, C. thermocellum and 
microorganisms capable of direct microbial conversion of biomass often display low ethanol 
yields, and these organisms have yet to be shown to be capable of effective substrate conver-
sion at the high substrate loadings required by industry. Although C. thermocellum is able to 
solubilize xylan, it lacks an identifiable xylose isomerase and xylulokinase, explaining its 
inability to catabolize xylose or xylooligomers.6 The development of new genetic tools and 
new insights into physiology and regulation through application of classical and high-
throughput “omics” techniques and models offers new opportunities for industrial strain 
development.

Ecology and Isolates

The main ecological role of C. thermocellum is the degradation of cellulose (for detailed 
consideration of ecological aspects of cellulose-degrading communities, see Ref. 3). In nature, 
this important step in the carbon cycle (hydrolysis of cellulosic carbon) is largely performed 
by cellulolytic bacteria and/or fungi, both of which produce their own cellulolytic enzymes. 
Cellulosomal attachment to the cell and substrate ensures that cells are deliberately located 
close to cellulose material relative to other ecological community members such that they 
may provide hydrolyzed cellulose products to themselves and residual material to the rest of 
the community. This role is made evident by its synthesis and use of xylanase enzymes, 
although the organism itself cannot metabolize five-carbon sugars. Because of this, it is 
thought that C. thermocellum ubiquitously inhabits environments where decaying plant 
biomass is present, such as compost heaps, soils, sediments, and the digestive system of 
animals that feed on cellulose-laden plant material (e.g., grass, hay).20–22 C. thermocellum 
strain YS was isolated from a sample derived from hot springs at Yellowstone National Park in 
the United States and was integral in describing the original cellulosome concept.11 Strains 
similar to ATCC 27405 have been found in intestinal microflora, soil, and sediments,20 and 
recently strain BC1 was isolated from a thermophilic biowaste compost treatment in Germany.23 
Strain BC1 has been reported to have higher cellulose-degrading efficacy compared with type 
strain ATCC 27405, growth up to 67 °C, and an expanded substrate range being able grow 
glucose and sorbitol, which shows the value of isolating and comparing different strains.

In natural environments, C. thermocellum and other anaerobic bacteria belong to communi-
ties that form trophic relationships, and understanding these interactions informs strain 



Clostridium thermocellum  323

development strategies for biotechnology. These anaerobic communities are thought to 
account for only a small percentage of cellulose degradation and carbon cycling.3 Of that 
small percentage, C. thermocellum likely plays only a relatively minor role because it is a 
thermophile and requires such a specialized growth environment. Cellulolytic bacteria 
degrade cellulose to fermentable sugars and make them available for themselves, and 
residual material is released to the community. Other fermentative bacteria metabolize 
hydrolyzed carbohydrates released by cellulolytic bacteria. Methanogens and sulfur-reducing 
bacteria consume H2 produced through the redox balancing and hydrogenase activity of 
fermentative bacteria. Indeed, early defined C. thermocellum/Methanobacterium thermoau-
totrophicum co-culture studies showed that there was a shorter lag phase for co-cultures 
grown on cellulose compared with the monoculture, product profiles could be shifted by 
the presence of a partner microorganism,24 and hydrogenase has been suggested as a 
potential gene deletion target.3 Still other bacteria metabolize fermentation products 
produced by the community that would otherwise accumulate to inhibitory levels. Because 
there is little to no oxygen present in these environments, another defining characteristic of 
these communities is the diverse array of terminal electron acceptors used by the different 
community members. Through the concerted action of the community, carbon from ligno-
cellulosic material is completely degraded to CO2 and methane, completing this step of the 
global carbon cycle.

Physiology, Metabolism, and Ethanol Tolerance

C. thermocellum prefers to assimilate cellodextrins in the range of approximately two to six 
glycosyl units as a strategy to conserve energy for sugar uptake during growth on cellulose.25 
Cellodextrins enter the cell via ATP-dependent ABC transport systems rather than the phos-
phorotransferase system transporters used by many organisms, and once inside, a phosphate 
anion acts as a nucleophile for phosphorolytic cleavage via cellodextrin phosphorylase,26–28 
resulting in a cellodextrin of length (n − 1) and a molecule of glucose-1-phosphate (G1P). On 
the basis of genomic sequence,29 proteomics,30 and enzymology,31,32 C. thermocellum likely 
catabolizes the resulting glucose and G1P by a modified Embden-Meyerhof-Parnas pathway; 
however, multiple steps vary from the canonical pathway. Glucose is converted to glucose-
6-phosphate (G6P) via a GTP-dependent glucose kinase rather than an ATP-dependent one,32 
and G1P is isomerized to a second molecule of G6P by phosphoglucomutase. Often, fructose-
6-phosphate is phosphorylated using an ATP-dependent phosphofructokinase (PFK);  
C. thermocellum encodes two ATP-dependent and one pyrophosphate (PPi)-dependent PFK, 
although the relative importance of each is currently unknown. Proteomic analysis suggests 
that all three enzymes are highly abundant,30 but only PPi-dependent activity was detected in 
cell extracts.32 Another atypical difference includes a phosphoglycerate kinase that can use 
either GDP or ADP. The effect of these differences on metabolic flux is currently unknown, as 
is the effect on metabolic engineering strategies.
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Perhaps most interestingly, C. thermocellum lacks an identifiable pyruvate kinase, and the 
metabolic route from phosphoenolpyruvate (PEP) to pyruvate is unclear. C. thermocellum 
encodes a PEP synthase and a pyruvate-phosphate dikinase, both of which typically catalyze 
the reverse reaction of PEP synthesis from pyruvate. An alternative route was proposed in 
which PEP is converted to oxaloacetate, which is then reduced to malate by malate dehydro-
genase using NADH as the electron donor and is then oxidatively decarboxylated to pyruvate 
by malic enzyme using NADP+ as the electron acceptor.33 Although this provides a route for 
carbon from PEP to pyruvate, it also has the effect of transhydrogenation, transferring elec-
trons from NADH to NADPH. Recent proteomic,30 genetic,34 and biochemical evidence lends 
support to the hypothesis that this “malate shunt” pathway is active in C. thermocellum, 
although the amount of flux through this pathway is still unknown.

Pyruvate is the first major branch point in fermentation. Pyruvate can be reduced to lactate via 
lactate dehydrogenase, which is allosterically activated by fructose-1,6-bisphosphate.35 Thus, 
C. thermocellum produces lactate when sugar uptake outpaces flux through glycolysis. How-
ever, under carbon-limiting conditions, most pyruvate is converted to acetyl-CoA either via 
pyruvate-ferredoxin oxidoreductase, which produces CO2 and reduces ferredoxin, or via 
pyruvate-formate lyase (PFL), which produces formate. The acetyl-CoA can then be converted 
to acetate with concomitant production of ATP, or it can be reduced to acetaldehyde and then 
to ethanol, reoxidizing the nicotinamide cofactors that were reduced during glycolysis.

When C. thermocellum produces acetate, an electron sink is needed to balance redox reac-
tions. One route is production of formate via PFL. Another is reduction of 2H+ via hydrog-
enase. C. thermocellum encodes four clusters of hydrogenases. Two putative electron 
bifurcating hydrogenases36 may reduce ferredoxin and NADH together to reduce 4H+ to 2H2. 
C. thermocellum also encodes an energy-conserving, membrane-bound ferredoxin-dependent 
hydrogenase, Ech. Although H2 is a major fermentation product, the relative importance of 
each hydrogenase is unknown. In addition to traditional mixed acid fermentation products, 
C. thermocellum also produces various other products, including free amino acids, pyruvate, 
malate, and uracil.37 The reason these products are made is currently unclear, but it has been 
hypothesized that it is the result of overflow metabolism, possibly due to redox imbalance.38 
C. thermocellum lacks the oxidative pentose phosphate pathway and the Entner-Doudoroff 
pathway, raising the question of how NADPH is generated for biosynthetic reactions. 
Although the malate shunt described above is one possibility, another possible source is the 
putative NADH-ferredoxin:NADP+ oxidoreductase.39

High product titer is an essential industrial consideration.40 As mentioned above, microorgan-
isms capable of directly utilizing plant biomass often have low ethanol yields, and in the case 
of C. thermocellum, the highest titer of ethanol produced by wild-type C. thermocellum is 
reported as less than 30 g/L.41 Mutants have been selected to be tolerant to as much as 80 g/L 
of ethanol,41–43 and C. thermocellum ethanol tolerance has recently been reviewed.4 The C. 
thermocellum wild-type ATCC 27405 strain and a derived ethanol-adapted (EA) culture were 



Clostridium thermocellum  325

resequenced to identify important mutations related to the mutant phenotypes.44 EA was 
found to have a mutated adhE gene that encodes a bifunctional acetaldehyde-CoA/alcohol 
dehydrogenase. Genetic analysis demonstrated that this adhE mutation alone conferred an 
ethanol-tolerant phenotype by transferring the mutation to C. thermocellum strain DSM 1313. 
Biochemical and structural studies indicated and the resulting strain showed a loss of NADH-
dependent activity with concomitant acquisition of NADPH-dependent activity, likely altering 
electron flow in the mutant. Although more tolerant of ethanol, this strain did not have 
productivity advantages, which suggests that other metabolic bottlenecks need to be over-
come. However, by transferring the adhE mutation to the more genetically tractable C. 
thermocellum DSM 1313, an ethanol-tolerant platform strain was created that could be used 
for further metabolic engineering.

Most C. thermocellum studies to date have been conducted using model substrates, but it will 
become increasingly important that plant biomass substrates be used and studied directly if 
C. thermocellum is to become an industrial CBP organism. In one recent example, downregu-
lation of the lignin pathway gene for caffeic acid 3-O-methyltransferase yielded switchgrass 
(Panicum virgatum) that gave better bioconversion results after dilute acid pretreatment. 
However, C. thermocellum fermentation of the modified switchgrass was inhibited, unlike a 
Saccharomyces cerevisiae simultaneous saccharification and fermentation, until a hot-water 
extraction process was incorporated. A better understanding of the organism’s physiology 
during growth on industrial substrates will facilitate development of more robust strains. 
When C. thermocellum inhibition by a Populus hydrolysate was modeled and individual 
inhibitors tested, 4-hydroxybenzoic acid was found to be the most inhibitory compound, 
followed by galacturonic acid, which suggests future avenues for strain improvements.45

Few studies have examined the mechanisms by which C. thermocellum coordinates and 
regulates physiology under different conditions. The LacI family transcriptional regulator 
glyR3 is a negative regulator of the celC operon originally identified as containing the celC, 
glyR3, and licA genes and inducible by laminaribiose.46 Another important class of regulators 
that have been identified and begun to be characterized are C. thermocellum sigma and 
anti-sigma factors.47 It is interesting to note that strain ATCC 27405 can enter a dormant 
L-form state that is different from the spore form.48 Further investigations into the genetic 
control of the transition into L-form and the resulting metabolic effects will shed light on 
mechanisms of physiological control in C. thermocellum. More broadly, the combination of 
genetic, biochemical, and systems biology studies offers the prospect of more rapid insights 
into the regulation of C. thermocellum physiology.

Genome Sequences

A genome sequence underpins systems biology studies; it is now required for metabolic 
engineering and is able to be rapidly attained with recent advances in next-generation DNA 
sequencing technologies. The ATCC 27405 type strain was the first to have its genome 
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sequence determined for this species, and the classical Sanger method of DNA sequencing 
was used by the U.S. Joint Genome Institute (GenBank accession number CP000568). 
Professor J.H. David Wu (University of Rochester) and Dr. Michael E. Himmel (National 
Renewable Energy Laboratory) submitted the proposal to generate the ATCC 27405 genome 
sequence. Professor Wu’s laboratory supplied DNA for the ATCC 27405 genome project and 
the first draft sequence was available to the public in November 2003; however, repetitive 
sequences made closing this genome difficult and the genome sequence was not finished until 
February 2007. The Glimmer49 and Critica50 gene prediction algorithms were originally used 
and combined to predict gene models, which was followed by a round of manual curation. 
More recently, an improved gene prediction algorithm was applied to the ATCC 27405 
genome and its annotation was updated (GenBank accession number CP000568.1).51 A 
comprehensive comparison of different annotation versions can be found at http://genome. 
ornl.gov/microbial/cthe/. As algorithms continue to improve and novel features such as small 
regulatory RNAs are discovered and identified, it is likely there will be refinements to 
genomes.

Since the first C. thermocellum genome sequence was generated, there has been a revolution 
in DNA sequencing technologies.52 Twenty genome sequences for Clostridia species across 
multiple genera were recently determined,53 two of which were for C. thermocellum strains 
JW20 (4150) and LQRI (DSM 2360). Finished and draft genomes have been described for 
C. thermocellum strains DSM 1313,54 YS and derivative strain AD2,55 and strain BC1.23 The 
genome sequence for strain ATCC 27405 has been used to design oligonucleotides for strain 
DSM 1313, indicating that they are closely related,56 which was confirmed by subsequent in 
silico genome comparisons.4 C. thermocellum DSM 1313 is the background strain for one 
recently developed genetic system (see below). A summary of several key genome features 
is provided for wild-type strains for which the genome sequences are available (Table 1). 
Although there are strain-level differences in gene content for encoding transposes and 
restriction systems,4 many of the differences in genome sizes and the number of predicted 

Table 1: Summary statistics for wild-type C. thermocellum genome sequences

Strain Status
Genome 
Size (bp) % G + C

Total 
Genes

Protein 
Coding Genes

rRNA 
Operons Ref.a

ATCC 27405 Finished 3,84,3301 39 3,335 3,236 4 51
DSM 1313 Finished 3,56,1619 39 3,102 3,031 4 29

YS Draft 3,84,3301 39 3,081 3,026 1 55
JW20 (DSM 4150) Draft 3,32,1980 39 3,027 2,979 3b 53
LQRI (DSM 2360) Draft 3,45,4608 39 3,147 3,091 1 53

BC1 Draft 3,45,4918 39 3,159 3,095 4 23

aWith the exception of strain BC1, data were obtained from the Integrated Microbial Genomes database on September 7, 2013.
bThree 16S rDNA genes were identified for strain JW20, but only single copies of the 5S and 23S genes were noted.

http://genome.ornl.gov/microbial/cthe/
http://genome.ornl.gov/microbial/cthe/
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genes likely reflect differences in sequencing technologies, assembly methods, and gene 
prediction algorithms. Longer read technologies continue to develop, and we expect that 
such approaches will be useful to improve genome assemblies,57 which will facilitate 
comparative genomic studies. Future comparative genomic studies may permit more refined 
bioinformatics predictions for genes, operons, and cis-regulatory motifs and insights into 
phenotypic differences reported for strain BC1 or others such as hypercellulase 
production.58

These C. thermocellum genome sequences have been leveraged to produce a genome-scale 
metabolic model.59 This model consisted of 577 reactions, 525 intracellular metabolites, and 
432 genes. In addition to providing a tool to predict modifications that could improve fuel 
production, it also highlighted gaps in metabolic pathways. Because these missing reactions 
are part of essential metabolic pathways, they either represent incorrectly annotated genes or 
situations in which C. thermocellum uses an unusual pathway. Future studies will be needed 
to resolve this question. The Roberts model was further updated using RNAseq data, further 
improving this tool.60

Transcriptomics and Proteomics

To better understand C. thermocellum physiology and to inform metabolic engineering 
strategies, transcriptomic and proteomic studies have been undertaken. After the ATCC 27405 
genome sequence became available, a whole genome DNA microarray was developed using 
oligonucleotide probes that represented <95% of the putative protein-coding genes,61 which 
was subsequently applied to generate transcriptional profiles for strain ATCC 27405 during 
early-exponential to late-stationary growth phase in cellulose fermentations.62 These analyses 
showed that when batch cultures entered the stationary phase, cell growth slowed in concert 
with decreased expressions of genes involved in energy production, translation, glycolysis, 
and metabolisms of amino acid, nucleotide, and coenzyme. Cells instead increased expres-
sions of genes involved in chemotaxis, flagella biosynthesis, signal transduction, and enzymes 
responsible for digesting plant polysaccharides. C. thermocellum ATCC 27405 global gene 
expression patterns were also profiled in cellulose or cellobiose-limited chemostats with 
various controlled growth rates.63 A set of 348 genes were consistently regulated among 
different growth rates and carbon sources. Statistical analysis of differential expression 
patterns suggested that growth rate is a dominant factor controlling global gene expression.63

C. thermocellum gene and protein expression differences to ethanol stress were examined in a 
time course study that compared treated to untreated control cells for insights into the 
response of this fermentation end product.64 The most upregulated gene and proteins, when 
compared with untreated wild-type strain, were genes involved in nitrogen metabolism, 
including urea ABC transporter component genes Cthe_1819 to Cthe_1823. Expression of C. 
thermocellum ureABCDEFG genes into Thermoanaerobacterium saccharolyticum increased 
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the titer of ethanol production,65 suggesting an important link between ethanol production and 
nitrogen metabolism. This also demonstrates the importance of systems biology studies to 
inform strain improvement.

In an industrial setting, C. thermocellum will need to tolerate inhibitors present in pretreated 
plant biomass and perturbations in process conditions. Therefore, general and specific physi-
ological and regulatory stress responses were investigated when C. thermocellum was grown 
to midexponential phase and shocked with either furfural to a final concentration of 3 g/L or 
with a 10 °C heat shock to 68 °C.66 After 10, 30, 60, and 120 min of postshock, samples were 
obtained from treated and untreated fermentations for transcriptomic and fermentation product 
analyses. Urea uptake genes again had higher expression levels after furfural stress, but not to 
the same degree as after ethanol stress, and these genes were largely unaffected by heat shock. 
The greatest transcriptomic response to furfural stress was in sulfate transport and for sulfate 
assimilatory pathway enzymes; however, these transcripts were also changed late after heat 
and ethanol stress. This study showed that C. thermocellum has a complex and dynamic 
transcriptional response to different stressors that involved genes involved in sulfur and 
nitrogen assimilation, protection against oxidative stress, electron transfer, detoxification, and 
DNA repair and the use of different regulatory networks to control and coordinate adaptation.

Early proteomic analyses identified cellulosome compositions under various conditions,67–71 
and these studies have been reviewed.4 Most predicted cellulosome proteins have now been 
detected by mass spectrometry,64 and proteomic30 and enzyme analyses31 of core metabolism 
have informed key aspects of the organism’s physiology, as described above. The application 
of mass-spectrometry-based proteomics techniques to investigate mutant strains and cells 
grown on industrially relevant substrates will be useful to explore metabolism and regulation 
in greater detail.

C. thermocellum Genetic Tools and Metabolic Engineering

Metabolic engineering requires the ability to genetically modify the organism of interest. The 
first example of transformation was achieved using a custom electroporator and cuvettes,72,73 
and until recently progress on genetic tool development to facilitate targeted mutagenesis was 
slow. An MboI-like restriction system, which recognizes and cleaves unmethylated GATC 
sequences, was discovered in type strain ATCC 27405.74 Escherichia coli naturally methyl-
ates this sequence with Dam methylase, minimizing this restriction system as a barrier to 
transformation. Strain DSM 1313 is also predicted to encode a MboI-like restriction system, 
and Dam methylated DNA transforms this strain more efficiently than unmethylated DNA,75 
supporting this assertion. Furthermore, transformation efficiency has been improved by 
isolation of DNA from E. coli strains lacking Dcm methylase, leading to the suggestion that a 
putative type IV restriction system found in C. thermocellum DSM 1313 may hinder transfor-
mation of C. thermocellum by cleavage of DNA methylated at Dcm sites.75
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Significant progress has been made recently on developing methodologies for manipulation 
of the C. thermocellum chromosome. Detailed protocols for transforming C. thermocellum 
and creating deletion strains have been described, and deletion experiments are routinely 
performed in strain DSM 1313 because of increased transformation efficiencies.76 The 
chloramphenicol acetyltransferase gene (cat) was demonstrated as a positive selectable 
marker conferring resistance to thiamphenicol using derivatives of plasmid pNW33N,56 as has 
the kan gene, which confers resistance to neomycin.71 Counterselectable markers have also 
been developed, including pyrF for sensitivity to 5-fluoroortic acid,56 hpt for sensitivity to 
8-azahypoxanthine, and tdk for sensitivity to fluorodeoxyuracil.77 The use of these markers 
has allowed for the creation of gene deletions,71,77,78 which is significant and necessary to 
advance our fundamental understanding of C. thermocellum physiology/regulation and to 
advance strain developments.

Utilization of new genetic tools has allowed for manipulation of central metabolism, increas-
ing flux of cellulosic substrates to ethanol. Tripathi and co-workers developed a first-generation 
gene deletion tool and succeeded in deleting the phosphotransacetylase (pta), blocking acetic 
acid production and increasing ethanol yield by approximately 10% during growth on cellobi-
ose.56 Further tool development and gene deletion allowed for deletion of lactate dehydroge-
nase (ldh) and pta in the same strain.77 Although the single ldh and pta mutants each 
produced only approximately 20% more ethanol than the wild-type strain, combination of 
these mutations into a single strain resulted in an approximately 50% increase in ethanol 
production over the wild-type strain. Not surprisingly, this strain grew poorly, and it was 
evolved by serial transfer for 2000 h to select for a faster growing strain. This evolved strain 
produced 4-fold more ethanol than the wild-type strain. Argyros et al. (2011) described the 
highest ethanol titer from a thermophilic cellulose fermentation to date using a co-culture of 
C. thermocellum and T. saccharolyticum, both of which had been engineered to be organic 
acid-deficient strains by interrupting pathways for lactate and acetate production.77 The 
co-culture produced in 38 g/L ethanol in 146 h from 92 g/L of Avicel, and acetic and lactic 
acids were not detected. Although it is unlikely that an industrial process will utilize a co-
culture, thermophilic, cellulolytic bacteria are amenable to metabolic engineering and sub-
stantial progress can be made. Although not yet sufficient for industrial purposes, these 
advances in C. thermocellum metabolic engineering give confidence that additional modifica-
tions will allow this organism to be engineered for greater productivity.

A targeted mutagenesis system built on the mobile group II intron has been a very effective 
tool in various mesophilic bacteria, including several clostridia species.79 A mobile group II 
intron from the thermophilic cyanobacterium Thermosynechococcus elongatus has been used 
to construct a thermophilic “targetron” system, which has been applied to interrupt six C. 
thermocellum genes (cipA [Clo1313_0627], cellulosome scaffoldin protein; hfat [also called 
pfl; Clo1313_2343], hypothetical formate acetyltransferase; hyd [Clo1313_0554], hydrog-
enase; ldh [Clo1313_1160], lactate dehydrogenase; pta [Clo1313_1185], 
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phosphotransacetylase; pyrF [Clo1313_1266], orotidine 5′-phosphate decarboxylase).80 The 
advent of newly developed tools for C. thermocellum promises a new era of rapid metabolic 
engineering in this organism.

Outlook

Being able to produce liquid biofuels and chemicals at large industrial scales using plant-
derived biomass has yet to be realized. Future directions for C. thermocellum research and 
development that will likely be productive include systems biology studies of mutant strains 
for a deeper understanding of physiology and regulation, detailed metabolic flux studies, 
introduction of genes and pathways to transport and utilize five-carbon sugars present in 
biomass, and examination of strains grown at high loadings for substrates relevant to industry 
and at scale. Substantial progress has been made recently in tools and understanding for 
metabolically engineering promising CBP candidates including C. thermocellum, making 
now an exciting time.
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Introduction

Consolidated bioprocessing (CBP) is a system in which enzyme production, substrate hydro-
lysis, and fermentation are accomplished in a single process step by lignocellulolytic microor-
ganisms. CBP offers the potential for lower biofuel production costs due to simpler feedstock 
processing, lower energy inputs, and higher conversion efficiencies than separate hydrolysis 
and fermentation processes, and it is an economically attractive near-term goal for “next- 
generation” cellulosic biofuel production.1–4 Cellulolytic species of clostridia have received 
significant attention because of their potential to directly utilize cellulose as a carbon source 
and convert lignocellulosic biomass into industrially valuable chemicals.

In nature, anaerobic degradation of cellulosic materials (e.g., in composts) typically calls into 
play complex communities of microorganisms excreting a broad arsenal of hydrolytic enzymes 
to tackle the diverse polysaccharides that compose lignocellulose under thermophilic5 and 
mesophilic6 conditions. From such communities, mesophilic and thermophilic species have 
been isolated (e.g., Sizova et al.7) and are characterized mainly as strictly anaerobic spore- 
formers with many expressing multienzyme extracellular complexes, known as a cellulosome, 
which is able to rapidly and efficiently hydrolyze cellulose.2,3 However, it is important to remain 
mindful that the physiological conditions under which these species have been characterized do 
not necessarily reflect the environments in which these bacteria have evolved. Rather, the 
metabolism of these bacteria has evolved to simultaneously exploit a narrow ecological niche 
and to function as part of a diverse microbial ecosystem. Guedon et al.8 contend that cellulolytic 
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species, such as the mesophile Clostridium cellulolyticum, are not adapted to utilize carbon 
sources and other nutrients in excess because many natural ecosystems rarely contain all of the 
nutrients required in saturating quantities. Clostridium thermocellum is incapable of utilizing  
the products of hemicellulose or lignin hydrolysis and instead is restricted to catabolizing the 
oligosaccharides released during cellulose decomposition.

Although some monocultures of cellulolytic bacteria have been studied extensively, they have 
their limitations, and cocultures of C. thermocellum with saccharolytic bacteria such as Clos-
tridium thermosaccharolyticum,9 Clostridium thermohydrosulfuricum,10,11 Caldicellulosiruptor 
bescii,12 and Thermoanaerobacter pseudethanolicus13 (formerly C. thermohydrosulfuricum 
39E14) have reported increased rates of cellulose hydrolysis and higher ethanol titers than 
observed in monocultures. Indeed, the isolation of C. thermocellum was fraught with challenges 
resultant from a proclivity to exist in stable, synergistic relationships with other species.11 
Naturally occurring cocultures of cellulose fermenting mesophiles have also been described.15

Most of the research on cocultures until now has been empirical. Development of “designer 
consortia” for novel biorefining processes may be a highly productive area of research for H2 
and/or ethanol production coupled to synthesis of value-added co-products. A comprehensive 
understanding of lignocellulose fermentation may require, in future studies, the utilization of 
holistic approaches that involve meta-genomic, -proteomic, and -transcriptomic methodolo-
gies. Nevertheless, understanding the role and behavior of the individual participants in 
lignocellulosic hydrolysis/fermentation remains a necessary prerequisite. In this chapter, we 
discuss the application of “omics” (bioinformatics, genomics, proteomics, and transcrip-
tomics) to identify potential synergistic partners for the design of cocultures of bacteria that 
display higher rates of substrate conversion and enhanced yields of desired end products.

Synergistic Cocultures for Fermentation of Lignocellulosic Substrates

Growing evidence indicates that cocultures of surface-attached microorganisms are more  
effective in substrate conversion and can synthesize end products such as ethanol or H2 in greater 
amounts than monocultures. Cocultures of the thermophilic, cellulolytic bacterium, C. thermocel-
lum strain YM4 and the xylanolytic bacterium, C. thermohydrosulfuricum strain YM3, degraded 
crystalline cellulose (Avicel) more rapidly than monocultures of C. thermocellum.11 Cocultures 
of C. thermocellum LQRI and either T. pseudethanolicus 39E or Thermoanaerobacter sp. X514 
were more effective in utilizing cellulose and produced more ethanol in cocultures than C. 
thermocellum monocultures.13 These studies suggest that defined cocultures can synergistically 
increase rates of substrate conversion and H2 and/or ethanol production and yields.

More recently, the volumetric H2 production and the H2 yield more than doubled in cocultures 
of C. thermocellum strain JN4 and T. thermosaccharolyticum GD17.16 C. thermocellum JN4 
can decompose cellulose and xylans, but it cannot utilize glucose or xylose produced by the 
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degradation, respectively. In contrast, T. thermosaccharolyticum GD17 can utilize xylose for 
growth. The experiment was performed at a pH of 4.4 and a temperature of 60 °C in a batch 
reactor. The hydrogen yield from monocultures of C. thermocellum was approximately 
0.8 mol H2/mol glucose, with lactate as the main product. H2 production increased approxi-
mately 2-fold and H2 yield increased to 1.8 mol H2/mol glucose when C. thermocellum JN4 
was cocultured with T. thermosaccharolyticum GD17. Butyrate was the most abundant 
byproduct, and lactate was not detected at the end of the fermentation reaction in the coculture.

Coculture experiments with C. thermocellum DSM 1237 and the noncellulolytic H2-producing 
bacterium, Clostridium thermopalmarium DSM 5974 were reported by Geng et al.17 The 
coculture produced nearly double the amount of H2 produced by C. thermocellum monocultures, 
with ethanol and acetate as the main soluble fermentation end products. However, the primary 
soluble fermentation end product in the cocultures was butyrate (produced by C. thermopalmar-
ium). Nevertheless, these results support the synergies between cellulolytic anaerobes and 
high-yield biohydrogen producers.

Another example of technical and economical efficiencies attained by the synergistic  
cocultures was provided by Li and Liu,18 who investigated fermentative H2 production by a 
coculture of C. thermocellum and C. thermosaccharolyticum utilizing corn stalk waste.  
C. thermosaccharolyticum is a noncellulolytic, high H2-producing strain. The experiments 
were conducted in batch and continuous-flow modes at a temperature of 55 °C and a pH of 
7.2. Residual cellobiose, glucose, and xylose were detected in C. thermocellum monocultures 
after fermentation of the corn silk waste substrate. However, neither cellobiose nor xylose 
were detected at either the end of the C. thermocellum + C. thermosaccharolyticum coculture 
fermentations because C. thermosaccharolyticum had utilized these substrates for growth, 
producing the H2 and acetate as fermentation end products. The hydrogen yield in the cocul-
ture batch fermentation reached 68.2 mL/g cornstalk, which was 94.1% higher than that in the 
monoculture, and the rate of hydrogen production reached 14.1 mL H2/L/h. A higher H2 yield 
of 74.9 mL/g cornstalk, as well as a higher production rate of 18.5 mL H2/L/h, were achieved 
using the optimized coculture method in a scaled-up reactor compared with that produced 
from the anaerobic bottles. A coculture of C. thermocellum and C. bescii was able to increase 
yields of end products from the fermentation of raw switchgrass over either monoculture,12 
indicating that the coculture may have enhanced the accessibility of C. thermocellum to the 
cellulose through the more effective removal of hemicellulose by C. bescii.

Predicting Synergistic Cocultures
Taking Advantage of “Omics” to Understand Microbial Complementarity

There has been a concerted effort to discover, characterize, and sequence organisms capable of 
lignocellulose fermentation in recent years. Because of the large and increasing number of 
genome sequences of relevant organisms in the databases, genomic approaches investigating 
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biofuel-relevant organisms have allowed significant comparative insight in how these organisms 
produce end products of interest,19 and they have been used for flux modelling20 with organisms 
such as C. thermocellum. Genomic information can also allow for significant insight when 
designing cocultures. Nevertheless, genome sequences indicate the putative potential of a cell’s 
capabilities. The subset of genes that are actually expressed under specific growth conditions 
through the use of other “omics” tools such as proteomics and transcriptomics provides further 
insights into what the cells are capable of doing under specific growth conditions. Complemen-
tarity among microorganisms in communities can occur at multiple levels, including comple-
mentation of complex substrate hydrolysis, complementation of carbon metabolism and soluble 
substrate utilization, and nutrient complementation. Omics approaches can also be a powerful 
tool in understanding global and specific regulatory mechanisms related to sugar usage, and the 
resulting data can be used to make informed decisions when designing cocultures.

Complementarity in Glycoside Hydrolases and Hydrolysis of Complex Substrates

The recalcitrant nature of lignocellulose and its resistance to enzymatic hydrolysis are often 
viewed as one of the major limitations to overcome to improve lignocellulosic biofuel pro-
duction in CBP systems.21,22 Although many studies investigate the native hydrolytic capabili-
ties of biofuel-producing strains in monoculture,23–26 co-culturing strains with their own 
unique capacities has the potential for synergistic relationships to develop. Analysis of 
genome content can be used to identify the “maximal potential” within a given strain to 
contribute to lignocellulose hydrolysis in a CBP system. This process can be facilitated by 
first identifying all of the carbohydrate active enzymes (CAZymes) in an organism, for which 
web-based tools27 as well as a CAZyme database28 exist.

Although many of the identified CAZyme sequences in biofuel-relevant strains (Table 1) 
have not been functionally characterized, inferences into enzyme function can be pre-
dicted based on functionalities assigned to each CAZyme class, which allows for the 
identification of potential hydrolytic limitations. For example, the study by Verbeke 
et al.29 correlated the presence or absence of glycoside hydrolase (GH) 10 enzymes 
(endo-xylanases) in Thermoanaerobacter genomes (Table 1) with the ability or inability, 
respectively, of the same strains to grow on xylan. Similar observations involving Caldi-
cellulosiruptor spp. were made by Blumer-Schuette et al.25 In that study, the absence of 
GH48 domain-containing proteins in Caldicellulosiruptor hydrothermalis, Caldicellulo-
siruptor kristjanssonii, and Caldicellulosiruptor owensensis (Table 1) correlated with 
their reduced ability to grow on microcrystalline cellulose despite containing other 
cellulose-degrading enzymes, which permitted growth on carboxymethylcellulose. Thus, 
the absence of specific lignocellulose-relevant CAZymes in the genomes of specific 
strains can be viewed as a requirement for those CAZymes, or functional equivalents, in 
the genomes of a potential coculture partner for the purposes of maximizing hydrolysis 
of the lignocellulosic biomass.
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Although genome analysis can be used to identify potential synergies or limitations in the 
hydrolytic capabilities of strains, these analyses can be further supplemented and focused 
through the use of cellular localization software such as PSortB30 or any of multiple signal 
peptide prediction programs (for a comparison of programs, see Choo et al.31). Proteomic 
analysis of Clostridium phytofermentans grown on hemicellulose (Birch wood xylan) or 
cellulose found good correlation between proteins observed in the extracellular “secretome” 
(Table 2) and those predicted to be secreted in silico. The presence of dockerin domains in 
cellulosome-possessing strains, or S-layer homology domains (pfam classification PF00395), 
are also signatures of extracellular localization. Although the relationship between extracel-
lular (cell-bound or secreted) CAZymes and hydrolysis of insoluble lignocellulose polymers 
seems obvious, distinguishing between intracellular and extracellular CAZymes is often 
overlooked when reporting an organism’s CAZyme. In such cases, the hydrolytic potential of 
an organism may be ultimately be overestimated as a result. The presence of GHs in the 
cytoplasm should not be surprising because it has been shown that several organisms associ-
ated with lignocellulose fermentation take up oligosaccharides into the cell,32,33 making the 
presence of such enzymes essential in the cytoplasm (e.g., β-glucocidases in C. thermocellum 
or β-xylosidases T. pseudethanolycus JW200).

Gene expression data can provide further important insights into realized, as well as unfilled, 
hydrolytic potential that can influence strain selection in designer cocultures (Table 2). For 
example, quantitative proteomic analysis of C. thermocellum by Raman et al. (2009) identi-
fied that xylanase expression decreased when grown on pretreated switchgrass, which 
contains xylan, in comparison to growth on cellulose (Table 2). A similar result was observed 
in C. cellulolyticum,24 another cellulosome-producing Clostridium species. Comparative 
proteomic analysis of cellulosomes derived from C. cellulolyticum grown on cellulose, oat 
spelt xylan, or wheat straw identified that xylanases from the oat spelt xylan cellulosomes 
had fewer xylanase peptides identified than cellulosomes from either the cellulose or wheat 
straw conditions. The apparent downregulation of xylanases is further supported by the 
observation that the cellulosomes showing the least hydrolytic activity toward xylan were 
derived from the oat spelt xylan grown cells. Thus, it appears that in C. thermocellum and 
C. cellulolyticum, the production of xylanases is not tied to the presence of xylan; therefore, 
xylan hydrolysis in lignocellulosic biomass may be limited when using these strains in 
monoculture.

In contrast, cellulose hydrolysis activity in C. cellulolyticum cellulosomes was highest on 
cellulose-grown cells whereas wheat straw hydrolysis was highest for cellulosomes derived 
from wheat straw-grown cells.24 Thus, under these conditions, the nature of the polymer 
hydrolyzed correlates intimately with the resultant hydrolysis proteins produced. Similar 
findings were observed for C. thermocellum, in which decreased exo- and endoglucanase 
expression levels were observed for cells grown on the disaccharide cellobiose in comparison 
to polymeric cellulose.23



Table 1: Analysis of extracellulara CAZy designated glycoside hydrolase classes related to lignocellulose hydrolysis in the genomes of select Firmicutes

CAZyme 
Module

Caldicellu­
losiruptor 

bescii 
DSM 
6725

Caldicellu­
losiruptor 

kristjanssonii 
177R1B

Caldicellu­
losiruptor 
obsidiansis 

OB47

Caldicellu­
losiruptor 

saccharolyticus 
DSM 8903

Clostridium 
cellulolyticum 

H10

Clostridium 
cellulovorans 

743B

Clostridium 
phytofer 
mentans 

ISDg

Clostridium 
thermocellum 

ATCC 
27405

Clostridium 
stercorarium 
DSM 8532

Thermoana­
erobacter 

italicus Ab9

Thermoan­
aerobacter 
mathranii 

subsp. 
mathranii A3

Thermoana­
erobacter 

thermohydro­
sulfuricus 

WC1

Thermoana­
erobacterium 

saccharolyticum 
JW/SL-YS485

Thermoana­
erobacterium 
thermosac­

charolyticum 
DSM 571

Thermoana­
erobacterium 
xylanolyticum 

LX-11

GH2 X
GH3 X
GH5 X X X X X X X X X
GH8 X X
GH9 X X X X X X X X X

GH10 X X X X X X X X X X X X X X X
GH11 X X X X X X X
GH16 X X X
GH26 X X X X
GH27 X X X X
GH31 X X
GH42 X
GH43 X X
GH44 X X X X
GH48 X X X X
GH51 X X X X
GH52 X X X X X X X
GH53 X X
GH54 X X
GH62 X
GH74 X X X X X X
GH81 X
GH98 X

aExtracellular localization for glycoside hydrolases within each CAZyme class predicted using PSortB 3.030 and using the final subcellular localization prediction reported for each CAZyme. 
Individual sequences for each strain were identified by accessing the CAZy database.28



Table 2: Observeda glycoside hydrolase encoding genes involved in lignocellulose hydrolysis in select Firmicutes with available  
gene expression data

CAZyme Module
Caldicellulosiruptor 
bescii DSM 6725

Caldicellulosiruptor 
obsidiansis OB47

Clostridium 
cellulolyticum H10

Clostridium 
phytofermentans ISDg

Clostridium thermocellum 
ATCC 27405

GH2 Athe_1859A COB47_1671A Ccel_1239S Cthe_0405C,CX,CP,CPX

GH5 Ccel_2337C,S,X Cthe_0536C,CX,CP,CPX,CB,Z

Ccel_1099C,S,X Cthe_0797CX,CP,CPX,SWG

Ccel_0840C,S Cthe_0821C,CX,CP,CPX,SWG,Z

Cthe_1472C,CX,CPX,SWG,CB,Z

Cthe_2147C,CX,CP,CPX,SWG,CB

Cthe_2193C,CX,CP,Z

Cthe_2872C,CX,CP,CPX,SWG,Z

GH8 Cthe_0269C,CX

GH9 Athe_1867A COB47_1669A Ccel_0231C,X,S Cphy_3367X,C Cthe_0412C,CX,CP,CPX,SWG

Athe_1865A COB47_1673A Ccel_0731C,X,S Cthe_0413C,CX,CPX,CB,SWG

Ccel_0732C,X,S Cthe_0433C,CX,CP,CPX,SWG,CB,Z

Ccel_0734C,S Cthe_0578C,CX,CP,SWG

Ccel_0735C,S,X Cthe_0624C,CX,CP,CPX,SWG,Z

Ccel_0737C,S,X Cthe_0745C,CX,CP,CPX,SWG

Ccel_0753C,S,X Cthe_0825C,CX,CP,CPX,CB,SWG

Ccel_1249C,S,X Cthe_2760C,CX,CP,CPX,SWG,Z

Ccel_1648C,X,S Cthe_2761C,CX,CP,CPX,SWG,Z

Ccel_2392C,X,S

Ccel_2621C,X,S

GH10 Athe_1857A COB47_1671A Ccel_0931C,S,X Cphy_0624X,C Cthe_0912C,CX,CP,CPX,CB

Ccel_1230S Cphy_1510X,C Cthe_1838C,CX,CP,CPX,SWG,CB,Z

Ccel_2319 Cphy_2108X,C Cthe_1963C,CX,CP,CPX,CB,Z

Ccel_2320 Cphy_3010X Cthe_2590C,CX,SWG,CB,Z

Cphy_3862X,C

Continued



Table 2: Observeda glycoside hydrolase encoding genes involved in lignocellulose hydrolysis in select Firmicutes with available  
gene expression data—cont’d

CAZyme Module
Caldicellulosiruptor 
bescii DSM 6725

Caldicellulosiruptor 
obsidiansis OB47

Clostridium 
cellulolyticum H10

Clostridium 
phytofermentans ISDg

Clostridium thermocellum 
ATCC 27405

GH11 Ccel_0750C,X,S Cphy_2105X,C Cthe_2972C,CX,CP,CPX,Z

GH27 Cphy_1071X,C Cthe_0032C,CX,CP,CPX,SWG,CB,Z

Cphy_2128X,C Cthe_1472C,CX,CPX,SWG,CB,Z

Cthe_2811C,CX,CP,CPX,SWG

GH31 Ccel_0649C,X,Z Cthe_2139CX

Cthe_3012C,CP,CPX,CB

GH42 Ccel_1229S Cthe_0661C

GH44 Ccel_1231S Cthe_1271C,CP,CPX,CB,Z

Ccel_1235S

GH48 Athe_1867A COB47_1664A

COB47_1673A

GH51 Ccel_0729C,X,S Cphy_3368X,C Cthe_2089C,CX,CP,CPX,SWG

GH54 Cthe_1400C,CX,CP,CPX,CB,Z

Reference 34 34 24 35 23

Note: Identified locus tags correspond only to observed gene sequences. Additional sequences within specific CAZy classes exist, although they are not identified.
aObserved through either transcriptomic or proteomic analysis during growth on a specific substrate. Substrates identified as superscripts as follows: A = Avicel;  
C = cellulose; X = xylan; S = wheat straw; P = pectin; SWG = switchgrass; CB = cellobiose; Z = Z-trim (60% cellulose +16% hemicellulose).
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Analysis of the Clostridium phytofermentans secretome identified that cellulases and hemicel-
lulases were upregulated on cells grown on cellulose or hemicellulose in contrast to glucose-
grown cells, but under all conditions, the hydrolytic activities of the secretome were higher 
for hemicellulose hydrolysis rather than cellulose hydrolysis.35 Thus, although C. phytofer-
mentans is able to utilize cellulose, under the conditions tested, the enzymatic machinery 
produced was more suited toward hemicellulose degradation.

As is shown in Table 2, secretome analysis identifies that, in all cellulolytic Clostridium 
strains for which expression data are available, independent of growth substrate, the expres-
sion of cellulose-acting and hemicellulose-acting CAZymes occurs simultaneously. Similar 
findings were observed in C. bescii and Caldicellulosiruptor obsidiansis, in which, despite 
having a significant number of CAZymes annotated (Table 1), only a few CAZyme-related 
proteins were observed in the secretome (Table 2) of cellulose-grown cells.34 Thus, it is 
possible to infer that the expression of diversely acting enzymes may have evolved as a means 
of coordinating biomass hydrolysis activity between enzyme complexes. This inference is 
supported by the study of Blumer-Schuette et al.,25 which found that found that the Avicel-
induced secretomes closely matched the xylose-induced secretomes of Caldicellulosiruptor 
spp. that were also capable of degrading microcrystalline cellulose. In contrast, the strains 
with reduced growth on microcrystalline cellulose—C. hydrothermalis, C. kristjanssonii, and 
C. owensensis—had more pronounced differences in their Avicel- vs. xylose-induced secre-
tomes. It is also interesting to note that the potential coordination of divergently functioning 
CAZymes observed in Caldicellulosiruptor spp. mimics the expression profiles of Clostrid-
ium spp., such as C. thermocellum and C. cellulolyticum, despite apparently secreting far 
fewer CAZymes (Table 2).

The production of a cocktail of divergently functioning enzymes in cellulolytic Firmicutes, 
rather than enzymes tailored to a specific function, may serve as a model for designing 
synergistic cocultures. This is the logic under which the C. thermocellum-C. bescii was built 
and tested.12 It may be advantageous to couple a strain showing either low expression levels 
and/or low secretome activity levels for specific lignocellulose polymers to strains proficient 
in that process. However, using the hydrolysis profiles to develop cocultures is currently 
limited because only a few organisms have expression data profiles (Table 2) and even fewer 
have coupled secretome activity analysis to those profiles.

Underlying the differences in expression profiles and hydrolytic potential observed in biofuel-
relevant Firmicutes are complex regulatory networks, the nature of which has only begun to 
be elucidated. Understanding and manipulating these networks may have significant implica-
tions for the industrial implementation of any of these strains in mono- or co-culture. How-
ever, identifying these mechanisms is further complicated by the realization that significant 
differences exist amongst the Firmicutes, which have implications in terms of extracellular 
CAZyme expression. For example, glucose and cellobiose downregulate cellulase expression 
for C. phytofermentans35 and C. thermocellum,23 respectively, as suggested by the proteomic 



344  Chapter 17

profile for each strain. In contrast, secretome exo- and endoglucanase expression levels were 
highest in C. obsidiansis on cellobiose-grown cells in comparison to cellulose-grown cells.26 
Thus, at least in the case of C. obsidiansis, cellulose hydrolysis products seem to induce, or 
alternatively prevent repression, of cellulose-encoding sequences.

In C. thermocellum, the celC cellulase operon is reported to be under the regulatory control of 
the dissacharide laminaribiose,36 whereas the study by Raman et al.23 has suggested that 
pectin may play a role in C. thermocellum xylanase expression. Thus, in these cases, regula-
tion does not seem to be connected to the carbohydrate upon which the enzymes produced 
act. Further, the cip-cel gene cluster in C. cellulolyticum, which are major components of the 
C. cellulolyticum cellulosome, are additionally controlled through carbon catabolite repres-
sion (CCR) mechanisms.37 Thus, given the drastic regulatory differences between strains, 
using expression profiling data to begin to unravel lignocellulose hydrolysis-related regulons 
is an important component in further development of these organisms.

Omics tools can help to shed significant insight into the potential, both realized and unful-
filled, that an organism can hydrolyze lignocellulosic biomass. Although data sets are cur-
rently available for only a few organisms (Table 2), further investigation into those same 
strains, as well as diverse ones, will help to identify these limitations that can be addressed 
through the use of an appropriate coculture partner. Further, the use of omic data provides the 
possibility to evaluate expression profiles of strains in coculture and identify differential 
expression patterns related to hydrolysis that could be attributed to coculturing itself. 
Although this approach has not yet been discussed in the literature, the potential it holds may 
rapidly advance the development of industry-ready microorganisms.

Carbohydrate Utilization in Firmicutes

The hydrolysis of the cellulose and hemicellulose fractions of lignocellulosic biomass will 
generate a mixed pool of saccharides available for fermentation. Ideally, simultaneous 
conversion of the resultant hydrolysis products into biofuels will occur with no distinct 
preference for one substrate over another. However, CCR, in which the presence of one 
carbon source exerts a regulatory effect on the expression of genes and gene products associ-
ated with the utilization of alternative carbon sources,38 may permit only sequential, and not 
simultaneous, utilization.

CCR has been reported in many Firmicutes, including biofuel-relevant strains such as  
C. cellulolyticum37 and Thermoanaerobacterium saccharolyticum M2476.39 In contrast, other 
Firmicutes, such as Caldicellulosiruptor saccharolyticus DSM 890340,41 and Thermoanaero-
bacter sp. X514,42 have been shown to simultaneously co-utilize lignocellulose-relevant 
saccharides, suggesting a lack of CCR mechanisms in these organisms. In other organisms, 
such as T. pseudethanolicus 39E, glucose has been shown to have a repressive effect on 
maltodextrin utilization,43 but not inhibit xylose utilization or synthesis of xylose-related gene 
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products.44,45 Thus, in these organisms, understanding the specific influences of the CCR 
regulon is important in understanding carbon flux pathways and potential limitations in 
substrate usage. In addition, the global nature of CCR requires that omics approaches be 
implemented to fully understand the metabolic potential of cells in the presence of mixed 
carbohydrates.

Within the Firmicutes associated with lignocellulose fermentation, there is little biochemical 
confirmation of the elements of CCR, and we need to anchor our current analysis in other 
members of the phylum. In Firmicutes, mechanisms of CCR include (1) inducer exclusion, 
(2) global regulatory control, and (3) specific transcriptional control (for more in-depth 
reviews of these mechanisms see Ref. 38,46–48). Central to all of these processes is a single 
protein, HPr (histidine-containing protein), belonging to protein family (pfam) classification 
00381.49 The HPr protein is multifunctional in Firmicutes, and its function in vivo is depen-
dent on its phosphorylation state. When phosphorylated at the His15 residue by Enzyme I, 
P-His-HPr acts as a phosphor-carrier protein involved with phosphotransferase system 
(PTS)-mediated transport. The P-His-HPr transfers its phosphate to a PTS-EIIA protein, 
which subsequently donates the phosphate to the sugar being transported. Alternatively, when 
phosphorylated at a conserved Ser46 residue, the HPr protein plays multiple roles in CCR 
(discussed below).

A functionally similar HPr-like protein termed crh (catabolite repression HPr) is known to 
exist in some strains and plays a role in CCR similar to P-Ser-HPr.50,51 Similar to HPr, crh 
also contains a conserved Ser46 residue that, when phosphorylated, transforms it into an 
effector molecule for CCR regulatory proteins. However, unlike HPr, crh contains no His15 
residue and it is not involved in PTS-mediated transport.

Phosphorylation at the Ser46 residue is catalyzed by a bidirectional HPr kinase/phosphatase 
(HPrK/P) (pfam07475),49 the activity of which is modulated by the allosteric activator 
fructose-1,6-bisphosphate. When activated, the HPr kinase phosphorylates the Ser46 residue 
of HPr or crh through the consumption of an ATP. Thus, when intracellular fructose-
1,6-bisphosphate concentrations, as well as ATP levels, are high (indicative of the rapid 
metabolism of a preferred carbon source), P-Ser-HPr and/or P-Ser-crh are readily formed and 
a CCR effect is observed. Upon depletion of the carbon source, intracellular fructose-
1,6-bisphosphate and ATP levels decline and the HPrK/P dephosphorylates P-Ser-HPr, 
alleviating the CCR effect.

P-Ser-HPr is involved with inducer exclusion as a CCR mechanism. The molecule interacts 
with transport permeases, preventing transport of alternative carbon sources, which may serve 
as inducing molecules for their own catabolism.52 This mechanism has been demonstrated 
in vivo in Lactobacillus casei,53 in which the addition of glucose immediately arrests maltose 
uptake in maltose-growing cells. A similar effect was observed in an L. casei catabolite 
control protein A (ccpA—see below) mutant, suggesting that the observed CCR was not 
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dependent on ccpA. However, the CCR effect was not observed when glucose was added to 
maltose-growing cells containing an HPr mutation (Ser-46-Ala), showing that P-Ser-HPr 
plays a direct role in maltose transport. In Lactobacillus brevis, it was additionally noted that 
the P-Ser-HPr bound to inside-out membrane vesicles containing lactose permease protein.52 
Thus, further evidence was provided that the P-Ser-HPr-dependent allosteric regulation of 
specific transport permeases is involved with inducer exclusion.

In Firmicutes, P-Ser-HPr or P-Ser-crh are also effector molecules for the global transcrip-
tional regulator ccpA, a lacI/galR-family transcriptional repressor protein.54 The binding of 
either P-Ser-HPr55 or P-Ser-crH51,56 induces a conformational change to ccpA, allowing it to 
bind consensus catabolite responsive element (cre) operator sequences and repress transcrip-
tional activity.

Despite this global response mechanism being reported in numerous Firmicutes, using genom-
ics and bioinformatics to identify homologous gene sequences and gene products is a chal-
lenge. First, multiple lacI/galR-family transcriptional repressor paralogs are common within 
any given genome. Thus, differentiating between sequences involved with specific regulation 
and the global-ccpA regulator sequence is difficult to do through sequence homology alone. 
Second, reported cre sequences are not only divergent between strains, but the consensus 
sequences are often degenerate in nature.57–59 Thus, searching for homologous regions in 
specific genomes requires the development of custom scripts, which are not publicly acces-
sible. Given the degenerate nature of the cre consensus sequences, solely homology-based 
findings should be also viewed cautiously in the absence of experimental evidence.

The specific transcriptional control result in CCR is mediated through antiterminator proteins 
containing PTS-regulatory domains (PRDs) (pfam00874) such as the LicT protein in Bacillus 
subtilis.60 In the absence of PTS-transported sugars, Domain 1 of the PRD protein is phos-
phorylated by the EIIB protein of the PTS complex, which prevents dimerization and activa-
tion of licT. In the presence of PTS-transported sugars, Domain 1 of the PRD protein 
dephosphorylates by donating the phosphate back to the EIIB protein. At the same time, 
P-His-HPr phosphorylates Domain 2 of the PRD protein, allowing licT to dimerize and act as 
an antiterminator of the cognate genes under its regulatory control. Although this is a more 
specific mode of regulation than ccpA-dependent regulation, it also allows for the preferential 
use of PTS sugars.48

Understanding CCR in lignocellulosic biofuel-producing microorganisms is an important 
component in identifying and developing strategies toward maximizing carbohydrate 
conversion efficiencies in these organisms. The complexities associated with understanding 
sugar usage regulons in a single organism are further magnified by potential interstrain 
interactions that develop in cocultures and may prove to be a significant challenge in devel-
oping synergistic cocultures. It is possible to imagine how the hydrolysis products of a 
single strain may influence the carbon metabolism profile of the coculture partner differently 
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than the innate hydrolysis capabilities found in the coculture partner itself. For example, 
when grown in monoculture, C. thermocellum is known to hydrolyze xylan, but its inability 
to utilize the resulting products allows for the accumulation of xylodextrins in the fermenta-
tion medium.10 The free xylose or xylodextrins are available for use by an appropriate 
coculture partner, although their usage may be dependent on the simultaneous availability of 
cellulose hydrolysis products (also generated through C. thermocellum-mediated hydroly-
sis), which may exert a CCR effect on the coculture partner. Thus, understanding sugar 
usage preferences, and coupling this knowledge with an understanding of the lignocellulose 
hydrolysis patterns of strains in coculture, may provide valuable insights into strain selec-
tion for coculture design.

Although simple growth studies can be used to identify sugar utilization preferences in 
microorganisms, genomic and expression profiling facilitate the identification of potential 
CCR regulons. Although purely in silico analysis, without supporting experimental data, 
cannot identify which genes are under CCR regulatory control, the identification of hpr and 
crh homologs (and whether or not they are expressed under specific growth conditions) can 
provide insights into molecular engineering targets for purposes of alleviating CCR effects. 
However, it is important to note that although gene deletion of crh is a suitable engineering 
strategy, the multiple roles of HPr in vivo do not allow for a similar strategy for mitigating the 
CCR effects of HPr. HPr knockout strains may alleviate CCR, but they may also simultane-
ously lose the ability to transport sugar through PTS-mediated mechanisms. However, gene 
mutation strategies in which the Ser46 residue is mutated to prevent phosphorylation of HPr 
have proven to be successful approaches to remove CCR effects.39,53

Omics approaches can be a powerful tool in understanding global and specific regulatory 
mechanisms related to sugar usage,42 and the resulting data can be used to make informed 
decisions when designing cocultures. However, phenotypes observed in monoculture may not 
be maintained in coculturing approaches. Thus, it is important that similar omics approaches 
be implemented with cocultures as one approach of understanding interstrain dynamics and 
further improvement of lignocellulosic biofuel production.

Nutrient Complementation in Cellulolytic Cocultures

No naturally occurring organism identified to date is capable of effective depolymerization of 
lignocelluloses and complete utilization of derived soluble oligomers or monomers, which is 
the central theme of CBP. However, robust co-existence of microbial consortia are abundant 
in nature, which accomplish more challenging tasks through mutually beneficial interactions 
between different species such as exchange of growth factor or metabolites.61 Therefore, 
co-culturing strategies are being adopted in which complementary or synergistic phenotypes 
in distinct organisms can improve the conversion of lignocellulose into biofuels and/or 
value-added products.11,16,62–65
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In silico analyses of amino acid synthesis pathways in known cellulose and biofuel-producing 
Firmicutes using the Integrated Microbial Genomics (IMG) database66,67 have been done for 
27 mesophiles, 19 thermophiles, and 4 hyperthermophiles (Table 3) to identify the potential 
for metabolite complementarity for strains in coculture. Among these, glutamine and gluta-
mate are the immediate products of ammonia assimilation and essential nitrogen donors for 
the synthesis of other intermediates. Amino acids are not only protein precursors, but also 
precursors for numerous other crucial compounds, such as polyamines, S-adenosylmethionine, 
pantothenic acid, and nucleotides.68 Very little information is available in the literature for the 
pathways of amino acid metabolism and their regulation. The availability of genome 
sequences has the potential to increase our knowledge of amino acid synthesis in bacteria and 
facilitate development of cost-reduced minimal media.

Most of the selected Firmicutes associated with lignocellulose fermentation are auxotroph 
for l-lysine except C. cellulolyticum H10, C. thermocellum ATCC 27405, C. thermocellum 
DSM 2360, and Caldicellulosiruptor saccharolyticus DSM 8903. All listed mesophilic 
and thermophilic Firmicutes are prototrophic for l-glutamate and l-glutamine and auxo-
trophic for glycine. In the case of l-histidine, only Bacillus pumilus SAFR-032 is proto-
trophic. Analysis showed the presence of l-proline metabolism in very few organisms, 
such as C. phytofermentans ISDg, C. cellulolyticum H10, Cohnella panacarvi Gsoil 349, 
B. pumilus SAFR-032, C. thermocellum ATCC 27405, T. pseudethanolicus 39E, and 
Thermoanaerobacter sp. X514, are prototrophic whereas Clostridiales sp. SS3/4 and 
Ruminococcus sp. 18P13 are auxotrophic. Most mesophilic, thermophilic, and hyperther-
mophilic bacteria are auxotrophic for l-alanine, l-aspartate, l-phenylalanine, l-tyrosine, 
l-tryptophan, l-arginine, l-asparagine, l-cystein, l-isoleucine, l-leucine, l-serine, l-threonine, 
and l-valine (Table 4). However, caution has to be taken when looking at such analyses 
because they can occasionally be misleading. For example, C. thermocellum has been 
shown to grow in amino-acid-free minimal media12,69 despite genomic analyses to the 
contrary. Metabolic interactions and cross-feeding of growth nutrients between some 
biofuel producing cocultures that utilized lignocellulose-derived substrates are briefly 
discussed below.

By culturing on defined minimal media, it was confirmed that C. thermocellum, the fastest 
known cellulose degrader, is impaired of biosynthesizing four vitamins: biotin, pyridoxamine, 
vitamin B12, and p-aminobenzoic acid.69 Cocultures of C. thermocellum with noncellulolytic 
Thermoanaerobacter strains (X514 or 39E) resulted in 194–440% improvement in ethanol 
production in comparison to C. thermocellum monocultures. The presence of a complete 
vitamin B12 biosynthesis pathway in strain X514, in contrast to T. pseudethanolicus 39E, 
allowed the C. thermocellum X514 coculture to produce 62% more ethanol compared with 
the C. thermocellum 39E coculture.62 The significance of de novo B12 synthesis was further 
supported by the realization that the exogenous addition of B12 to culture medium of  
C. thermocellum 39E cocultures showed improved ethanol production comparable to that of 



Omics Approaches for Designing Biofuel Producing Cocultures  349

Table 3: Cellulolytic and noncellulolytic mesophilic, thermophilic,  
and hyperthermophilic Firmicutes

Genome Status Genome Name Temperature Optimum Metabolism

Permanent draft Clostridium alkalicellulosi 
Z-7026, DSM 17461

35 °C Cellulose degrader

Draft Clostridium termitidis CT1112, 
DSM 5398

37 °C Cellulose degrader

Finished Clostridium phytofermentans ISDg 37 °C Cellulose degrader, ethanol 
production, acetate 

producer
Finished Clostridium cellulolyticum H10 35 °C Cellulose degrader

Draft Clostridium cellulovorans 743B, 
ATCC 35296

37 °C Cellulose degrader

Draft Clostridium papyrosolvens DSM 
2782

25 °C Cellulose degrader, xylan 
degrader

Finished Clostridium saccharolyticum 
WM1, DSM 2544

37 °C Cellulose degrader, ethanol 
production

Draft Clostridium carboxidivorans P7, 
DSM 15243

37–40 °C Solvent producer, acetogenic

Finished Clostridium ljungdahlii PETC, 
DSM 13528

37 °C Ethanol production, 
acetogen

Finished Clostridiales sp. SM4/1 40 °C Cellulose degrader
Finished Clostridiales sp. SSC/2 40 °C Cellulose degrader
Finished Clostridiales sp. SS3/4 40 °C Cellulose degrader

Draft Clostridium sp. URNW 37 °C Cellobiose-degrading, 
hydrogen production, 

acetate producer
Finished Butyrivibrio fibrisolvens 16/4 37 °C Cellulose degrader
Finished Ruminococcus sp. 18P13 40 °C Cellulose degrader
Finished Ruminococcus sp. SR1/5 40 °C Cellulose degrader
Finished Ruminococcus albus 7 40 °C Cellulose degrader

Draft Ruminococcus albus 8 40 °C Cellulose degrader
Finished Ruminococcus torques L2-14 40 °C Cellulose degrader
Finished Ruminococcus obeum A2-162 40 °C Cellulose degrader
Finished Ruminococcus bromii L2-63 40 °C Cellulose degrader, ethanol 

production
Draft Ruminococcus flavefaciens FD-1 37 °C Cellulose degrader

Finished Eubacterium siraeum V10Sc8a 40 °C Cellulose degrader
Permanent draft Eubacterium cellulosolvens 6 40 °C Cellulose degrader

Draft Marvinbryantia formatexigens 
I-52, DSM 14469

37 °C Cellulose degrader

Permanent Draft Cohnella panacarvi Gsoil 349, 
DSM 18696

30 °C Xylan degrader

Finished Bacillus pumilus SAFR-032 37 °C Biomass degrader
Draft Clostridium stercorarium BW, 

DSM 8532
65 °C Cellulose and xylan degrader

Finished Clostridium thermocellum ATCC 
27405

60 °C Cellulose degrader, 
ethanogenic

Continued
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Genome Status Genome Name Temperature Optimum Metabolism

Draft C. thermocellum DSM 2360 60 °C Cellulose degrader, ethanol 
production, ethanogenic

Finished C. thermocellum LQ8, DSM 
1313

60 °C Cellulose degrader, ethano-
genic, ethanol production

Finished Clostridium clariflavum EBR 45, 
DSM 19732

55 °C Cellulose degrader

Draft Thermoanaerobacter ethanolicus 
JW 200

60 °C Xylose consumer, ethanol 
production

Finished Thermoanaerobacter pseudethano-
licus 39E, ATCC 33223

65 °C Sugars fermentor, iron 
reducer, ethanol production

Draft Thermoanaerobacter thermohydro-
sulfuricus WC1

60 °C Xylan degrader

Finished Thermoanaerobacter brockii finnii 
Ako-1, DSM 3389

65 °C Saccharolytic

Finished Thermoanaerobacter italicus Ab9, 
DSM 9252

70 °C Saccharolytic

Finished Thermoanaerobacterium 
xylanolyticum LX-11

60 °C Saccharolytic

Finished Thermoanaerobacter sp. X514 60 °C Solvent producer
Finished Thermoanaerobacterium 

thermosaccharolyticum DSM 571
60 °C Cellulose degrader

Finished Thermoanaerobacterium 
saccharolyticum JW/SL-YS485, 

DSM 8691

30–66 °C Xylan degrader

Finished Caldicellulosiruptor lactoaceticus 
6A, DSM 9545

68–75 °C Cellulose degrader, biomass 
degrader, nitrogen producer

Finished Caldicellulosiruptor bescii Z-1320, 
DSM 6725

75 °C Cellulose degrader

Draft Caldicellulosiruptor lactoaceticus 
6A, DSM 9545

68–75 °C Cellulose degrader, biomass 
degrader, nitrogen producer

Finished Caldicellulosiruptor kronotskyensis 
2002

70 °C Cellulose degrader, biomass 
degrader, nitrogen producer

Finished Caldicellulosiruptor saccharolyticus 
DSM 8903

65 °C Cellulose degrader, biomass 
degrader, nitrogen producer

Finished Caldicellulosiruptor kristjanssonii 
177R1B, DSM 12137

78 °C Cellulose degrader, nitrogen 
producer, biomass degrader

Finished Caldicellulosiruptor hydrothermalis 
108

79 °C Cellulose degrader, biomass 
degrader, nitrogen producer

Finished Caldicellulosiruptor obsidiansis 
OB47

79 °C Cellulose degrader, biomass 
degrader, nitrogen producer

Finished Caldicellulosiruptor owensensis OL 79 °C Cellulose degrader, biomass 
degrader, nitrogen producer

Table 3: Cellulolytic and noncellulolytic mesophilic, thermophilic,  
and hyperthermophilic Firmicutes—cont’d
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Table 4: In silico analyses of amino acid synthesis of mesophilic, thermophilic, and hyperthermophilic  
Firmicutes from IMG/ER

Genome Name Lys Glu Ala Asp Phe Tyr Trp His Gly Arg Asn Cys Gln Ile Leu Pro Ser Thr Val

Mesophiles

C. alkalicellulosi Z-7026, 
DSM 17461

– P – – A A A A – A P – P A A – A A A

C. termitidis CT1112, 
DSM 5398

– P P A A A A A A A P – P A A – A A A

C. phytofermentans ISDg – P P P A A A A A P P P P P P P A – P
C. cellulolyticum H10 P P P P A A P A A P P – P A A P A A P
C. cellulovorans 743B, 

ATCC 35296
A P P P A A A A A – P – – A A – – – A

C. papyrosolvens DSM 
2782

– P P A A A A A A – P – – A A – A A P

C. saccharolyticum WM1, 
DSM 2544

– P – P A A A A A – P P – – A – A A –

Clostridiales sp. SSC/2 – P P A A A A A A A P – – A A – A A A
Clostridiales sp. SM4/1 A P A A A A A A A A P A – A A – A A A
Clostridiales sp. SS3/4 – P – A A A A A A A P – – A A A – A A
Clostridium sp. URNW A P – – A A A A A A P – – A A – – – A
Butyrivibrio fibrisolvens 

16/4
– – A P A A A A A A – – P – A – – A –

Ruminococcus sp. 18P13 – P A A A A A A A – – A P A A A A A A
Ruminococcus sp. SR1/5 A P – A A A A A A A P – – A A – – A A

R. albus 7 – P A A A A A A A – P P P A A – – – A
R. albus 8 – P A A A A A A A – P P P A A – – – A

R. torques L2-14 – P – A A A A A A A P – – A A – – A A
R. obeum A2-162 – P – – A A A A A A P – – A A – – A A
R. bromii L2-63 A P – A A A A A A A A – P A A – A A A

R. flavefaciens FD-1 A P A A A A A A A – P P P P A – – A P
E. siraeum V10Sc8a A – A – A A A A A A – – – A A – A A A

E. cellulosolvens 6 – P P A A A A A A A P – – A A – – A A
M. formatexigens I-52, 

DSM 14469
– P – P A A A A A – P – – – A – A A –

Continued
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C. carboxidivorans P7, 
DSM 15243

A P P – A A A A A A P – – A A – – – A

C. ljungdahlii PETC, 
DSM 13528

– P – – A A A A A A P – – A A – A – A

C. panacarvi Gsoil 349, 
DSM 18696

– P – P A A A A A A – – – A A P A – A

B. pumilus SAFR-032 A P P P P P P P A P P P P P P P A P P

Thermophiles and hyperthermophiles

T.ethanolicus JW 200 A P – – A A A A A A P – – A A – A – A
C. thermocellum ATCC 

27405
P P P P A A P A A P P P P – P P A A P

C. thermocellum DSM 
2360

P P P A A A A A A P P P P A A – A A P

C. thermocellum LQ8, 
DSM 1313

– P P A A A A A A – P P P A A – A A A

C. clariflavum EBR 45, 
DSM 19732

– P – A A A A A – – P – – A A – A – A

C. stercorarium BW, 
DSM 8532

– P P P A A A A – – P – P A A – A A A

T. pseudethanolicus 39E, 
ATCC 33223

A P P P P P P A A P P – P – P P A P P

T. thermohydrosulfuricus 
WC1

A P – – A A A A A A P – – A A – A – A

T. saccharolyticum JW/
SL-YS485, DSM 8691

A P P – A A A A A A P – – A A – A – A

Table 4: In silico analyses of amino acid synthesis of mesophilic, thermophilic, and hyperthermophilic  
Firmicutes from IMG/ER—cont’d

Genome Name Lys Glu Ala Asp Phe Tyr Trp His Gly Arg Asn Cys Gln Ile Leu Pro Ser Thr Val

Mesophiles
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T. brockii finnii Ako-1, 
DSM 3389

A P – – A A A A A A P – – A A – A – A

T. italicus Ab9, DSM 
9252

A P – A A A A A – A P – – A A – A – A

T. xylanolyticum LX-11 A P – – A A A A A A P – – A A – A – A
Thermoanaerobacter sp. 

X514
A P P P P P P A A P P – P – P P A P P

T. thermosaccharolyticum 
DSM 571

A P – A A A A A A A P – – A A – A – A

C. lactoaceticus 6A,
DSM 9545

A P – A A A A A – A P – P A A – A – A

C. bescii Z-1320, DSM 
6725

– P – A A A A A A A P – P – P – A – P

C. lactoaceticus 6A,
DSM 9545

A P – A A A A A – A P – P A A – A – A

C. kronotskyensis 2002 – P – A A A A A – A P – P A A – A – A
C. saccharolyticus,

DSM 8903
P P P P A A A A A A P P P – P – A P P

C. kristjanssonii
177R1B, DSM 12137

– P – A A A A A – A P – P A A – A – A

C. hydrothermalis 108 – P – A A A A A – A P – P A A – A – A
C. obsidiansis OB47 – P – A A A A A – A P – P A A – A – –

C. owensensis OL – P – A A A A A – A P – P A A – A – A

A = auxotrophic, P = prototrophic, l-Lysine = Lys, l-glutamate = Glu, l-alanine = Ala, l-aspartate = Asp, l-phenylalanine = Phe, l-tyrosine = Tyr, l-tryptophan = Trp, 
l-histidine = His, Glycine = Gly, l-arginine = Arg, l-asparagine = Asn, l-cysteine = Cys, l-glutamine = Gln, l-isoleucine = Ile, l-leucine = Leu, l-proline = Pro,  
l-serine = Ser, l-threonine = Thr, l-valine = Val.
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C. thermocellum X514 cocultures.70 Exchange of substrate and growth factors was also 
observed between Clostridium strain C7, a mesophilic cellulose degrader, and Klebsiella 
strain W1, a noncellulolytic bacterium. On defined medium, Klebsiella utilized soluble sugars 
released by Clostridium and excreted biotin and p-aminobenzoic acid that were required for 
the growth of Clostridium.71

Two extreme thermophiles, C. saccharolyticus DSM 8903 and C. kristjanssonii DSM 
12137, exhibited a stable coculture on glucose and xylose for 70 days in a chemostat at 
different dilutions. The H2 yield of 3.7 mol/mol glucose obtained from the combined culture 
was higher than those from monocultures by either organism. When C. kristjanssonii was 
grown on glucose with and without the addition of cell-free culture broth of C. saccharo-
lyticus, the lag phase of C. kristjanssonii was shortened with 18% higher biomass yield. On 
the basis of this observation, it was concluded that a growth enhancement compound for  
C. kristjanssonii was supplied by C. saccharolyticus growth supernatant.65 This compound 
is possibly related to the biosynthesis of one or more of the four amino acids l-Aspartate, 
l-leucine, l-valine, and l-threonine because C. saccharolyticus is a prototroph and  
C. kristjanssonii is an auxotroph as revealed by the amino acid metabolism data presented 
in Table 4. However, detailed genomic- and proteomic-level investigation involving the 
amino acid biosynthesis pathways of these organisms is required to confirm such 
assumptions.

Mutually beneficial interactions have been reported between aerobe-anaerobe and chemo-
photoheterotroph organisms.63,72 During an investigation on a stable consortium of five 
bacterial strains, synergistic relationships were detected among an anaerobic cellulolytic 
bacterium (C. straminisolvens CSK1) and two strains of aerobic bacteria (Pseudoxan-
thomonas sp. strain M1-3 and Brevibacillus sp. strain M1-5). The aerobes introduced an 
anaerobic condition whereas the anaerobe supplied metabolites (acetate and glucose), and 
cellulose degradation was more efficient in the presence of these aerobes, resembling perfect 
conditions for symbiosis.72 The cellulosic hydrogen production rate by C. cellulolyticum H10 
doubled with 1.6-times more total accumulation when cocultured with Rhodopseudomonas 
palustris CGA676, a photoheterotrophic facultative aerobe, as a result of the higher (2-fold) 
growth rate and cell density (2.6 fold) of C. cellulolyticum compared with its monoculture. 
Removal of acetate and pyruvate, two major metabolites of C. cellulolyticum, by R. palustris, 
was identified as the beneficial effect of the co-culture that reduced end product inhibition and 
pH drops.63

A sequential culture of Zymomonas anaerobia and C. thermocellum was attempted by 
growing each culture separately for 3 days and then inoculating C. thermocellum cultures 
with Z. anaerobia followed by incubation of the co-culture at 37 °C. Ethanol yield with the 
co-culture on 1% cellulose was almost 9 times greater (2.7 g/L) than the value obtained from 
C. thermocellum alone.73 Ethanol produced by the co-culture from the steam-exploded wood 
fraction was similar to that from equivalent amounts of solka floc.74 Under a high pH 
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environment (pH = 9), synergistic effects of a coculture consisting of C. themocellum and 
Clostridium thermolacticum were studied through fermentation of lignocellulose derivatives 
(xylose, cellobiose, and cellulose) into ethanol. The lag period of fermentation was always 
shorter in this co-culture compared with monocultures and consistently yielded several fold 
more ethanol than monocultures.75 Enhanced production was witnessed by these studies, and 
only cross-feeding of growth substrate could not sufficiently explain the underlying cause. 
Because none of these studies explored the possible sharing of metabolites released by 
co-culturing species, in-depth analyses applying omics tools such as metabolomics is war-
ranted. Indeed, a recent analysis of secreted metabolites in C. thermocellum ATCC 27405 has 
demonstrated significant secretion of a broad range of amino acids into medium when cells 
are grown on Avicel.76 This excretion may facilitate the growth of other organisms in their 
environment, permitting growth of both in a minimal medium.

Interdependence of participants in cellulose-degrading cocultures, as discussed above, mimics 
the syntrophy of anaerobic microflora in a natural environment where the conversion is slow 
but efficient. In addition to enhanced rates of cellulose degradation and biofuels production, 
cross-feeding between co-culturing organisms may allow (1) elimination of vitamins, reduc-
ing agents and/or pH control chemicals from growth medium and (2) utilization of undesired 
metabolites and leftover substrates. In turn, these would result in medium cost-savings and 
waste minimization, which translates to a more economically competitive bioprocess.

Regulation of Microbial Interactions: Quorum Sensing

Quorum sensing (QS) is a process of cell-to-cell communication during which individual 
cells respond to the extracellular signaling molecules called autoinducers or small molecules 
(SMs) by regulating their phenotype.77,78 Microbial cells secrete these SMs into the environ-
ment, and the SMs bind to sensory proteins, causing an effect on the transcription and transla-
tion of certain proteins either directly or indirectly. To regulate various physiological 
functions, this type of control of gene expression in response to cell density is utilized by 
gram-positive and gram-negative bacteria. Although common signal themes exist, there are 
differences in the design of extracellular signals, signal transduction apparatuses, and the 
biochemical pathways related to signal detection that have permitted QS systems to evolve 
accordingly depending on their specific uses. Current studies have shown modulation of 
inter- and intraspecies cell-to-cell communication via QS and further facilitating bacteria to 
architect complex community structures.77

Table 5 summarizes the known QS systems found in Clostridia along with their functional 
regulation. Cell-to-cell signaling among bacterial populations or individuals enables their 
ability to exhibit complex regulatory function. The exchange of dedicated signal molecules 
between or within populations facilitates communication in natural consortia.61 Bacterial 
cells within populations communicate and coordinate growth, whether during infections or 
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in biofilms, by exchanging acyl-HSL signal molecules (gram-negative bacteria) or small 
peptides (gram-positive bacteria).79 The most widespread QS system observed in the Fir-
micutes is the agr signal transduction system. The agr cell-to-cell signaling system is 
evolutionarily conserved across Firmicutes, with its general functional regulations being the 
same in different species, but the individual regulated genes are slightly different.80 Recent 
bioinformatics analysis indicates the occurrence of an agr-type QS system in most of the 
sequenced species of Clostridia, although experimental reports have confirmed only in a few 
species until now.80 Using comparative genomics, an agr-type QS system was predicted to 
be functional in the three strains of Clostridium perfringens ATCC 13124, strain 13, and  
C. perfringens SM101 that also contained an AgrB homologue that is not associated  
with a two-component QS system. Hence, the researchers suggested that a complete two-
component sensing system might be encoded elsewhere in the genome rather than being 
associated with agrB.80 All of the three strains of C. perfringens consisted of a single copy of 
AgrD and two copies of AgrB domains. Further investigations suggested the co-occurrence 
of one of the two paralogues of AgrB with a histidine sensor kinase in C. perfringens ATCC 
13124 and strain 13. An uncharacterized transmembrane protein with conserved sequences 
was found closer to the agr locus in the genome of the three strains. Short open reading 
frames with functional similarity and not detectable sequence similarity to agrD were 
identified in all of the three strains of C. perfringens as well as Bacillus halodurans.80

Table 5: Summary of all of the known different types of QS systems found in Clostridia with its 
specific genes associated with corresponding functional regulation

Microorganism QS System Genes Functions References

Clostridium 
acetobutylicum

Agr agrBCDA
spo0A

Solventogenesis,
sporulation

81–83

Clostridium 
acetobutylicum

Agr agrBCDA Energy storage molecule 
granule formation

81,82

Clostridium perfringens LuxS Luxs/A1-2; pfo Toxin production: a, k, and f 
toxins

84

Clostridium perfringens Agr agrBCDA/spo0A Toxin production: Perfringoly-
sin O and a-toxin; enterotoxin 
CPE and b2 toxin; sporulation

80,85

Clostridium botulinum Agr agr-1
agr-2

Sporulation;
neurotoxin production

86

Clostridium 
saccharoperbutylacetoni-

cum

Agr-like sol Metabolic switch: acidogenesis 
to solventogenesis

87

Thermoanaerobacter 
tencongensis

Agr agrBCDA Biofilm formation 80,88

Desulfitobacterium 
hafniensis Y51

Agr agrBCDA Biofilm formation in cocultures 78,89

Clostridium difficle LuxS Luxs/A1-2; pfo Toxin production and synthesis 
of other virulence factors

77
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Whole genome analysis of different strains of Group I Clostridium botulinum demonstrated 
the presence of two specific agr loci (agr-1 and agr-2), each encoding putative proteins 
similar to AgrB and AgrD of the Staphylococcus aureus agr QS system.86 The genome of 
Clostridium acetobutylicum encodes a peptide-based QS system that involves a putative agr 
locus, agrBDCA, similar to that observed in Staphylococcci.81,90 In C. acetobutylicum, the 
transitional-state regulator abrB has three homologs: abrB0310, abrB1941, and 
abrB3647.83 Recent studies involving full genome microarray analysis have suggested 
abrB0310 could be the true transitional-state regulator, and it showed the highest expres-
sion level just after the onset of sporulation.91 In comparison to B. subtilis, maximum 
expression of abrB is achieved just 2 h before the onset of sporulation.92 The researchers 
speculate that the microarray probe was picking up signals for all of the three genes.91 
Hence, in-depth proteomic analysis is required to confirm the expression profiles of the 
abrB genes.

Comparative genomic study in Caldanaerobacter subterraneus subsp. tengcongensis, 
Desulfitobacterium hafniense Y51, and Moorella thermoacetica ATCC 39070 showed the 
presence of agrB next to a gene encoding the response regulator and a gene that encodes 
histidine kinase, suggesting a functional peptide QS circuit.78,80,88 Desulfitobacteria is 
widely used in anaerobic bioremediation processes because it is known to utilize different 
substances such as metals, sulfite, nitrate, and halogenated compounds as electron accep-
tors. Experiments have shown the occurrence of D. hafniense in a biofilm with sulfate-
reducing bacteria in anaerobic fixed-film reactors.89 If cell-to-cell signaling occurs through 
the expression of the agr locus, then modulation of biofilm formation occurs in cocultures 
of D. hafniense.80

Bacteria in consortia or cocultures can perform cell-to-cell signaling through sharing metabo-
lites. By exchanging metabolic intermediates, the microbes in a consortium could exert 
positive and negative control over each other’s activities. To design a suitable coculture, 
understanding, and potentially engineering, cell-to-cell signaling is an essential process to 
address. Hence, in-depth knowledge of the different components of the QS system and their 
regulation is very essential.

Engineering a signal response system with specific signal molecules could also be used for 
studying bacterial behaviors in a given population or to mimic their interactions under 
controlled physiological conditions. Apart from exchanging specific signal molecules 
between cells, cell-to-cell signaling could also involve the exchange of metabolites involved 
in growth and metabolism.93 Bacterial signaling and metabolism are closely interconnected 
because bacteria are actively striving to enhance their metabolic state with a corresponding 
increase in cell density. Hence, it is very complex to distinguish the regulation of gene 
expression on the basis of signaling function from that of the differential expression of genes 
stimulated by the metabolic activity of the cell.
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Conclusions

The number of isolated organisms with potential for use in lignocellulose fermentation is 
large and still growing. There are many instances in which genomic databases, such as 
IMG,66,67 provide sequence information for organisms that have not been characterized 
beyond an initial isolation paper. With the number of poorly characterized organisms avail-
able for further study, a triage using the sequence information may be useful to focus our 
attention on organisms for which the potential interest may not be as apparent from a quick 
initial characterization. Genomics as a tool to gain insight into the physiology of these 
organisms is still a rather blunt instrument because many of the genes are still somewhat 
poorly characterized, leading to ambiguous annotations, which means that genomic interpre-
tation should still be treated with caution. Despite its current shortcomings, genomic analysis 
can provide some insight into the physiological potential of these Firmicutes. Furthermore, 
whole organism analysis tools such as transcriptomics and proteomics do provide insights 
into the specific complements of gene products available to cells under specific growth 
conditions. Although this knowledge should allow us to better exploit specific organisms, the 
use of monocultures for CBP of specific raw lignocellulosic substrates does limit us to the 
capabilities of that single organism.

The underlying concept in the development of designer microbial consortia for CBP is to 
mimic synergistic physiologies that exist in natural communities while simultaneously 
limiting the complexities so as maintain an operational understanding of the system to ensure 
process consistency. Achieving this is a seemingly daunting task, particularly given that the 
physiology of most lignocellulosic biofuel-producing organisms is poorly understood in 
monoculture, let alone in combination with other microorganisms. However, the increasing 
availability of “omic” data for these strains allows, for the first time, detailed insights into 
global cellular processes that have previously not been possible. Although informative in 
monoculture studies, these data sets can be further mined for the identification of potential 
limitations in biofuel-relevant physiological processes in monoculture, which can be 
addressed through the careful selection of a co-culture partner with complementary physiol-
ogy (e.g., complementary lignocellulose hydrolysis or nutritional requirements).

Natural microbial communities have allowed for individual strains to adopt niche diversifica-
tion and specialization strategies in which survival is dependent on community-level dynam-
ics. A current challenge in moving past purely empirical observations of co-culture 
phenotypes is the lack of understanding of interstrain interactions. Thus, the ability to couple 
omics data sets from experiments from divergent organisms (e.g., GH expression/activity with 
carbon utilization profiles) may explain observed co-culture phenotypes and eventually permit 
predictive insights into the expected phenotype of proposed cocultures. This can be even 
further advanced by improving our understanding of interspecies “cross-talk” mechanisms 
(e.g., QS or signaling molecule production). Understanding the signaling components that 
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induce physiological changes, and being able to manipulate them to better mimic observed 
naturally occurring synergies, may be a significant advancement in improving lignocellulosic 
biofuel production.

In addition, although catabolic processes (e.g., biomass hydrolysis, carbon utilization, end 
product catabolism, etc.) are often the focal point in many lignocellulosic biofuel production 
studies, omics data also allow for a deeper investigation into pertinent anabolic processes. In 
laboratory settings, the functional “role” of microbial communities is replaced by providing 
all components needed for growth in the culture medium itself. However, these have inherent 
disadvantages in terms of cost and process simplification at industrial levels. Coupling 
auxotrophic strains with prototrophic strains for essential anabolic processes may help to 
reduce or even avoid the addition of costly medium components. Identification of these 
anabolic processes can be greatly enhanced through genomics as well as targeted or “deep”-
expression profiling strategies.

The use of omics approaches allows for organisms to be viewed as whole entities and not as 
products of individual physiological processes. In doing so, informed decisions in regards to 
designer co-culture construction may be facilitated to an extent not possible through pure 
empirical experimentation. Further, the implementation of these strategies in co-culture 
experiments, and not just monoculture experiments, can help to unravel some of the complex-
ities associated with interstrain interactions at a depth not previously possible.
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CHAPTER 18

Engineering Synthetic Microbial Consortia 
for Consolidated Bioprocessing of 
Ligonocellulosic Biomass into Valuable 
Fuels and Chemicals
Jeremy J. Minty, Xiaoxia N. Lin
Department of Chemical Engineering, University of Michigan, Ann Arbor, MI, USA

Introduction

Lignocellulosic biomass is an abundant and renewable resource. More than half of the carbon 
in the biosphere is present in the form of cellulose, with approximately 1 trillion tons of 
cellulose synthesized and degraded each year globally.1 Unlike sugarcane or starch-based 
feedstocks, it is possible to produce and use lignocellulosic biomass without affecting food 
supplies. For example, marginal lands unsuitable for food production can provide lignocellu-
losic biomass via harvesting wild vegetation2 or through intentional cultivation of robust 
bioenergy crops such as switchgrass (Miscanthus sp.). In addition to bioenergy crops, many 
underused waste streams are rich in cellulose (such as crop residues and municipal solid 
waste) and could serve as potential feedstocks for biofuel production. It is estimated that the 
United States is capable of sustainably producing 1.4 billion tons of lignocellulosic biomass 
annually, enough to replace 30% or more of our current petroleum consumption.3

Lignocellulose, serving as the primary structural component of plant cell walls, is composed 
of cellulose, hemicellulose, and lignin. Cellulose is a polysaccharide of glucose monomers 
linked by β-1,4 glucosidic bonds, while hemicellulose is a polysaccharide of mixed composition 
and structure, containing a large proportion of pentose sugars linked by β-1,4 bonds. Lignin has 
a complex structure and tends to be hydrophobic with a high proportion of aromatic groups. 
Bioprocessing of lignocellulose into fuels and chemicals typically comprises four main steps: 
pretreatment, saccharification (usually via enzymatic hydrolysis), fermentation of soluble 
hexose (C6) and pentose (C5) saccharides, and downstream processing (e.g., product 
separation) (Figure 1). In the first step, lignocellulosic biomass is subjected to 
mechanical and/or thermochemical treatments to improve digestibility. Pretreatment alters the 
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microstructure of lignocellulosic biomass, often via redistribution or removal of lignin and 
reduction of cellulose crystallinity, leading to improved hydrolysis rates.4 Pretreatment contrib-
utes substantially to overall processing costs. Cellulolytic microbes produce sophisticated and 
synergistic enzyme systems called cellulases and hemicellulases that effectively hydrolyze 
cellulose and hemicellulose, respectively.4 In the saccharification step, cellulases and hemicel-
lulases are used to hydrolyze insoluble cellulose and hemicellulose into soluble C6 and C5 
saccharides, respectively.5 Cellulose is a structurally complex material that is highly recalcitrant 
to degradation, making enzymatic hydrolysis a limiting step in microbial biofuel production.4 In 
the fermentation step, monosaccharide and oligosaccharide hydrolysis products are metabolized 
by microbes into biofuel molecules, such as ethanol.5 Many microbes are unable to metabolize 
pentose sugars, and microbes that are capable of pentose metabolism generally consume these 
sugars diauxically, with hexoses consumed in preference to pentoses.6 Additionally, the toxicity 
of biofuel products and inhibitory compounds present in the feedstock often limits fermentation 
productivity and titers. Achieving cost-effective pretreatment, efficient cellulose hydrolysis, 
co-utilization of hexose/pentose saccharides, and mitigating the toxic effects of biofuel products 
on microbes are all vital requirements for economically viable cellulosic biofuel production.4,6

Microbial conversion of lignocellulose

Cellulose: -1,4 glucose polymer 
Hemicellulose: Branched mixed
sugar (high % pentose) polymer   

1) Pretreatment 

2) Enzymatic
hydrolysis   

3) Microbial fermentation of
C5 and C6 saccharides  

4) Downstream
processing  

Fuels or
Chemicals  

Lignocellulose Hemicellulose

CelluloseLignin

HemicellulasesCellulases
endoglucanase

exoglucanaseC6

C5

-glucosidase

Figure 1
Bioprocessing of lignocellulosic feedstocks into biofuels. Plant clipart from published materials by the 

Office of Biological and Environmental Research of the U.S. Department of Energ y Office of Science.



Engineering Synthetic Microbial Consortia  367

Process configurations for lignocellulosic biofuel production can be categorized based on the 
extent to which the biologically mediated steps (cellulase production, enzymatic saccharification, 
and fermentation of soluble saccharides) are consolidated.4 Most cellulosic biofuel processes 
presently under commercial development use process configurations known as simultaneous 
saccharification and fermentation (SSF) or simultaneous saccharification and co-fermentation 
(SSCF).5 SSF features a dedicated step for enzyme production. Cellulases and hemicellulases 
produced in the enzyme production step are then combined with pretreated biomass and microbes 
for SSF to biofuel. Hexose and pentose saccharides are co-fermented in a single step for SSCF, 
while in SSF, hexose and pentose conversions occur in separate bioreactors. Having a dedicated 
step for enzyme production contributes substantially to total processing costs. Consolidated 
bioprocessing (CBP) is a promising process configuration that integrates all biochemical  
transformations—cellulase/hemicellulose production, saccharification, hexose fermentation, and 
pentose fermentation—into a single step and may thus significantly improve process economics.5 
In addition to reducing processing costs via consolidation, CBP may provide other benefits, such 
as increased hydrolysis rates due to synergy between microbes and enzymes during fermentation.5

Engineering Single Microorganisms to Enable CBP

Since the concept of CBP was developed, the main paradigm in CBP research has been 
engineering microbes that incorporate all required biological functionalities into a single host. 
Two broad approaches are being pursued, the native cellulolytic strategy and the recombinant 
cellulolytic strategy (Figure 2). In the native cellulolytic strategy, anaerobic cellulolytic 

Lignocellulose

C6 Sugars C5 Sugars

Biofuel

cellulases
hemicellulases

Microbes with superior
substrate utilization capabilities

Cellulase production, utilization of C5/C6 sugars
 and oligosaccharides

Microbes with superior biofuel 
production capabilities

High product titers, yields, and tolerance
Production of next-generation fuels

Native cellulolytic strategy
Metabolic engineering to improve 

titers, yields, and tolerance

Recombinant cellulolytic strategy
Expression of heterologous cellulases

Figure 2
Two strategies for engineering a single microorganism for consolidated bioprocessing. (Adapted 

from Ref. 5.).
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microbes (which naturally ferment cellulose to alcohols and mixed organic acids) are engi-
neered to improve alcohol production.5 Most natively cellulolytic species under consideration 
for CBP development produce ethanol. Cellulolytic Clostridia species, including Clostridium 
phytofermentans, Clostridium cellulolyticum, and Clostridium thermocellum, are among the 
best developed native hosts,7 although other anaerobic cellulolytic bacteria and fungi are 
being investigated. The native cellulolytic strategy is hindered by limited molecular biology 
tools for candidate microbes, substantially restricting genetic engineering efforts.7 Strain 
improvement approaches have therefore generally been limited to small-scale metabolic 
engineering efforts to improve ethanol yields (i.e., knocking out competing pathways to direct 
metabolism toward ethanol production) and developing strains with improved ethanol toler-
ance through adaptive evolution.7 Clostridium thermocellum was recently engineered to 
produce ethanol with high titer (38 g/L) and yield (82% of theoretical) from microcrystalline 
cellulose (in co-culture with Thermoanaerobacterium saccharolyticum).8 These results 
represent the current state-of-the-art and are close to projected performance targets for 
economically viable ethanol production (50 g/L titer and 90% theoretical yield).7 However, 
this study did not use real lignocellulosic biomass or industrially relevant culture conditions. 
Additionally, the paucity of genetic tools for C. thermocellum will make it difficult to use this 
species as a platform for production of non-ethanol biofuels. While the native cellulolytic 
approach has mostly focused on ethanol production, C. cellulolyticum was recently engi-
neered to produce isobutanol via a heterologous pathway.9 This study represents an important 
proof-of-concept for producing next-generation biofuels using the native cellulolytic strategy; 
however, the reported isobutanol titer was low (660 mg/L), and C. cellulolyticum has limited 
potential as a CBP host due to poor cellulose utilization.10

In the recombinant cellulolytic strategy, microbes that are amenable to genetic manipulation 
and have good biofuel production properties (e.g., biofuel production strains of Escherichia 
coli, Saccharomyces cerevisiae, Bacillus subtilis, etc.) are engineered to produce cellulases/
hemicellulases.5 Since E. coli and S. cerevisiae have been metabolically engineered to 
produce a variety of biofuel molecules,6 the recombinant cellulolytic strategy could be used to 
produce non-ethanol fuel molecules with desirable properties. However, engineering heterolo-
gous cellulase/hemicellulase production is extremely difficult, because typical cellulose 
systems comprise dozens of different synergistically acting enzymes, which need to be 
co-expressed and secreted from non-native hosts. Numerous proof-of-concept demonstrations 
of the recombinant cellulolytic approach have been reported; however, to date, cellulose 
conversion and product titers/yields remain low.7 The most significant advances in expressing 
heterologous cellulases have been with S. cerevisiae. Several examples of S. cerevisiae strains 
engineered to secrete cellulases and produce ethanol from cellulose have been reported, 
although most of these studies use amorphous cellulose (easily digestible model substrate that 
is much less recalcitrant than real lignocellulose), with the exception of a recent development 
that achieved hydrolysis of microcrystalline cellulose through display of mini-cellulosomes 
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on the cell surface of S. cerevisiae.11 These works have only achieved ethanol titers in the 
range of 1 to 10 g/L, due in part to the difficulty in engineering recombinant cellulolytic 
capabilities.7 Beyond the work done with S. cerevisiae, another notable advancement is the 
development of a B. subtilis strain engineered to secrete cellulase and produce lactate as a 
fermentation product, with titers up to 3.1 g/L and yields 64% of the theoretical maximum. In 
addition to model organisms, there is interest in engineering other biofuel producing microbes 
to express cellulases. For example, the highly ethanologenic bacterium Zymomonas mobilis 
has been engineered to secrete cellulases, with recent work demonstrating ethanol titers up to 
4% (v/v) using NaOH pretreated sugarcane bagasse as a substrate.12 There has also been 
progress in engineering butanologenic C. acetobutylicum to produce extracellular cellulases, 
although to date none of the resulting strains are able to grow on cellulose as the sole carbon 
source.13

Engineered Synthetic Microbial Consortia for CBP

Due to inherent challenges in both the recombinant and native cellulolytic strategies, the CBP 
approach of trying to incorporate all required biological functionalities into a single super-
organism has hitherto proven to be difficult. Despite intensive research efforts spanning 
several decades, there have been few reports of achieving commercially viable product yields 
and titers.5 An alternative approach that has gained rapidly increasing attention in the past 
several years aims to divide the required biochemical functions into different hosts, which 
when co-cultured together form a synthetic microbial consortium capable of single-step 
conversion of cellulose to desired products. This approach is inspired in part by natural 
microorganisms, which play many important roles, ranging from participating in global 
biogeochemical cycles to assisting animals with food digestion,14 and live in synergistic 
multispecies communities where individual species with specialized roles cooperate to 
survive and thrive together.15 In this section, we review the current state-of-art in engineering 
of synthetic microbial consortia for CBP of lignocellulosic biomass to biofuels and 
biochemicals.

Synthetic Consortia of Saccharification and Fermentation Specialists

The two major functionalities required for CBP are saccharification of lignocellulose and 
fermentation of monosaccharide/oligosaccharides into desired molecules. Accordingly, a 
general scheme for enabling CBP using synthetic microbial consortia has emerged that entails 
dividing these two biological functions between two microbial specialists: a saccharolytic 
specialist, which produces saccharifying enzymes to hydrolyze biomass carbohydrates into 
soluble saccharides; and a fermentation specialist, which metabolizes soluble saccharides into 
desired products (Figure 3). From an engineering standpoint, pursuing a microbial consortium 
approach of compartmentalizing each of these functionalities into separate organisms appears 
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to be much more tractable than attempting to integrate all the necessary functions into a 
single host. Selecting a base species/strain for each specialist member of the consortium 
requires careful consideration of organism physiology and engineering requirements. A 
primary criterion for the saccharolytic specialist is efficient cellulase production and overall 
rapid cellulose degradation with minimal nutrition requirements. Choice of the fermentation 
specialist depends largely on the desired final product. For instance, most of previous work 
aimed to produce ethanol and hence used species/strains capable of ethanol fermentation, 
which included both native species and recombinant strains.

The notion of using mixed microbial cultures to convert biomass carbohydrates into fuels or 
other products is not new and has come in and out of vogue in bioprocessing research several 
times over the past few decades. Thus the general approach of using two-member saccharo-
lytic/fermentation (S/F) mixed cultures for direct conversion of biomass carbohydrates has 
been tried a number of times; a number of representative examples are given in Table 1.

Most of these studies focused on the production of ethanol, of which the physicochemical 
properties are suboptimal for motor fuel use. More recently, several works have reported the 
production of n-butanol or isobutanol from cellulose or starch.21–24 Product tiers and yields, 
however, are considerably lower than those achieved for ethanol production. Another 

Lignocellulose

Saccharolytic sp.

Fermentation sp.

Biofuel/chemical

Soluble saccharides

Saccharifying 
enzymes

Bioreactor

Figure 3
General scheme of consolidated bioprocessing (CBP) consortia consisting of saccharolytic/fermen-
tation (S/F) bicultures for CBP of carbohydrates into fuels or other valuable chemicals. The saccha-
rolytic specialist produces saccharifying enzymes that hydrolyze insoluble biomass polysaccharides 
into soluble monosaccharides and oligosaccharides, which are then metabolized by the fermenta-

tion specialist into desired products.
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Table 1: Representative examples of two-member saccharolytic/fermentation (S/F) consortia for producing biofuels from 
carbohydrates

Product Saccharolytic sp. Fermentation sp. Substrate Yielda (g/g) Titer (g/L) Notes and Source

Ethanol Trichoderma reesei 
RUTC30

Saccharomyces cerevisiae 
Y1

Glucose and solka floc 
(cellulose)

0.27 40 Rich media with 
added glucose16

Fusarium oxysporum F3 S. cerevisiae 2541 Sweet sorghum 
(glucose, sucrose, 

lignocellulose)

0.46 49 17

Kluyveromyces fragilis 
LOCK 0027

Zymomonas mobilis 
3881

Jerusalem artichoke 
(inulin)

0.48 99 18

Clostridium thermocellum 
M1570

Thermoanaerobacterium 
saccharolyticum ALK2

Avicel (cellulose) 0.41 38.1 Rich media8

Acremonium cellulolyticus 
C-1

S. cerevisiae ATCC 4126 Solka floc (cellulose) 0.18 46.3 Rich media19

Clostridium 
phytofermentans

S. cerevisiae cdt-1 α-cellulose 0.31 22 20

n-Butanol Bacillus subtilis WD161 Clostridium butylicum 
TISTR 1032

Cassava starch 0.17 6.7 Rich media21

Clostridium thermocellum 
ATCC 27,405

Clostridium saccharoper-
butylacetonicum N1-4

Avicel (cellulose) 0.2 7.9 Rich media22

Clostridium cellulovorans 
743B

Clostridium beijerinckii 
NCIMB 8052

Corn cobs 0.12 8.3 23

Isobutanol T. reesei RUTC30 Escherichia coli NV3 Avicel (cellulose) and 
corn stalks

0.25 1.88 Minimal/no nutrient 
supplementation24

Methyl halide Actinotalea fermentans S. cerevisiae Poplar n/a 0.14 25
aYields given as g product/g estimated total carbohydrates consumed.
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limitation is related to culture conditions and methods that are neither practical nor economi-
cal for industrial biofuel or chemical production. In particular, many studies use rich media 
containing costly supplements (e.g., yeast extract, peptone, amino acids, etc.), and/or use 
model substrates instead of real biomass. Furthermore, some of these works use sequential 
inoculation schemes in which the saccharolytic specialist is cultured on the feedstock for a 
period before inoculating with the fermentation specialist. Such strategies are advantageous 
when the saccharolytic and fermentation specialists have different physiological and environ-
mental preferences and work well in bench-scale systems. However, sequential inoculation 
poses substantial barriers for process scale-up. To achieve the much more desirable simulta-
neous inoculation scheme, one needs to take into account compatibility between the two 
specialists in the overall consortium design. Physiological compatibility is a key determinant—
the consortium members need to grow well and perform their specialized tasks in the same 
environment and therefore must be compatible in terms of preferences for pH, environmental 
redox state, temperature, nutrients, etc. The specialist organisms must also be compatible 
from an ecological standpoint (e.g., neutral or symbiotic interactions with minimal antago-
nism). Additionally, both consortium members should be tolerant to anticipated environmen-
tal stresses (including inhibitors present in the feedstock and accumulation of toxic biofuel 
products). More recent works have started to use these criteria in consortium design and 
engineering; notable examples include a C. phytofermentans–S. cerevisiae consortium for 
cellulosic ethanol production20 and a T. reesei–E. coli consortium for cellulosic isobutanol 
production.24

Other Synthetic Microbial Consortia for CBP

In addition to constructing consortia consisting of cellulolytic and fermentative specialists, 
another emerging approach in developing consortia for biofuel production entails engineering 
specialist strains to secrete different synergistically acting cellulases and/or hemicellulases. 
Such an approach was pursued by Arai et al.,26 Tsai et al.,27 Goyal et al.,28 and Bokinsky 
et al.29 Tsai et al. engineered S. cerevisiae strains to secrete three different cellulases and a 
scaffold protein, which were then combined to form a synthetic consortium (Figure 4(a)).27 
The secreted cellulases assembled extracellularly on the scaffold protein, forming a synergis-
tic cellulosome complex.27 Through the production of extracellular cellulosomes, the consor-
tium was able to convert phosphoric acid swollen cellulose (PASC) to ethanol at yield of up 
to 0.475 g/g (93% theoretical) and titer of 1.87 g/L, using an optimized strain ratio 
(SC:AT:CB:BF) of 7:2:4:2.27 In contrast, a monoculture using a similar enzyme system 
achieved much lower ethanol yields and titers, possibly due to the burden of expressing and 
secreting multiple heterologous proteins in a single host.27 As another example, Bokinsky 
et al. engineered E. coli strains to produce cellulases or xyalanases which could then be 
co-cultured to accomplish simultaneous conversion of both hemicellulose and cellulose29 
(Figure 4(b)). By integrating heterologous pathways for butanol, pinene, or fatty acid ethyl 
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esters (FAEE), consortia of xylanase/cellulase producing E. coli strains were able to directly 
convert ionic liquid (IL) pretreated switchgrass to these respective biofuels.29 While the titers 
and yields achieved in this study are very low, it serves as an important proof of concept of 
using microbial consortia for CBP production of advanced biofuels.

Engineering hexose and pentose specialized microbes, each exclusively metabolizing it’s 
respective carbon source, is another emerging trend in engineering microbial consortia for 
production of biofuels or other chemicals from lignocellulosic substrates (Figure 5). Co- 
cultures of hexose and pentose specialists would be expected to use both types of sugar 
simultaneously (in contrast to sequential utilization, observed in most natural species), thus 
improving the conversion rate of mixed sugars derived from lignocellulosic biomass. This 
approach was reported by Trinh et al.,30 Eiteman et al.,31 Eiteman et al.,32 and Xia et al.33 and 
was also pursued in our group independently during the same period,34 all using E. coli as a 
base species. Eiteman et al. demonstrated that co-cultures of hexose and pentose specialized 
E. coli gave higher rates of fermentation and more complete utilization of glucose/xylose 
mixtures compared to fermentation by a single diauxic E. coli strain.32 Furthermore, the 
hexose/pentose specialist co-culture was able to adapt to fluctuations in feed composition.32

Emerging Methods for Designing and Regulating Synthetic Microbial 
Consortia

Microbial consortia with stable population compositions and function would be highly 
advantageous for industrial bioprocessing and could enable lower-cost process 

Figure 4
Cellulase producing consortia for CBP. (a) An Saccharomyces cerevisiae consortium for assembly of 

synthetic extracellular cellulosome complexes. SC cells surface display scaffold proteins and EC/CB, 
AT, and BF cells secrete cellulases. (Adapted from Ref. 27.) (b) An E. coli consortium for simultaneous 

conversion of cellulose and hemicellulose into pinene, n-butanol, or fatty acid ethyl esters (FAEE). Cells 
harbor plasmids containing oligosaccharide transporters (cel3A or gly43F) and secretable hydrolases 
(osmY-cel or osmY-xyn10B) for either cellulose (pCellulose) or xylan (pXylan). (Adapted from Ref. 29.).
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configurations. For instance, stable microbial consortia could be used in repeated batch 
fermentations (in which a fraction of the previous batch is used as inoculum for new 
batches) or in continuous processes; operating costs of these configurations are generally 
lower compared to standard batch fermentation. In contrast, microbial consortia with 
unstable population compositions could at best only be used in standard batch processes, 
and each batch would require preparation of individual inoculum cultures. It is widely 
acknowledged that stability, robustness, and control of population composition remain 
key challenges in engineering synthetic consortia.15,35–37 Addressing these challenges 
requires additional consideration of ecological interactions within engineered consortia. 
In this section, we discuss emerging methods for population regulation in synthetic 
consortia.

Synthetic Cell–Cell Signaling

Several natural signaling systems have been co-opted for use in engineered genetic circuits, 
thus enabling synthetic intercellular communication. Some noteworthy examples include a 
synthetic predator-prey system (AHL signaling),38 multicellular Boolean logic gates  
(S. cerevisiae α factor signaling),39 and an oscillatory circuit synchronized across an entire 
cell population (AHL and H2O2 signaling).40 Synthetic intercellular communication has even 
been extended to interspecies and interkingdom signaling; for example, Weber et al. used 
acetaldehyde-based signaling between and among mammalian, bacteria, yeast, and plant cells 
to engineer several demonstration synthetic ecosystems.41 Synthetic cell–cell signaling 
represents a valuable tool for engineering synthetic microbial consortia. To date, synthetic 
intercellular communication has been used to construct canonical ecological and logic 
systems for proof-of-concept and fundamental study, but there are few reports of using 
synthetic signaling in consortia for biotechnology applications, despite much potential. One 
key challenge is that synthetic genetic circuits are subject to mutational inactivation, which 
often occurs in relatively few generations of growth depending on the size and host burden of 

Pentose specialist

Hexose specialist

Hexose

Pentose

Biofuels or
chemicals 

Lignocellulosic
Biomass 

Enzymatic
hydrolysis 

Figure 5
General scheme of consortia for co-fermentation of pentose and hexose sugars. (Adapted from 
additional reference: Kerner, Alissa R. (2013) Design, Construction, and Application of Synthetic Microbial 

Consortia. PhD dissertation.).
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the circuit.42 As a result, consortia with programmed intercellular communication are fre-
quently highly unstable and often cannot be cultivated outside of microfluidic devices, 
because larger cell populations increase the probability of competitive loss-of-function 
mutants.37,43 These stability issues need to be addressed before consortia with synthetic 
intercellular communication can be developed for bioprocessing applications.

Synthetic Ecologies

As a complement to synthetic genetic circuits and signaling, it is possible to engineer syn-
thetic microbial consortia in which populations interact via ecologically stable motifs. By 
incorporating designs with ecological and evolutionary stability, such systems may stably 
persist over long time scales. Furthermore, in principle it should be possible to tune popula-
tion compositions by modulating ecological interaction parameters (e.g., genetically or 
through environmental manipulation). One broad means of achieving ecological stability is to 
engineer mutualistic interactions between consortia members, wherein the different consortia 
members are interdependent on one another. There are a number of symbiotic interaction 
topologies that could be used to design synthetic consortia. Some examples relevant to CBP 
applications include sequential substrate utilization, co-utilization of substrate, substrate 
transformation, and product transformation (Figure 6).36

Figure 6
Symbiotic interaction schemes for designing biofuel producing consortia. (a) Energy balance for 
single biofuel producing microbe. (b) Interdependencies that could give rise to stable consortia 
(dual cultures shown for simplicity). Inhibitors and activators are generalized representations of 

various types of molecules such as quorum sensing (QS) signals and exchanged metabolites. 
(Reprinted with permission from Ref. 36. Copyright 2012 Springer.).



376  Chapter 18

In sequential substrate utilization, one species metabolizes substrate to waste products that 
serve as substrate for a second species; in product transformation, the second species co-
utilizes both the primary substrate and waste products (Figure 6(b)).36 Sequential utilization 
and product transformation interactions can be mutualistic if the waste products produced by 
the first species are toxic, because the first species provides substrate for the second, while 
the second species aids the community by removing toxins. The product transformation 
approach was demonstrated by Bayer et al. in engineering a consortium for production of 
methyl halides from cellulose; the cellulolytic microbe Actinotalea fermentans ferments 
cellulose to toxic waste products ethanol and acetate, which are in turn converted to methyl 
halides by an engineered S. cerevisiae strain that also presumably co-utilizes cellulose 
hydrolysis products (Figure 7(a)).25 Bernstein et al. used the sequential utilization scheme in 
engineering a two-member synthetic E. coli consortium, in which a primary producer 
metabolizes glucose to acetate and other waste products, while a glucose-negative E. coli 
strain consumes them (Figure 7(b)).44 The consortium has higher biomass productivity 
compared to monocultures of either member strain, illustrating the mutualistic nature of the 
system.44 While the product transformation and sequential substrate utilization motifs used 
in these two examples are expected to be stable, neither of these studies examined popula-
tion dynamics over long time scales.

In addition to the interaction topologies shown in Figure 6, cross-feeding, in which species are 
obligately interdependent on one another for nutrients or growth substrates, represents another 
important class of ecologically stable interactions; substrate transformation (Figure 6(b)) is a 
specific instance of this general topology. As an example, Shou et al. engineered synthetic 
cross-feeding symbiosis between two S. cerevisiae strains.46 In another noteworthy example, 
Kerner et al. engineered a tunable symbiotic system in which two auxotrophic E. coli strains 
cross-feed each other (Figure 7(c)).45 The equilibrium population of this system depends on 
the growth requirements and export rates for the two cross-fed amino acids; by modulating 
amino acid export rates, Kerner et al. were able to tune the co-culture composition.45 This 
study demonstrates that ecological parameters can be adjusted to tune the population composi-
tion of a synthetic consortium.

The synthetic consortia discussed above are all based on cooperative interactions between 
different species or strains. Other stable interaction topologies are also possible. For instance, 
game theory suggests that cooperators and cheaters can stably coexist. This type of co- 
existence was observed in a synthetic S. cerevisiae ecosystem growing on a disaccharide 
sucrose.47 One S. cerevisiae strain produces periplasmic invertase for hydrolyzing sucrose 
into glucose/fructose that can support growth of the whole population and thus serves as a 
cooperator; a second S. cerevisiae strain feeds on the hydrolysis products without bearing the 
cost of making invertase, fulfilling the role of a cheater (Figure 8(a)). However, periplasmic 
localization of invertase leads to increased glucose/fructose concentrations near cooperator 
cells, thus affording them privileged access (Figure 8(a)). Gore et al. demonstrated in this 
study that cooperator-cheater co-existence is possible if (1) cooperators have privileged 
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access to hydrolysis products, and (2) fitness benefits are a concave function of the substrate 
concentration.47 Inspired by this work, Minty et al. exploited the cooperator–cheater dynam-
ics in a synthetic consortium consisting of a saccharolytic fungus T. reesei and a genetically 
engineered E. coli for CBP production of isobutanol.24 In this system, cellulase synthesis and 

Figure 7
Synthetic consortia based on mutualistic interactions. (a) Product transformation system for conver-

sion of cellulose to methyl halides. (Reprinted with permission from Ref. 25. Copyright 2009 American 
Chemical Society.) (b) Two-member synthetic E. coli consortium for sequential degradation of glucose. 
(Reprinted from the additional reference below under a Creative Commons Attribution License. Bernstein, H. C. S. 

D. Paulson, et al. (2012). “Microbial Consortia Engineering for Cellular Factories: in vitro to in silico systems.” 
Computational and Structural Biotechnology Journal 3(4): e201210017 (Figure 2B, pg 3)) (c) Tunable symbiosis 
between two E. coli strains auxotrophic for tryptophan and tyrosine. Equilibrium population composi-
tion depends on the growth requirements and export rates for each amino acid; by controlling amino 
acid export rates (via transcriptional regulation of plasmid-based exporters or pathways), population 

composition can be tuned. (Reprinted from Ref. 45 under a Creative Commons Attribution License.).
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secretion by T. reesei is cooperative because it is metabolically expensive, and T. reesei does 
not have exclusive access to hydrolysis products; whereas E. coli behaves as a cheater by 
using hydrolysis products without bearing the burden of cellulose production (Figure 8(b)). 
The two conditions for coexistence are satisfied by concave growth kinetics (i.e., Monod 
kinetics) and increased glucose concentration at the T. reesei cell surface due to hydrolysis of 
soluble oligosaccharides by cell wall-localized β-glucosidases (Figure 8(b)). It was shown 
that cooperator–cheater dynamics in this consortium led to stable population equilibria; in 
addition, it also provided a mechanism for tuning the consortium composition.24 This work 
illustrated the power and potential of using ecology theories in the engineering of CBP 
consortia. We expect this approach to be further pursued by the research community, and a 
more diverse range of promising ecological designs for synthetic microbial consortia will 
emerge.

Elucidation for Engineering

Beyond proof-of-concept design and construction, synthetic microbial consortia require 
extensive optimization to reach optimal performance. At this stage, understanding the physi-
ology of individual members and the intrinsic ecological interactions is crucial. It is widely 
observed that the behavior of an organism depends on the environmental context. In the case 
of synthetic consortia, it has been reported that the same species/strain can exhibit remarkably 
different phenotypes in the presence of other species in an “artificially” assembled consor-
tium, compared to those in a monoculture under ideal conditions. For instance, Minty et al. 
observed that a genetically engineered E. coli strain capable of high-titer and high-yield 
production of isobutanol from glucose delivered suboptimal performance when it was teamed 

Figure 8
Cooperater-cheater co-existence. (a) A synthetic Saccharomyces cerevisiae consortium feeding on 

sucrose. (Reprinted with permission from Ref. 47. Copyright 2009 Nature Publishing Group.) (b) A synthetic 
Trichoderma reesei–Escherichia coli consortium converting cellulose to biofuel. (Adapted from Ref. 24.).
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up with fungus T. reesei in a medium that contained cellulose as the sole carbon source, in 
part due to loss of plasmids used to overexpress native and heterologous pathways.24 This 
example highlights the importance of engineering microbial strains under conditions repre-
sentative of co-cultures. To facilitate this process, it is important to elucidate the physiological 
and metabolic state of specialist members in the consortium. Of various tools that can prove 
valuable for such investigations, omics approaches, as detailed in Chapter 13, can be particu-
larly useful. As a remarkable example, Chignell et al. conducted quantitative proteomics on 
an artificial co-culture consisting of Gram-negative Pseudomonas putida KT2440 and Gram-
positive Bacillus atrophaeus ATCC 9372; it was found that out of more than 1100 proteins 
that could be identified across pure and co-culture samples, several tens to more than 100 
proteins were upregulated or downregulated in co-cultures compared to pure cultures for each 
species.48 This recent study illustrated the power of omics approaches as well as the complex-
ity of molecular–level interactions in synthetic microbial consortia. Differential expression 
patterns identified from such investigations can be used to generate hypothesis regarding the 
interactions of consortium members, which will ultimately contribute to the rational optimiza-
tion of synthetic consortium for desired performance criteria.

Concluding Remarks

The past several years have seen accelerating progress in the engineering of synthetic micro-
bial consortia for CBP of lignocellulosic biomass into fuels and chemicals. These works have 
demonstrated the potential of an alternative strategy for biofuels and microbial engineering 
and provide valuable foundations for future research. To enable real-world large-scale appli-
cations, however, this technology will require substantial further development to reach high 
efficiency and robustness. A fast growing suite of tools and approaches, particularly for 
understanding and exploiting the complex interactions and dynamics in microbial consortia, 
are emerging to achieve this goal. Ultimately, we envision that synthetic microbial consortia 
will become increasingly important in industrial bioprocessing and other biotechnology 
applications; it is likely that this strategy will lead to the most cost-effective route for biosyn-
thesis of many different fuels and chemicals from lignocellulosic biomass.
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Introduction

To convert biomass components into hydrocarbon fuels, it is obvious that there are two main 
transformations that need to occur, deoxygenation and carbon chain extension. As shown in 
Figure 1 the heating values of components that can be made from biomass have much lower 
heating values than gasoline, jet, and diesel fuel components, and this is, of course, because 
of the higher oxygen contents of the biomass components. In addition, the majority of the 
biomass components have six carbons or fewer in their structures because they are made from 
the hexoses and pentoses present in the cellulose and hemicellulose in biomass, and so have 
fewer carbons than the hydrocarbon components in gasoline, jet, and diesel fuels. The poten-
tial routes for decreasing the oxygen content of biomass intermediates include dehydration, 
hydrodeoxygenation, and decarboxylation. Figure 2 compares the H/C ratios and O/C ratios 
for bioproducts to those of hydrocarbon components in gasoline, jet, and diesel fuels. The 
orange arrows in Figure 2 indicate the direction in which these ratios would change for the 
three deoxygenation reactions. Conversion of glucose into polyhydroxybutyrate (PHB) and 
then propene is a pathway that uses the decarboxylation route to produce a hydrocarbon. 
Because the hydrocarbon that is formed is an alkene, it can be oligomerized into hydrocar-
bons with chain lengths that are suitable for blending into any of the major transportation 
fuels. Patents2,3 already exist for converting propene into trimers and tetramers that would 
make suitable gasoline and jet fuel components, and with further research, it should be 
possible to make hexamers that would be suitable for diesel fuel.

The conversion of polyhydroxyalkanoates (PHA) to alkenes appears promising because 
there are several microorganisms that incorporate high levels of PHA (up to 80% of dry cell 
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mass) as a form of energy storage molecule to be metabolized when other common energy 
sources are not available. PHAs are synthesized by more than 140 different genera of 
Eubacteria and a few members of the Halobactericeae family of Archaea4,5 and can have 
alkyl chains ranging from 3 to 16 carbons long. These microorganisms synthesize PHAs 
and deposit these polyesters as cytoplasmic granules. These PHA-producing microorgan-
isms have been found in a range of environments, including soil, marine, sewage, microbial 
mats, and groundwater aquifers.6,7 Among the aliphatic polyesters, PHAs are one of the 
most attractive due to their excellent thermoplastic-like physical properties and inherent 
biodegradability. This ability makes them a viable green substitute for current fossil fuel-
based thermoplastics (e.g., polypropylene) that are recalcitrant to any type of microbial 
action and can persist in the landscape for decades. Rehm et al. showed that the composi-
tion of PHA depends to a large extent on PHA synthases, the carbon source, as well as the 
metabolic routes.8

As potential feedstocks for fuels, PHAs have the advantage over sugars of having a lower 
degree of oxygenation. Our research is aimed at determining the most efficient routes for 
converting PHA into liquid fuels. To that end, we are working on the development of 

Figure 1
Heating value and carbon number of glucose (green square (Light grey in print version)) and 

biomass components (blue squares (dark grey in print version)) compared to gasoline, jet, and 
diesel fuel components (red squares (black in print version)). The biomass components were mostly 

those described in the report on the top value-added chemicals from Biomass Volume I.1
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chemical transformation routes that efficiently convert PHA into fuel products. The majority 
of our work has focused on the PHA polyhydroxybutyrate (PHB), which is a short-chain 
length (scl)-PHA consisting of a C4 repeat unit including a methyl group side chain. It is one 
of only a few commercially available PHAs.

Thermal breakdown of PHA proceeds via an intermediate carboxylic acid, which can then be 
decarboxylated to an alkene. Literature in the field of thermochemical conversion of biopolyes-
ters into smaller fragments is sparse.9–11 Literature on fatty acid decarboxylation relevant to 
biofuels is also limited. Heterogeneous catalysts, platinum and palladium on activated carbon 
(Pt/C and Pd/C), have been used in water at near critical conditions to decarboxylate lipid fatty 
acids in good yields (>90%).12,13 Watanabe et al. demonstrated that metal oxide catalysts (CeO2, 
Y2O3, ZrO2) enhance the decarboxylation of the fatty acids to alkenes, whereas alkali hydrox-
ides (NaOH and KOH) enhanced the decarboxylation of some fatty acids to alkanes.14 Fischer 
et al. demonstrated the direct production of propylene, a basic industrial building block, via the 

Figure 2
van Krevelen diagram of glucose and cellulose (green squares (light grey in print version)), bioprod-
ucts (blue squares (black in print version)) and hydrocarbon fuel components (red squares (dark 
grey in print version)). Orange arrows indicate the direction of change in H/C and O/C ratios for 
products of glucose that undergo decarboxylation, hydrodeoxygenation (HDO), and dehydration 
reactions. The biomass components were mostly those described in the report on the top value-

added chemicals from Biomass Volume I.1
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hydrothermal decarboxylation/reforming of PHB without the need for an external hydrogen 
source with yields approaching 50% (mol/mol) of propene.15 However, all these (hydrothermal) 
decarboxylation reactions were conducted in water at temperatures up to 400 °C (subcritical to 
supercritical conditions) and pressures approaching 4000 psi (>25 MPa). It has been our goal to 
demonstrate the production of propene without the use of water, which would eliminate the high 
pressures observed in the above work, so that scale-up could become a realistic possibility.

The overall reaction pathway for converting glucose to hydrocarbons via PHB and CA is 
shown below as Scheme 1:

Experimental Section
Chemicals and Catalysts

CA was purchased from Sigma–Aldrich with a purity of 98%. Poly(3-hydroxybutyric acid) 
was also purchased from Sigma–Aldrich (no purity claim).

Stainless Steel Tube Reactor

Reactions were performed using a stainless steel tube reactor with a measured internal volume 
of 74 mL that was heated in a fluidized sand bath. Two shutoff valves were connected to the 
top of the reactor, one attached to a pressure gauge that allowed measurement of the postreac-
tion pressure, and the other connected directly to sampling bags (SKC-West Inc., Houston, 
TX) to collect the produced gases. A thermocouple was inserted through the top of the reactor 
and permitted measurement of the temperature within the reactor. The reactant was added to 
an open glass tube, which was inserted into the reactor. The steel reactor was sealed and then 
leak tested using an inert gas to verify a good seal prior to the reaction. Any air was removed 
from the reactor by pressurization and depressurization with the inert gas. The reactor was 
submerged into the fluidized sand bath for a predetermined time and temperature. There was 
no agitation of the mixture during the reaction. At the end of each experiment, the reactor was 
rapidly quenched in an ice water bath until it reached room temperature. At this point, the 

Scheme 1
Proposed route for transforming sugars into PHB and then into a hydrocarbon fuel component.
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pressure in the reactor and temperature were noted, and then the generated gas was collected 
in a gas sampling bag for subsequent GC analysis. Any product remaining after the reaction 
was washed from the reactor with methanol, including anything coating the inside of the 
reactor and the outside of the glass tube. The wash was evaporated to dryness with nitrogen to 
get the weight of the fraction and to prepare it for analysis.

Gas Analysis

Gas samples were analyzed by gas chromatography using an Agilent 7890A GC system 
equipped with a GS-Q column (J&W, length 30 m, ID 0.53 mm). The injection temperature 
was 250 °C. Helium served as the carrier gas. The temperature of the column oven was 
increased at a rate of 20 °C/min from a temperature of 35 °C (held initially for 3 min) to 
135 °C. The concentrations of propene and CO2 were quantified by use of an external stan-
dard (mixture of 1% propene and 1% CO2 in N2; Air Liquide). Various volumes of the 
mixture were injected into the GC to establish a six-point calibration curve. A secondary 
standard (Air Liquide, 3% propene and 3% CO2 in N2) was used to verify the initial calibra-
tion. The mole fraction of each gaseous product was determined from the gas concentrations, 
and the volume of gas injected on the GC. The molar yield of each gas was calculated from 
this mole fraction multiplied by the total moles of gas produced divided by the initial moles 
of CA used in each reaction.

PHB Analysis

The PHB content of bacterial cells was determined by a quantitative method that uses HPLC 
analysis to measure the quantity of CA formed by acid-catalyzed depolymerization of PHB.16 
Briefly, PHB-containing dried bacterial cells (15–50 mg) were digested in 96% H2SO4 (1 mL) 
at 90 °C for 1 h. The reaction vials were then cooled on ice, after which, ice-cold 0.01 N 
H2SO4 (4 mL) was added followed by rapid mixing. The samples were further diluted 20- to 
150-fold with 0.01 N H2SO4 before analysis by HPLC.

The concentration of CA was measured at 210 nm using an HPLC equipped with a photodiode 
array detector (Agilent 1100, Agilent Technologies, Palo Alto, Calif.). A Rezex RFQ Fast Acids 
column (100 × 7.8 mm, 8 μm particle size, Phenomenex, Torrance, Calif.) and Cation H+ guard 
column (BioRad Laboratories, Hercules, Calif.) operated at 85 °C were used to separate the CA 
present in the reaction solutions. The eluant was 0.01 N H2SO4 at a flow rate of 1.0 mL/min. 
Samples and CA standards were filtered through 0.45 μm pore size nylon membrane syringe 
filters (Pall Corp., East Hills, NY) prior to injection onto the column. The HPLC was controlled 
and data was analyzed using Agilent ChemStation software (Rev.B.03.02).

The amount of unreacted PHB remaining in the methanol reactor wash could be measured by 
the same method. Unreacted CA could be quantified by direct analysis using the HPLC method.
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Microbial Production of PHB
Strains

Cupriavidus necator DSM 428, DSM 542 and DSM 541 were purchased from the European 
DSMZ Culture Collection. The strains were maintained in 40% glycerol at −80 °C.

Cultivation of strains in shake flasks

For the seeding culture, the strains were first grown in 10 mL of Lysogeny Broth (LB) in 
100 mL baffled flasks, cultured at 160 rpm and 28 °C. After 1 day, a 10% inoculum from the 
first seeding culture was transferred to the second LB seeding culture with a volume of 
100 mL and cultured under the same conditions as above. After 1 day, a 10% inoculum was 
added to 1.0 L of PHB fermentation media in a 2.8 L flask and incubated in a shaker at 28 °C 
and 160 rpm for 5 days. PHB fermentation media were composed of different carbon sources 
fructose, glucose, or fructose plus glycerol, at 10, 20, or 40 g/L with 1.0 g/L NH4Cl and 
0.5 g/L yeast extract. Two milliliters aliquots of broth were taken daily for cell dry weight 
(CDW) measurement and PHB analysis.

Fermentation in 5-L bioreactor

Cupriavidus necator DSM 428 PHB production was carried out in a 5-L BIOFLO 3000 (New 
Brunswick Scientific, Edison, NJ) batch bioreactor. A seed culture was inoculated from a 
single colony into 50 mL of culture media (pH 7.0), incubated at 28 °C and 200 RPM, and 
then transferred after 24 h of incubation into 400 mL of fresh media. The secondary seed 
culture was subsequently transferred into the NBS BIOFLO 3000 bioreactor (4.0 L), where 
the fermentation was controlled at 28 °C, 30% OD, 200 RPM, and pH 7.0. Thirty-five millili-
ters samples were taken at regular time intervals over a period of 120 h for analysis of optical 
density (OD600), offline pH, CDW, and PHB content. Optical density was measured in the 
linear range of a Cary 4000 spectrophotometer, and the CDW was determined by freeze 
drying the cell pellet from each time point. These data were used to determine bacterial 
growth rate, and grams PHB yield/gram cell dry weight.

Results and Discussion
Thermal Decarboxylation of Crotonic Acid

Initially our goal was to find conditions that would give high molar yields of propene from 
the thermal treatment of CA. Decarboxylation of CA was found to occur in high yield  
(65–80%) by thermal treatment at 400 °C for 15 min without catalyst or solvent. Similar 
yields of decarboxylation products were also observed in 10 min at 450 °C. At 350 °C, 
propene and CO2 yields increased from 20 to 60% as reaction time increased from  
15 to 60 min (Figure 3). At 300 °C, CA decarboxylation products were not observed until 
60 min reaction time (yields <10%), and none was observed at 250 °C.
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Thermal Depolymerization and Decarboxylation of Commercial PHB

Earlier results had shown that PHB could be thermally depolymerized at 280 °C producing 
CA monomer, and linear oligomers (dimer and trimer) having crotonyl end-groups. No higher 
oligomers were noted. This showed that depolymerization of PHB occurs below 300 °C 
without the use of a catalyst.

Our next goal was to demonstrate that the depolymerization and decarboxylation steps could 
be combined so that PHB could be simply converted to propene and CO2 in a single step. The 
experiments starting with PHB proceeded similarly to those using CA. As can be seen from 
the results in Table 1, similar yields of propene and CO2 were obtained from PHB as had been 
obtained from CA. These reactions were performed as before without the use of a catalyst or 
solvent, just by thermal treatment. Much of our research has focused on the decarboxylation 
step because this is believed to be the rate limiting step, but these results show that the 
depolymerization and decarboxylation steps can be combined so that propene can be pro-
duced directly from PHB polymer.

Microbial Production of PHB

PHAs are synthesized by microorganisms to serve as intracellular storage molecules for 
carbon resulting from the limitation of a nutrient, such as nitrogen, phosphate, etc.17 In some 

Figure 3
Effect of time and temperature on formation of CA decarboxylation products.
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bacterial strains, PHA can account for up to 80% of cell mass.18 PHAs are synthesized by 
many types of living organisms mainly bacteria, including Cupriavidus necator (formerly 
known as Ralstonia eutropha), Bacillus spp., Pseudomonas spp., Rhizobium spp., etc.19,20 
Accordingly, the carbon sources metabolized by these strains also vary and include fructose, 
glucose, sucrose, fatty acids, glycerol, molasses, etc. Among the strains, C. necator has been 
most extensively studied and seems to be the most effective organism for producing PHB on 
an industrial scale.21 To test the concept that whole cell mass containing PHB could be 
directly converted to propene, we chose to use the strain, C. necator DSM 428 and its deriva-
tives, which have high growth rates and can accumulate high PHB contents, up to 70 to 80%.

Initially Cupriavidus necator DSM 428 was used to study cell growth and PHB production in 
shake flasks. By doing so, a general picture of the fermentation of this strain was obtained.  
C. necator DSM 428 metabolized fructose well; however, it was found to only take up glucose 
slowly. To use biomass-derived sugars, another strain C. necator DSM 542, a mutant of DSM 
428, was introduced to try to get high cell density and PHB content in a shake flask using 
glucose as substrate. In addition, to check if cell components other than PHB could have some 
background contribution to propene and CO2 production, another mutant of C. necator DSM 
428, i.e., C. necator DSM 541, which is a PHB-synthesis negative strain, was also cultured 
and the cell mass was collected to be used as a control in thermal conversion reactions.

Production of PHB in C. necator DSM 428 using a 5-L bioreactor

Initially production of PHB from C. necator DSM 428 was studied in shake flasks using 
fructose (40 g/L) as the carbon source. It was found that PHB could be successfully grown on 
fructose, yielding cell mass at about 1.5 g/L with PHB content of ∼65% (dry basis) after 96 h.

To achieve a higher cell density and collect additional cell mass with high PHB content 
for use in thermal conversion reactions, the fermentation was scaled up in a 5-L bioreac-
tor. Cell growth and PHB accumulation were determined and are shown in Figure 4.

Although this fermentation was not optimized, it is clear that C. necator DSM 428 produces 
PHB from fructose with a high PHB content (up to 75% of the total cell mass) making it a 
realistic candidate for further study. A key element will be to produce PHB on process 
relevant carbohydrate streams such as glucose and xylose.

Table 1: Thermal treatment of CA and PHB (15 min reaction time; at least five replicate reactions)

Substrate Temperature (°C) Pressure (psig)a Propene Yield (molar %) CO2 Yield (molar %)

CA 350 23 ± 3 19 ± 3 15 ± 7
CA 400 76 ± 2 74 ± 6 74 ± 3

PHB 350 24 ± 1 22 ± 3 20 ± 2
PHB 400 71 ± 7 70 ± 7 78 ± 6

aAutogenic pressure measured at 25 °C after thermal treatment.
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Fermentation of C. necator DSM 541 bacterial control

As PHB is only produced when there is an excess of carbon source C. necator DSM 541, was 
grown with solutions containing only 1% and 2% fructose solutions. Under these conditions, 
cell mass accumulated with zero PHB storage, giving the desired background control for the 
PHB thermal conversion reactions.

Fermentation of C. necator DSM 542 using glucose as substrate

Cupriavidus necator DSM 542 is a mutant of C. necator DSM 428, engineered to use glu-
cose. However, the uptake of glucose by this mutant was obviously slower than fructose 
uptake, as the 48 h growth test indicated (see Table 2). Since our goal is to use biomass-
derived sugars to produce PHB, our focus will be on C. necator DSM 542 and other glucose-
using strains, such as Alcaligenes eutrophus NCIMB 11599. It has been reported that this 
glucose-using strain can produce high concentrations of PHB (121 g/L), with a maximum 
PHB content reaching 76% of dry cell weight. The productivity was reported as 2.42 g/L h 
and a yield of 0.3 g PHB/g of glucose (63% yield on a stoichiometric basis).22

Figure 4
Production of PHB in Cupriavidus necator DSM 428 using fructose as the carbon source in a 5.0-L 

fermentor.

Table 2: Growth of Cupriavidus necator DSM 428 and DSM 542 on fructose and glucose at 48 h

Strains

Cell Growth (OD600)

On Fructose On Glucose

C. necator DSM 428 5.02 0.54
C. necator DSM 542 4.46 2.69
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Thermal Depolymerization and Decarboxylation of PHB Containing Bacterial Cells

For a process converting PHB to propene to have any chance of being economically viable, it 
is essential that the process work not only on isolated PHB, but also on the PHB in whole 
cells. Isolation of PHB from the bacterial cell mass prior to the thermal conversion reaction 
would likely make the process too expensive for commercial production of propene. As can 
be seen in Table 3, significant yields of propene were obtained by thermal treatment of  
C. necator cells containing PHB. Thermal experiments on C. necator 428 containing various 
amounts of PHB resulted in the production of propene and CO2. At 350 °C, yields of 14% 
propene and 52% CO2 were obtained in 15 min. At 400 °C, C. necator 428 gave propene 
yields of 60 to 70% and CO2 yields more than 100%, based on the PHB content of the cells. 
The propene yields were only slightly lower than were obtained with pure CA or PHB, 
whereas the CO2 yields were much higher, probably due to the conversion of other cell 
components. A negative control was treated thermally at the same conditions, and this pro-
duced a significant amount of CO2 but no propene, confirming that all propene generated 
comes from PHB and that other cell components do not breakdown to give propene, but will 
breakdown to give CO2.

Conclusions

It has been demonstrated that CA, the depolymerization product from PHB, can be effectively 
decarboxylated to propene at molar yields of about 70%, using a relatively simple thermal 
treatment at 400 °C for 15 min. This has been accomplished by direct treatment of solid CA 
without use of water or another solvent, and without use of a catalyst. Pressures (about 180 psi 
at the reaction temperature) generated by this process are just those of the gases, propene and 
CO2, produced by the process. Furthermore, we have demonstrated that PHB depolymerization 

Table 3: Thermal treatment of PHB-containing Cupriavidus necator (15 min reaction time)

Substrate
Cell Wt 

(g)
PHB Content 

(%)
Temperature 

(°C)
Pressure 

(psig)
Propene Yield 

(molar %)
CO2 Yield 
(molar %)a

Negative Control—Cells with Zero PHB

Cupriavidus 541 
(shake flask)

0.50 0 400 7 0 0.71 μg/0.5 g

PHB-Containing Cells

Cupriavidus 428 
(shake flask)

1.0 56 350 17 14 52

Cupriavidus 428 
(shake flask)

0.64 38 400 21 61 133

Cupriavidus 428 
(5-L fermentor)

0.50 65 400 28 69 118

aYield based on PHB content of cell mass, except for the negative control experiment, in which the yield was based on cell 
weight because the control did not contain PHB.
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to CA can be combined with CA decarboxylation so that propene is produced in similar yields 
by direct thermal treatment of pure PHB at 400 °C. Furthermore C. necator containing PHB 
has been produced and used to test the direct conversion of PHB in bacterial cells. The yields 
(60–70 molar %) of propene from whole cells were slightly lower than from CA or pure PHB, 
but still acceptable. Importantly, propene was obtained from whole cells demonstrating that an 
expensive process step to isolate PHB from the cells was unnecessary.

Figure 5 shows a proposed process flow diagram for the production of hydrocarbons from 
sugars via a route that first involves the conversion of sugars into PHB that is then depolymer-
ized and decarboxylated to propene. A critical task for the further development of this process 
will be the technoeconomic evaluation of the proposed process, to determine if it is feasible to 
produce hydrocarbons at a reasonable cost by this route and to determine the critical technical 
targets that need to be achieved to meet the desired cost goal.
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